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Abstract
Observing the processes of life that occur in all cellular organisms at the level of
single molecules has allowed a deeper understanding of the dynamic processes
taking place in complex biological systems. There has been a strong growth in the
application of molecular biophysics to visualize in real time the behaviour of single
molecules within a reaction, transforming our perception of the molecular processes
that occur within a cell.
A multitude of proteins participates across the genome to support the processes of
replication, transcription, translation, repair and recombination. The continuous
interplay of these proteins on the DNA produces unavoidable physical conflicts that
have their own impact on genomic stability. Beyond the complexities of the cellular
processes that involve DNA as a reaction partner, the duplex is also constantly
exposed to DNA-damaging agents as a result of environmental factors such as UV
radiation and oxidative stress. It comes as no surprise that replisomes frequently
stall and dissociate because of encounters with DNA damage or tightly-bound
protein-DNA complexes. In bacteria, such genomic instability can result in the
genetic changes that drive antibiotic resistance evolution. Genomic stability is
maintained through pathways that ensure continued replication by minimising the
frequency or impact of collisions and identifying and repairing stalled forks.
The methodologically diverse toolkit of single-molecule biophysics has been used to
address a wide range of questions related to complex protein machineries.
Specifically, this thesis highlights the application of single-molecule fluorescence
methods to visualize and characterize DNA and the proteins that interact with it. In
addition, it describes methodological advances that have been made to utilize linear
DNA substrates to uncover protein dynamics.
The overall goal of the projects described in this thesis was to design protocols and
workflows for the production of linear DNA substrates which are (1) easily
customizable to adjust for different experimental parameters and (2) which could be
utilized to address a diverse range of biological questions, with a key focus on the
6

controlled introduction of specific chemical lesions. This protocol was employed in
support of answering a specific question: How do polymerase exchange dynamics
affect lesion bypass mechanisms? This thesis focuses on the protein dynamics that
occur at the replication fork in the context of roadblocks and lesions. For the first
time, we observe replisome collisions with site-specific cyclobutane pyrimidine dimer
lesions on linear substrates at the single-molecule level. This assay presents an
exciting avenue to unveil further details of replication stalling and restart.
Furthermore, this assay can be adapted to introduce a diverse range of roadblocks,
to study dynamics of repair proteins at replication forks and observe the behavior of
other replisome complexes.
Classical biochemical and single-molecule techniques have provided insight into the
proteins and macromolecular complexes responsible for rescue of stalled DNA
replication forks. While the majority of studies have employed a reductionist
approach in focusing on functions of isolated enzymes, recent work has started to
explore the reconstitution of multiple-protein complexes of replication and repair
pathways on single molecules of DNA. As we gain more knowledge of the dynamics
and mechanisms observed at the single-molecule level, we will see emerging a more
detailed picture of the molecular steps associated with the rescue stalled forks. This
thesis represents an important step towards that more refined understanding.
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Overview | Thesis outline
DNA is the basis for life on Earth. It functions as a store for all genetic
information required by an organism to control and maintain the essential processes
of life. The journey to understand how the cell duplicates this information began with
the discovery of the double helical structure of DNA in 1953 [17, 18]. The chemical
and self-complementary nature of DNA implied how the sequence-based information
contained in the nucleotides could be copied during DNA replication and repaired
after DNA damage. In 1958, Meselson and Stahl published their observations
demonstrating that the process of DNA replication is semiconservative [19]. Several
years later, Cairns [20] showed that DNA replication in Escherichia coli (E.coli)
begins at a single locus in the circular chromosome and that synthesis occurs on a
structure containing two arms – termed a replication fork. Together, these
observations implied the existence of a replication complex that is loaded onto a
specific genomic location, termed the origin and subsequently progresses along the
DNA. The replication complex first unwinds the parental strands and then
synthesizes new daughter strands using the parental DNA as a template. In the
following 40 years after the publication of the double-helix structure, many of the
individual proteins and protein complexes of the prokaryotic replisome were
identified and characterized. The identification and characterization of these
essential replication proteins was largely achieved by classical biochemical
approaches whereby active proteins were purified to near homogeneity from crude
cell extracts and subjected to specific in vitro DNA replication assays. By using this
reductionist approach many of the underlying mechanisms of DNA replication and
putative functions of these replication proteins were uncovered [reviewed in 6, 21,
22].
Using the bacterial replisome from E. coli as a model organism, decades of
careful research have identified the structure and functions of many core replisome
subassemblies (Fig. i). Initiation of replication by the replisome results in the
formation of a replication fork, the point at the DNA template from which synthesis
of the two daughter strands occurs. First, parental duplex DNA is unwound by the
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homohexameric DnaB helicase which translocates along the lagging strand template
in a 5'–3' direction. Once the template DNA is unwound into two single strands, a
short RNA primer is synthesized by the primase DnaG [23]. Following this, the DNA
polymerase III holoenzyme (Pol III HE), responsible for DNA synthesis is loaded.
The Pol III HE is made up of 10 of the 13 different proteins within the replisome [24].
Each Pol III HE is comprised of three core polymerases (αɛθ), the toroidal β2 clamp
and τ3δδʹψχ clamp loader complex (CLC) which acts as a central organizer of the
replisome and loads the β2 clamp onto the DNA. Nascent strand synthesis is carried
out by αɛθ, which synthesizes DNA only in the 5'– 3' direction [25]. The β2 clamp
encircles the DNA and provides binding sites for αɛθ [26]. Once assembled, the E.
coli replisome achieves remarkable speeds, approaching rates close to 1000 nt/s
(nucleotides per second) [27] with remarkable precision (only one mutation for every
106 to 107 nucleotides incorporated) [28].
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Figure i | The structural design of the Escherichia coli replisome derived from both in vitro
and in vivo studies: The replisome is made up of a DnaB helicase to unwind the dsDNA and a Pol
III HE, which synthesizes dsDNA from the ssDNA template. A β2 sliding clamp tethers the core
polymerase (αɛθ) to DnaB to ensure processivity while the CLC loads the β2 clamp onto RNA primer
junctions. DnaG primase synthesizes of an RNA primer, once on the leading strand and multiple
times on the lagging strand. The lagging strand is synthesized in a series of Okazaki fragments while
the leading strand is made continuously. The single-stranded DNA binding protein, SSB, keeps the
parental strands apart. Not shown in this figure, DNA polymerase I replaces the RNA primers with
DNA while DNA ligase A joins the fragments to form an adjoining chain [Figure reproduced from 6].
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Decades of classical biochemical techniques have provided a wealth of
knowledge, revealing the enzymatic activities of components within the E. coli
replisome. Replication has been defined as a process divided in a series of wellorchestrated discrete steps. This notion has been driven by ensemble
experimentation which has over-simplified the replication model as a calculated and
defined concept. Dynamic behaviours that govern transitions through multiple
conformational states of the process have been difficult to measure using these
traditional techniques, due to the averaged outcome of results. Single-molecule
based approaches have filled this gap, allowing for structural dynamics and transient
intermediate states to be visualized and captured, contributing to the greater
understanding of DNA replication mechanisms.
Visualization of DNA and the interactions that occur on it by single-molecule
approaches has expanded rapidly in the past few decades. Chapter One focuses
on single-molecule fluorescence methods to visualize DNA and reviews a few key
areas of development and evolution of the toolkit established to understand the
dynamics of DNA. From single-molecule imaging techniques to visualization of
different dynamics on long DNA molecules to DNA labelling probes and
methodology, this chapter provides a general introduction of visualizing DNA at the
single-molecule level.
Single-molecule studies using long linear DNA substrates have revealed
unanticipated insights on the dynamics of multi-protein systems. Chapter Two
provides an overview of recent methodological advances in the construction of linear
DNA substrates and highlights the versatility of these substrates by describing their
application in different single-molecule fluorescence techniques. With a focus on in
vitro reconstituted systems insights from key experiments on DNA curtains, DNAbased molecular motor proteins, and multi-protein systems acting on DNA that relied
on the use of long linear substrates have revealed dynamic and stochastic behaviour
of biomolecules.
Generalized methods can be exploited to generate and optimize a variety of
long linear DNA substrates with plasmid DNA being a simple starting point to create
18

these substrates. Chapter Three outlines the protocol used to generate high-quality
plasmid-based 36-kb linear DNA substrates that support DNA replication by the E.
coli replisome. This substrate can be used to visualize replisome–lesion encounters
at the single-molecule level, providing mechanistic details of replisome stalling and
dynamics occurring during replication rescue and restart.
Encounters of the replisome with unrepaired DNA damage can lead to
replication stalling or collapse. Several studies have explored lesion bypass
mechanisms of a variety of different lesions on the different template strands of DNA.
Taking into account the uncovering of the dynamic nature of the replisome where
polymerase exchange is facilitated, the question arises: how do these polymerase
exchange dynamics affect lesion bypass mechanisms? Chapter Four utilizes the
linear DNA substrates with site-specific CPD lesions constructed in the previous
chapter in an attempt to answer this question. Here we visualize protein dynamics
that occur upon collision of the replisome with these lesions. The findings from this
chapter will motivate future work and goals to further unveil details into
understanding replication stalling and restart.
Moving away from linear templates but still on the topic of roadblocks Chapter
Five looks at an alternative roadblock through repurposing of catalytically inactivated
Cas9. This novel targetable protein–DNA roadblock is useful for studying
mechanisms underlying enzymatic activities on DNA substrates in viral, bacteria,
and eukaryotic replication in vitro.
Encounters of the replication machinery with unrepaired DNA damage can
lead to replication stalling or collapse. In some cases, the replisome can bypass the
lesion, leading to the formation of a post-replication gap. The RecF protein is
involved in recombination as part of the RecFOR pathway, focusing on single-strand
gap repair. Chapter Six explores the function of the RecF protein at the replication
fork. The single-molecule DNA replication assays observe that the addition of low
concentrations of RecF protein triggering gap formation, alluding to interactions of
RecF with proteins at in the replisome.
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Finally, examining the eukaryotic replisome Chapter Seven uses real-time
fluorescence microscopy to visualize replication kinetics and quantify protein
dynamics of individual Saccharomyces cerevisiae replisomes. The study illustrates
how changing local concentrations of key DNA polymerases tunes the ability of the
replication complex to efficiently recycle these proteins or to dynamically exchange
them.
In conclusion, this thesis focuses on the protein dynamics that occur at the
replication fork in the context of roadblocks and lesions. Exploring these dynamics
on linear substrates reveals the need for the development of better protocols to
construct linear substrates for single-molecule studies. The key outcome of this work
is the assay developed to explore the role of exchange dynamics play in the
overcoming of DNA lesions and facilitation of lesion bypass. This thesis presents
many possible pathways in utilizing the linear DNA substrate assay revealing
proteins dynamics, presenting some fascinating and exciting opportunities.
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Chapter 1 | Shining a spotlight on DNA: Single-molecule
methods to visualize DNA
Gurleen Kaur, Jacob S. Lewis and Antoine M. van Oijen
The ability to watch single molecules of DNA has revolutionized how we study
biological transactions concerning nucleic acids. Many strategies have been
developed to manipulate DNA molecules to investigate mechanical properties,
dynamics and protein–DNA interactions. Imaging methods using small
molecules and protein-based probes to visualize DNA have propelled our
understanding of complex biochemical reactions involving DNA. This review
focuses on summarising some of the methodological developments made to
visualize individual DNA molecules and discusses how these probes have
been used in single-molecule biophysical assays.
Published in Molecules, 30th January 2019
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1.1 Introduction
The development of physical tools to study biological processes on DNA with
high resolution has yielded unprecedented insight into the molecular mechanisms
that define life. An array of methods have been developed to allow for the
visualization and manipulation of individual DNA molecules. Many of these
advancements have been driven by our quest to understand how DNA is read,
copied, stored and protected inside cells. Progress through technical innovations
and multi-disciplinary research efforts combining chemistry, molecular biology
and microscopy have provided detailed snapshots of the inherent molecular
structure, dynamics and roles DNA adopts during biochemical reactions. In
particular, studies of DNA replication have benefited greatly from single-molecule
fluorescence

microscopy,

where

information

obtained

from

traditional

methodologies is combined with single-molecule imaging. This marriage of
information has led to many significant breakthroughs and subsequently has
challenged our understanding of how these multi-protein complexes operate on
DNA. To introduce this review, first, a few words on why single-molecule DNA
studies are important, especially given the considerable effort required to carry
them out. So why study DNA molecules with single-molecule sensitivity when it
is often easier to study averaged populations in solution-phase experiments? It
is clear that a wealth of knowledge may be extracted from ensemble-based
methods examining the averaged properties of DNA. However, detailed
understanding of short-lived intermediate states in complex processes or rare
events simply cannot be gained by looking at an ensemble of DNA molecules.
Further, it is not possible to directly examine the dynamics of DNA transitioning
from an inactive state/complex to an active state/complex when only a small
fraction of molecules exist in a particular state at a given moment. Only singlemolecule-based approaches are able to probe the heterogeneity of molecular
behaviours across a population without the need to trap intermediate states,
synchronize reactions or infer transitions from one discrete conformation to
another. Over the last two decades, a variety of single-molecule techniques have
been developed to examine DNA in isolation and within the context of biological
processes. These techniques include: atomic force microscopy [29], magnetic
tweezers [30], optical monitoring of fluorescent probes [31, 32], single-molecule
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fluorescence resonance energy transfer (smFRET) [33] and tethered-bead flow
stretching [7]. Each technique has limitations, whether it is throughput, time
resolution, or the modifications of DNA required to visualize particular processes
or conversions between states. For example, in smFRET DNA molecules need
to be modified to have fluorophores attached at specific distances. The
attachment of fluorophores might require complex chemical reactions or the
purchase of expensive functionalised oligos. More often than not, these
limitations are inherent to the physical or temporal selectivity needed in order to
resolve single DNA molecules and adequately study them. Due to the diffraction
limit, and the use of fluorophores that emit photons in the visible spectrum (400–
700 nm) molecules typically need to be separated more than ~200 nm apart, to
be able to spatially separate them. Generally, this means localising DNA in a
discrete volume, so it can be physically separated and distinguished from other
molecules. Localization is frequently carried out by attachment of DNA to a solid
surface (i.e., beads, glass or proteins) and confinement to a microfluidic channel
controlled by flow, electrochemical gradients or lasers. Moreover, depending on
the time resolution of the experiment or type of data being collected, (i.e., realtime, staged or end-point), it is important to precisely track individual target
molecules over time. In doing so, detailed information can be extracted from
single-molecule time trajectories at a level of detail that is otherwise hidden in
conventional ensemble studies. Access to these particular details has been made
possible through the development of sensitive electron-multiplying chargecoupled device cameras, software/algorithm development, and improvement of
conjugation chemistry, preparation of new fluorescent chemical compounds and
reconstitution of complex multi-protein complexes. After the publication of the
structure of the double helix [17, 18], attention was focused on understanding the
role of nucleic acids in biological processes, specifically those that use DNA as a
template. It was not surprising that these efforts resulted in methodological
advancements to achieve the direct visualization of single DNA molecules.
Electron microscopy (EM) was at the forefront of these methodological
developments. Building on work from William and Wyckoff [34], Hall and later
Griffith established shadow-casting EM as an ideal technique to visualize
individual DNA molecules in isolation and bound to specific protein complexes [3,
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35] (Fig. 1.1). Intensive research using EM over the next two decades resulted in
numerous high-resolution DNA structures. Through interpretation of these highresolution static snapshots, researchers realized that DNA molecules vary in
structure across whole populations and that DNA exists in different types of
shapes and topological forms, depending on its origin and what biological
processes were acting on it. Although continued progress and tool development
in EM has rapidly expanded in the intervening thirty years, the challenges remain
the same. How can we select individual DNA molecules and study their
behaviours to better understand the structures and dynamics across entire
populations? Furthermore, how do we reconcile these behaviours in the context
of complex biochemical reactions, such as DNA replication?

Figure 1.1 | Visualizing DNA molecules using electron microscopy. An electron micrograph
generated by shadow-casting electron microscopy of multiple DNA polymerase proteins bound
to individual DNA molecules [reproduced with permission from 3].

Visualization of DNA and the transactions that occur on it by single-molecule
approaches has expanded so rapidly that it is not possible to comprehensively
review all of it. Therefore, with a focus on single-molecule fluorescence methods
to visualize DNA, this review will use a small number of representative areas of
study to explore the development and evolution of the impressive toolkit that has
been developed to understand the dynamics of DNA. Moreover, we will
contextualize these fluorescence-based tools in studying the molecular details
fundamental to DNA replication. These toolkits are broadly divided into those
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which detect single DNA molecules using the binding or attachment of small
molecules and those which utilize enzymatic activity or binding (Fig. 1.2).

Figure 1.2 | Overview of different fluorescent probes developed to detect single DNA
molecules using single-molecule fluorescence microscopy. (From left to right) DNA binding
dyes such as YOYO-1 and SYTOX Orange (SxO) remain largely non-fluorescent in solution and
become highly fluorescent upon interaction with the bases in DNA, enabling direct visualization
during complex biochemical reactions. Fluorescently labelled proteins such as single-stranded
binding proteins (SSB) provide a method to visualize long pieces of single-stranded DNA. Modified
nucleotides such as 5-bromo-2-deoxyuridine can be incorporated directly into the newly synthesised
DNA and labelled by treatment with fluorescently labelled antibodies. Fluorescent dye molecules
such as Cy3 and Cy5 can be installed at specific positions in the DNA used in single-molecule

fluorescence resonance energy transfer (smFRET) studies to monitor conformational dynamics.
DNA methyltransferases (MTases) are able to recognise specific sequences within DNA and
covalently link fluorescently labelled cofactors to generate high-resolution optical maps of large DNA
fragments.

1.2 Visualization of DNA dynamics and topological
intermediates
Single-molecule fluorescence microscopy has allowed unprecedented
examination of the dynamics of DNA in solution. By coupling fluorescence
microscopy with the ability to localize individual DNA molecules, many
unanswered questions in DNA polymer dynamics and topology have been
revisited. As DNA itself has no fluorescent properties that can be exploited for
single-molecule detection, it must be “stained” to be detected. Typically,
fluorescent ligands that intercalate between base pairs or bind into the helical
grooves are used. The first real-time visualization of single DNA molecules,
carried out by Morikawa and Yanagida [36] by staining the double-stranded (ds)
DNA isolated from T4 bacteriophage with DAPI, allowed for different structural
transitions to be observed. However, the poor spectroscopic and binding
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properties of standard dye molecules such as DAPI made it difficult to obtain highquality images of single DNA molecules. The development and commercial
production of new dsDNA-binding dyes that remained largely non-fluorescent in
solution and displayed large increases in their fluorescent quantum yield upon
binding DNA have revolutionized single-molecule imaging of DNA. Of particular
note are two dye molecules: YOYO-1 and SYTOX Orange (SxO). Both YOYO-1
and SxO have transformed our capacity to carry out detailed single-molecule
studies of DNA, both in isolation and within complex biochemical reactions.
Therefore, in the following paragraphs we will describe the properties of YOYO1 and SxO that make them invaluable to studying DNA at the single-molecule
level. Moreover, we will discuss milestone studies that utilized YOYO-1 and SxO
during investigations of DNA dynamics and topological intermediates.
1.2.1 YOYO-1
YOYO-1, a dimeric bis-intercalator, was rapidly adopted by the singlemolecule biophysics community due to its attractive kinetic and fluorescence
properties. YOYO-1 is a cyanine dye emitting fluorescence in the green portion
of the spectrum. YOYO-1 is largely non-fluorescent in solution and interacts with
dsDNA with high affinity (KD = 5–50 nM, depending on ionic strength) [37-39][13–
15]. Binding to dsDNA results in a 1000-fold increase in fluorescence intensity.
The subsequent increase in the signal-to-background ratio allows for easier
detection of DNA molecules. Since the development of YOYO-1 by Rye et al.
[40], the dye has been successfully used to study dynamics of individual
molecules of phage genomic DNA in solution [41] and the mechanisms of motion
of large DNA molecules during constant-field and pulsed-field gel electrophoresis
[42], as well as visualizing the contour lengths of elongated DNA [43]. The use of
YOYO-1, however, is not always fully compatible with all experimental conditions.
While binding tightly to dsDNA, YOYO-1 requires long incubation times and high
temperature to obtain homogeneous DNA staining [44]. In experimental designs
geared towards single-molecule fluorescence real-time imaging, the dye binds
rather slowly to individual DNA molecules (~5 min for every 40 nM of YOYO1)[38]. Like all intercalating fluorescent dyes, photocleavage of the DNA as a
direct result of irradiation with laser light during single-molecule imaging
represents a challenge [45-47]. This type of DNA damage occurs once the
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fluorophores are excited, as they may undergo intersystem crossing, generating
free radicals such as reactive oxygen species (ROS). These free radicals can
then attack the DNA phosphate backbone to produce various forms of oxidative
photo damage, resulting in single-strand breaks. It is the accumulation of singlestrand breaks in the DNA that can lead to double-strand breaks and loss of the
DNA from the surface in single-molecule experiments. Consequently, imaging
chemistries are continuously being developed to mitigate this effect, by designing
ROS scavenging systems and new fluorescent probes [48]. A successful
approach is enzymatic systems that reduce the concentration of oxygen in
solution,

such

as

glucose

oxidase/catalase

[49],

protocatechuic

acid/protocatechuate-3,4-dioxygenase [50] and pyranose oxidase/catalase [51].
1.2.2 SYTOX dyes
SYTOX dyes were originally designed and marketed for staining dead
cells and come in a range of colors [52]. More recently, SYTOX dyes have been
used for single-cell and single-molecule fluorescence experiments [47, 53-55]. In
particular, SxO, a cyanine dye, has rapidly become the gold standard for
visualizing DNA at the single-molecule level. While the exact structure of SxO is
proprietary, it is reported to be monomeric and to intercalate when binding to
dsDNA [56]. SxO has several key advantages over other fluorescence DNA dyes
such as YOYO-1. SxO exhibits a >1000-fold increase in fluorescence upon
binding dsDNA, while showing little base selectivity. SxO also has relatively high
binding and dissociation rates [57, 58], allowing equilibrium to be achieved
immediately after introduction of the dye to the DNA. The high binding and
dissociation rates also minimize the number of photobleached dye molecules
bound to DNA, as photobleached dye molecules will quickly disassociate and get
replaced. These properties make SxO (and SxG [48]) superior to YOYO-1 when
measuring fluctuations or topological changes in DNA.
1.2.3 Polymer Physics with Single DNA Molecules
DNA is frequently used as a model system to study physical principles of
polymer behaviour as it is large enough to visualize its shape at the singlemolecule level, yet small enough such that thermal fluctuations dominate its
motion. Intensive research over many decades resulted in numerous
mathematical models to describe the concentration-dependent arrangement of
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polymers in solution and the snake-like motion of polymers, aptly termed reptation
[59, 60]. It was not until a series of landmark single-molecule studies were
conducted by the Chu lab in the 1990s that a number of important models and
hypotheses concerning the elastic and dynamic properties of DNA were
experimentally tested and verified [61]. These experiments relied on YOYO-1 to
stain individual DNA molecules bound to microbeads, which were then
simultaneously manipulated by optical tweezers. By precisely tracking the
molecular fluctuations of individual DNA molecules, Chu and colleagues were
able to directly observe the tube-like motion of DNA in entangled solutions of DNA
[62]. These observations were critical in establishing the idea of “molecular
individualism”, where identical molecules in the same initial state will choose
several distinct pathways to a new equilibrium state [63, 64]. Finally, using a
cross-slot microfluidic chamber, Schroeder and co-workers [29] were able to track
the equilibrium extension of individual DNA molecules in extensional flow and
characterize their viscoelastic properties. This work enabled the first direct
observation of polymer conformation hysteresis.
1.2.4 Knotted DNA
DNA of short length (less than the persistence length of ~50 nm) is a very
stiff polymer. However, in cells where it is present in much longer forms (up to
many centimetres), it displays a much larger degree of flexibility and
conformational freedom, making it highly susceptible to self-entanglement and
knotting [65-67]. Knots in DNA can occur as byproducts of fundamental biological
processes,

such

as

transcription,

DNA

replication,

recombination,

topoisomerization and compaction [68-71]. Production of DNA knots has been
achieved in vitro using high electric fields [72], topoisomerase enzymes [70, 73]
DNA recombinases [68, 74], cyclization of linear DNA molecules, and most
notably, through manipulation by optical tweezers [75, 76]. Traditionally, EM has
been used to image knots with high resolution. Thus, analysis of EM micrographs
has allowed visualization of numerous, well-defined types of DNA knots
generated under various conditions within a product population [77, 78]. While
EM enabled detailed studies into the types of DNA knots present under various
conditions, no information concerning the mobility of DNA knots was available.
Using YOYO-1 stained bead–DNA–bead dumbbells manipulated by optical
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tweezers, Bao and colleagues developed a system capable of tying several knots
into individual DNA molecules and observing their dynamic behaviour, one knot
at a time [76]. Mechanically knotting DNA with beads at either end meant the
DNA was kept under a fixed tension, making localized knot properties
independent of the length of DNA. By directly imaging confined DNA molecules
containing knots, they demonstrated that knots are able to diffuse via a reptation
mechanism. Moreover, the measured knot diffusion constants were correlated
with knot complexity. More recently, however, studies aimed to understand the
motion of knots along DNA has intensified, growing with the development of DNA
sequencing applications that enable reads several tens of thousands of bases
long. Given the technical challenges associated with quantifying knot mobility at
the nanoscale, many of these studies have been computer simulations [79].
Recently, however, direct quantification of knot motions on unmodified single
DNA molecules has been reported. Using T-shaped microfluidic channels and a
divergent electric field, Klotz and colleagues were able to create knotted DNA
with different topologies and track their movement over time [4] (Fig. 1.3A). This
novel experimental approach confirmed previous theoretical predications that
DNA knots are able to diffuse along uniformly stretched chains, be driven towards
the ends of the molecule and untie [80]. Moreover, by increasing the electric field,
thus increasing tension, knot diffusion slowed. At higher tensions (Weissenberg
number = 1.9), the knots jammed, possibly through intramolecular friction [4, 81].
Overall, these results are consistent with previous studies showing knots moving
along nanochannel-confined DNA [82] and knots sliding along DNA as they
translocated through nanopores [83].
1.2.5 DNA Supercoiling
Today, we understand that DNA is topologically polymorphic, that is, it can
exist in many different structural forms. One of these forms, the supercoil, was
first illustrated by Vinograd and co-workers [84] in EM micrographs of circular
DNA from polyoma virus. These micrographs revealed the presence of multiple
intertwined loops. These loops, also called plectonemes, play an important role
in the function of DNA inside the cell; for example, the destabilization of certain
DNA sequences [85] and bringing together of distant DNA loci such as
transcriptional enhancers or promotors [86, 87]. While high in resolution, the static
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snapshots generated by EM left many unanswered questions about the dynamics
of plectonemes—are they static? How do they nucleate, grow and shrink?
Mechanistic insights into the dynamics of DNA supercoiling and the effects of
related DNA-processing enzymes that change the state of supercoiling have
remained largely speculative, mainly due to the lack of appropriate experimental
tools required to effectively study these dynamic behaviours. Single-molecule
magnetic tweezers, however, have proven an ideal experimental approach to
study DNA mechanics, as they allow twisting and application of a precise
stretching force. However, these single-molecule techniques measure the endto-end extension of DNA, providing limited structural information. Dynamic
manipulation of DNA using magnetic tweezers was first demonstrated by Strick
et al. [88], where a DNA molecule was torsionally constrained between a glass
slide and a superparamagnetic bead. A pair of magnets pulled the bead vertically
toward the magnets and DNA was supercoiled through the rotation of the bead.
As the length of DNA decreased with the twisting of the bead, plectoneme
nucleation was observed. However, it was not until the coupling of singlemolecule magnetic tweezers with fluorescence imaging that the dynamics of
plectonemes could be directly observed. Pioneering work by the lab of Dekker
resulted in the development of a magnetic tweezers apparatus that pulled on
SxO-stained DNA molecules sideways while simultaneously visualizing them
[11]. In this supercoiled DNA, bright fluorescent spots reflected high local DNA
density, consistent with the existence of plectonemes (Fig. 1.3B). Plectonemes
moved along DNA by diffusion, or unexpectedly, by a fast ‘hopping’ process that
facilitated very rapid long-range plectoneme displacement by nucleating a new
plectoneme at a distant position. These findings have important implications for
the processes that take place across genomic DNA, such as the regulation of
gene transactions, sequence searching during DNA recombination or enhanceractivated gene expression.
This novel experimental approach provided a powerful method to visualize
and study the dynamics of DNA supercoiling outside the cell. The complicated
instrumentation and sample preparation required to study plectoneme dynamics
in real-time with single DNA molecules has presented challenges for the
accessibility of these approaches. A high-throughput single-molecule assay for
30

real-time visualization of supercoiled DNA molecules using a conventional
fluorescence microscope, named ISD (intercalation-induced supercoiling of DNA)
has largely mitigated these barriers [89]. In this approach, SxO is used to induce
supercoiling of linear DNA molecules bound to a surface where the two ends are
torsionally constrained. DNA and plectoneme dynamics are visualized by nearTIRF microscopy, and the positions and sizes of individual plectonemes can be
characterized. Development of ISD has enabled non-specialist researchers to
explore how DNA structure is influenced by DNA sequence and enzymatic activity
on supercoiled DNA.

Figure 1.3 | Fluorescence visualization of topological intermediates of DNA. A. Motion of
knots in DNA: (i) A microfluidic T-junction flow cell with a diverging electric field stretches knotted
linear DNA molecules at its stagnation point. (ii) Representative images of a single DNA
molecule at four time points as a DNA knot (bright fluorescent spot) translates towards one end
of the DNA molecule [reproduced with permission from 4]. B. Dynamics of DNA supercoils: (i)
Visualization of plectonemes by fluorescence microscopy combined with magnetic tweezers.
Individual DNA molecules are supercoiled by rotating a pair of magnets and subsequently pulled
sideways by another magnet. (ii) Fluorescence images of plectoneme diffusion along an
individual supercoiled DNA molecule stained with SxO. (iii) Fluorescence images of a
plectoneme hopping along an individual supercoiled DNA molecule stained with SxO
[reproduced with permission from 11].
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1.2.6 DNA Looping
DNA loops are created when proteins or multi-protein complexes bind to
different sites on the same DNA molecule simultaneously. Consequently, the
intermediary DNA loops out, resulting in loops potentially up to hundreds of
kilobases in length. The seemingly simple action of DNA loop creation is central
in the coordination of many fundamental biochemical processes, the most
prominent examples being the regulation of gene expression [90], site-specific
recombination [91] and DNA replication [54, 92].
It has been proposed that DNA looping together with DNA supercoiling play
critical roles in the spatial organization of chromosomes. Structural maintenance
of chromosome (SMC) protein complexes such as condensin and cohesion play
key roles in restructuring genomes during the cell cycle [93, 94]. How SMC
complexes participate in these processes is not completely understood. Singlemolecule fluorescence imaging of single DNA molecules have enabled direct,
real-time observation of DNA loops extruded from single Saccharomyces
cerevisiae condensin complexes [5]. The looping process was observed by
staining doubly tethered DNA molecules with SxO while being hydrodynamically
stretched in a flow of buffer (Fig. 1.4). By monitoring the fluctuations in
fluorescence intensity, the authors were able to determine that condensininduced loop extrusion occurred asymmetrically with an average rate of 0.6
kilobase pairs/second. This finding is in stark contrast to all proposed models of
loop extrusion by two linked motor domains. The authors rationalized this
unexpected mechanism by proposing that one site in the condensin complex is
stably bound to the DNA, while it’s motor site translocates along the same DNA.
The details of DNA looping and bending at the nanometre level cannot be studied
using intercalating or groove-binding dyes that sparsely interact with dsDNA in a
sequence-independent manner. To obtain spatial resolution at such length
scales, fluorophores can be installed at specific locations of DNA (or protein) to
image specific regions or structural domains of a protein or DNA molecule.
SmFRET is widely used to study the evolution of nanometre-length scale
conformational changes of protein–DNA and protein–protein complexes at the
single-molecule level. Not only is FRET a direct imaging technique; it can also
measure distances between fluorophores by the extent of non-radiative energy
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transfer between two fluorescent dye molecules (donor and acceptor).
Development of smFRET assays in the Ha and Kim labs have enabled detailed
insight into the thermodynamic and kinetic behaviours of DNA bending and loop
formation, with the aim to understand the poor ligation efficiencies observed in
ensemble cyclization methods [95-97]. In these smFRET experiments,
fluorophores (Cy3 and Cy5) placed at known positions on dsDNA molecules with
complementary overhangs (sticky ends) are immobilized onto the glass coverslip.
Fluorescence signals are observed when molecules are trapped in the looped
state due to base pairing between the sticky ends. Looping and unlooping of DNA
lead to fluorescence intensity fluctuations, where low FRET signals correspond
to the unlooped state and high FRET signals correspond to the looped state.
Subsequently, the looping probability density (J factor) can be extracted from the
looping rate and annealing rate between the two disconnected overhangs. By
probing different intrinsic curvatures, the authors were able to demonstrate that
the J factor is sensitive to the intrinsic shape of the DNA [94, 96]. Moreover, the
role of DNA looping in facilitating protein diffusion and intersegmental transfer
can be directly addressed using this strategy. In protein-induced fluorescence
enhancement (PIFE) a fluorescent dye on the DNA is placed in proximity to a
protein binding site. When the protein binds to this site, it can enhance the
fluorescence intensity of the adjacent dye via PIFE. A DNA-binding restriction
enzyme was used to demonstrate the feasibility of the assay, defining its target
search mechanism on DNA through loop-mediated intersegmental transfer [94].

Figure 1.4 | Fluorescence imaging of DNA loop extrusion by condensin. A. Single-molecule
assay for the visualization of condensin-mediated DNA looping. B. Snapshots showing DNA loop
extrusion intermediates created by condensin on a SxO-stained double tethered λ-DNA. The
yellow arrow indicates the location of the loop base. C. Snapshots showing the gradual
asymmetric extension of a DNA loop (yellow arrow) on a doubly tethered λ-DNA molecule
[reproduced with permission from 5]).
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1.3 Visualization of Single-Stranded DNA
Single-stranded (ss) DNA is an important intermediate in the fundamental
biochemical processes responsible for the maintenance of genome integrity. To
date, there is a lack of molecular tools that allow direct visualization of ssDNA
using single-molecule fluorescence microscopy. This gap in the single-molecule
toolbox is largely due to the inability to reliably produce long segments of ssDNA
and the unavailability of fluorescent probes that directly bind ssDNA with high
selectivity. Moreover, the physical properties of naked ssDNA do not allow it to
be readily stretched out under easily accessible experimental conditions, unlike
dsDNA. In order to stretch ssDNA to a reasonable length, a force higher than at
least 5 pN is required, which is not practical with the laminar flows typically used
in fluorescence-based single-molecule assays [98].
In an effort to overcome these challenges, the properties of single-strandbinding proteins have been exploited. In this context, binding of single-strandbinding proteins (SSB) to ssDNA enables stretching and visualization of ssDNA
during single-molecule fluorescence imaging. Bell et al. [99] generated ssDNA
molecules using DNA from bacteriophage λ that had been biotinylated at the 3′
ends, alkali-denatured, neutralized with buffer and subsequently saturated with
fluorescently labelled E.coli SSB. Using this strategy, the authors were able to
directly monitor the nucleation and growth of RecA filaments on SSB-coated
ssDNA one molecule at a time. Gibb, Silverstein [100] furthered this experimental
strategy by incubating

ssDNA

substrates

produced

from

rolling-circle

amplification to produce very long ssDNA curtains anchored to chromium
barriers. This approach has allowed researchers to investigate questions related
to protein–ssDNA interactions, especially those critical in DNA-repair pathways.
Using this experimental setup, De Tullio, Kaniecki [101] and Kaniecki, De Tullio
[102] watched individual Srs2 helicases disrupt DNA-repair intermediates formed
by replication protein A, Rad51 and Rad52.

1.4 Studying Biological Processes on DNA: DNA Replication
The classic textbook view taught in biochemistry classes depicts biochemical
reactions as being defined and calculated, resulting in discrete complexes that
are largely deterministic. Most biochemical pathways require the involvement of
multiple protein components, typically forming large complexes which progress
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through various catalytic states and conformations. Novel fluorescent singlemolecule imaging techniques have made significant headway into challenging
these oversimplified views of biochemical reactions, particularly during DNA
synthesis.
Single-molecule approaches have provided a means to simultaneously
observe the proteins and DNA during DNA synthesis, furthering our
understanding of the events at the replication fork. Efficient visualization of DNA
replication at the single-molecule level using in vitro reconstituted replisomes has
largely been achieved using an assay based on rolling-circle amplification of DNA
developed in the van Oijen and O’Donnell laboratories [7, 103-107]. The
construction of the template yields a forked circular DNA which is biotinylated at
the 5′ tailed end (Fig. 1.5A). The template is immobilized onto a functionalized
glass coverslip, initiating replication through addition of proteins and flowstretching the elongating DNA product. During normal conditions, model
replisomes readily generate long segments of newly replicated DNA, hundreds
of kilobase pairs long. These long DNA products can be easily visualized via realtime TIRF microscopy by staining the dsDNA with SxO or YOYO-1.
Until recently, the replisome was thought to be in a stably associated form
during the entirety of the replication process. During processive replication, a
single set of DNA polymerases are reused for the recurrent synthesis of many
Okazaki fragments. Such efficient recycling of replicative components has been
convincingly demonstrated by in vitro bulk-phase biochemical experiments [108,
109]. Single-molecule fluorescence imaging of T7 bacteriophage replisomes has
shown that DNA polymerases undergo rapid and frequent exchange in and out
of replisomes [110, 111]. The discrepancy with the bulk-phase literature can be
explained through the reduction of the exchange rate of polymerases in and out
of the replisome under the highly dilute conditions used in these original
experiments. In the cell, the polymerase exchange mechanism ensures the
continuing supply of polymerases. Recent work conducted in independent
laboratories using fluorescently labelled DNA polymerases have in fact confirmed
that DNA polymerases in the gram-negative E. coli replisome are frequently
exchanged at the replication fork [7, 112]. These studies were able to extract the
dwell times of individual polymerases at the replication fork, as well as identifying
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the dependence of exchange frequency on polymerase concentration (Fig. 1.5B,
C). Furthermore, single-molecule studies in other living cells have seen the
exchange of DNA polymerases in the gram-positive bacterium Bacillus subtilis in
being recruited and released from active replisomes [113]. Collectively, these
observations support a view of a highly dynamic replisome, one that allows both
recycling and exchange dynamics of components.

Figure 1.5 | Visualization of replisome dynamics during DNA replication. A. Cartoon
representation of the single-molecule rolling-circle replication assay. A 5′-biotinylated circular
DNA molecule is coupled to the surface of a passivated microfluidic flow cell through a
streptavidin linkage. Addition of replication proteins and deoxyribonucleotide triphosphates
(dNTPs) initiates DNA synthesis. The DNA products are elongated hydrodynamically by flow,
labelled with SxO and visualized using fluorescence microscopy. B. Rapid and frequent
exchange of Pol III* (holoenzyme lacking the β2 sliding clamp) is concentration-dependent.
Representative kymographs of the distributions of two different fluorescently labelled Pol III*
(magenta and green) on individual DNA molecules at different concentrations. C. Exchange times
as a function of Pol III* concentration [reproduced with permissions from 7].

Another widely accepted concept regarding the replisome involves the
coordination of leading- and lagging-strand synthesis for faithful replication. The
mechanism behind how the enzymatically slow steps of primer synthesis and
lagging-strand polymerase loading coordinate with the high rate and continuity of
the leading-strand polymerase are largely speculative. Many contradicting
models have emerged in the literature to explain such a mechanism of
coordination [54, 103, 108, 114-118]. Recent studies by Duderstadt, Geertsema
[119] propose that replication can occur via multiple coordination pathways and
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is regulated by both ssDNA looping and leading-strand synthesis pausing.
Another proposed mechanism suggests that leading-strand synthesis is not
delayed during priming, but rather that the leading-strand polymerase
synthesizes slower than the lagging-strand polymerase [92]. Conformation of the
lagging-strand template was investigated using DNA FRET pairs observing the
formation of priming loops on the lagging strand. This implied that DNA synthesis
can continue without interruption and that primers can be synthesized parallel to
DNA polymerization. In E. coli, the separation of the helicase and primase
functionality into two distinct proteins further complicates the replisome and
hence grants access to a broader range of possible coordination mechanisms.
The possibility that the replisome does not coordinate leading- and lagging-strand
synthesis, but instead consists of independent replication proteins acting in
kinetically discontinuous replication has been further investigated by Graham et
al. [120]. Experimental evidence provided by visualizing DNA molecules stained
with SxO establishes that individual trajectories of both leading- and laggingstrand Pol III cores display comparable synthesis rates stochastically scattered
with pauses. Additionally, priming frequency is inversely correlated to DnaG
concentration, but has no effect on the synthesis rates of either polymerase. The
replisome is described as containing individual components that accommodate
the discontinuity of lagging-strand synthesis by slowing down. This stochastic
model of DNA replication makes it more likely that a replisome can progress past
damage on the template DNA, an area of study that remains to be investigated.
Novel single-molecule fluorescence tools have been developed to examine
eukaryotic DNA replication in real time. While real-time single-molecule
fluorescence assays using entirely reconstituted eukaryotic replisomes have not
yet been achieved, investigation using cell-free extracts derived from Xenopus
eggs have yielded important biochemical insights [121-124]. By visualizing
individual DNA molecules replicated by replisomes assembled from undiluted
Xenopus extracts, Yardimici and co-workers [125] demonstrated that no physical
association is required between sister replisomes during elongation. These
observations suggested that replisomes emanating from the same origin can
function independently during DNA replication. Replication was detected after
partial completion of the replication reaction by two independent means: the use
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of fluorescently labelled anti-digoxigenin to detect incorporation of digoxigenin–
dUTP and SxO to stain dsDNA. Individual proteins bound at the replication fork
could not be visualized due to the background arising from the high concentration
of the fluorescent protein needed to compete with the extract’s endogenous
protein. To overcome this limitation, a novel imaging approach termed PhADE
(photoactivation, diffusion and excitation) was developed using photo-switchable
fluorescent probes to selectively observe those molecules bound to a tethered
substrate, allowing imaging of single molecules at previously inaccessible
concentration regimes [126]. PhADE exploits the surface confinement of DNA to
locally photoactivate DNA-bound molecules. After photoactivation, diffusion of
unbound molecules from the detection volume rapidly reduces background
fluorescence. To demonstrate this approach, the authors labelled the eukaryotic
DNA replication protein flap endonuclease 1 (Fen1) and added it to replicationcompetent Xenopus egg extracts. PhADE imaging of high concentrations of the
labelled protein (2–4 μM) revealed dynamics of Fen1 on newly replicated DNA.
Using highly purified proteins, Ticau et al. [127] developed a single-molecule
loading assay to understand stoichiometry and dynamics during helicase loading
and activation in eukaryotes. Surface-tethered DNA molecules were fluorescently
labelled with organic dye molecules. One or two fluorescently labelled licensing
factors (i.e., MCM2–7 and Cdc6, or MCM2–7 and Cdt1) were added in the
presence of ATP and the protein binding and unbinding was observed in real time
by colocalising the fluorescence intensity from DNA with the proteins of interest.
By monitoring the arrival and departures of these proteins relative to one another,
the short-lived intermediate states could be elucidated. Furthermore, the
stoichiometry of the different factors could be derived by photobleaching the
labelled proteins. These studies revealed important steps in the pathway, such
as the recruitment of MCM2–7 one hexamer at a time [128, 129]. Subsequently,
by monitoring ORC dynamics, the authors showed that one ORC complex directs
the loading of both helicases in each double hexamer [128-130]. The findings
reveal the complex protein dynamics that coordinate helicase loading and
indicate that distinct mechanisms load the oppositely oriented helicases that are
central to bidirectional replication initiation.
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The ability to monitor individual multi-protein complexes on DNA during
biological reactions and observe the short-lived intermediate states has
challenged our views of multi-protein systems. In particular, the principles by
which they operate are not as linear and deterministic as previously suggested.
Rather, these multi-protein systems may utilize many different pathways to
achieve the desired outcome. This plurality in behaviour has also been observed
more recently in studies with DNA-repair proteins, with the observation of
stochasticity and plasticity governing how proteins recognize mismatched
nucleotides using ATP to stably link themselves to the DNA in order to facilitate
interactions with different proteins [131, 132]. The various recent single-molecule
studies that characterize the way in which multi-protein complexes reach a
desired biological outcome seem to suggest that complex biochemical pathways
are largely dictated by the kinetic and thermodynamic boundary conditions
encountered along the way. Thus, these multi-protein complexes display a variety
of behaviours that cannot be described as individual, well-defined pathways, but
instead need to be thought of as complex free-energy landscapes along which
reaction coordinates lie.

1.5 Internal Site-Speciﬁc Labelling on DNA: Visualization of
Long DNA Molecules
Labelling DNA site-specifically requires incorporation (or attachment) of
small molecules or functional groups to DNA that are not native to its structure.
These modifications may be achieved chemically or through enzymatic activity.
In fluorescence-based approaches, labels are often fluorophores which enable
direct detection of DNA, or haptens, which provide secondary binding sites for
other functionalized moieties (i.e., biotin- or digoxigenin-conjugated nucleotides).
Beyond the scope of single-molecule experiments, labelling DNA in a site-specific
manner is of general interest to many scientific disciplines. Thus, many
approaches have been devized [133]. In the following section, we describe two
unique tools from this diverse molecular toolkit that allow sequence-specific
labelling of genomic DNA molecules.
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1.5.1 Molecular DNA Combing
Manipulation of DNA is difficult in its natural coiled state, so most singlemolecule imaging strategies require confinement of DNA to a physical surface,
followed by either mechanically stretching out the DNA, by physically pulling on
it or stretching it out in a flow of buffer. Molecular DNA combing has been used
as a single-molecule approach to examine chromosomal DNA that has been
pulse-labelled with halogenated analogues of thymidine [134], including 5-bromo2-deoxyuridine (BrdU), 5-iodo-2-deoxyuridine (IdU) and 5-chloro-2-deoxyuridine
(CldU). The synthetic halogenated nucleotides are incubated with dividing cells,
and then the DNA is isolated. Subsequently, the modified nucleotides within the
DNA are fluorescently labelled with antibodies. Individual naked DNA molecules
are then visualized by uniformly stretching them onto a silanized microscope
coverslip through the action of a receding air-water meniscus (Figure 1.6).
Molecular DNA combing is a powerful approach to accurately monitor both spatial
and temporal changes during DNA replication of genomes with single-molecule
resolution. Classical techniques used to identify origins of replication include PCR
and 2D gel electrophoresis, which are able to detect changes in DNA
intermediates, such as bubbles and replicating forks. On the other hand,
molecular DNA combing allows precise localization and quantification of these
DNA intermediates. Therefore, it comes as no surprise that molecular DNA
combing has been used to monitor DNA replication in a variety of organisms from
bacteria all the way up to higher eukaryotes [135, 136]. This technique is well
equipped to measure origin firing and DNA replication kinetics, as well as
genomic rearrangements. Furthermore, molecular DNA combing allows for highresolution analysis of repetitive sequences, which are often difficult to investigate
with DNA sequencing techniques. Importantly, molecular DNA combing can be
used to monitor replication defects caused by gene mutations or by chemical
agents that induce replication stress or replication roadblocks [137]. In
comparison to other methods that stretch DNA, molecular DNA combing is a
conceptually simple and reliable method to visualize genomic DNA without the
need for tedious genetic manipulation.
Investigation of genomic DNA by molecular DNA combing using singlemolecule fluorescence microscopy was first established in the mid-1990s.
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Bensimon and co-workers were able to quantify the fork speed, symmetry, origin
usage and inter-origin distance of bacteriophage λ DNA [134]. Since then,
molecular DNA combing has proved invaluable in studying the dynamics of
individual replicons in eukaryotes, mitigating the shortcomings of other
techniques such as DNA-chip-based approaches. For instance, using the chip
method to analyse duplication of S. cerevisiae genomes [138], the average rates
of replication fork progressions and origin efficiencies were obtained. Using
molecular DNA combing, analysis of chromosome VI revealed that replication
origins, although well-defined, fired stochastically with no apparent correlation
between adjacent origins [139]. While molecular DNA combing has bridged the
technological gap between the examination of gross chromosomal abnormalities
and sequence-specific alterations [140-142], reliable fibre analysis has been
typically restricted to molecules of 200–500 kilobase pairs in length.
Advancements by Kaykov et al. [143] have been able to substantially improve the
procedure to analyse entire chromosomes in fission yeast and 12-megabase
fragments from human cells. This technical advancement has led to detection of
previously unseen origin clusters in human cells. Furthermore, it revealed that
origins in human cells fire stochastically during replication, forming clusters of
fired origins. Molecular DNA combing has also been applied to study protein
binding of DNA-processing enzymes. Binding of the bacterial chromosomal
initiation protein DnaA has been observed on combed genomic DNA from E. coli
[144]. However, it was not known if DnaA was bound specifically. More recently,
Gueroui and co-workers were able to visualize transcription of combed DNA
[145]. The transcription activity of T7 RNA polymerase occurred when DNA was
stretched close to normal length, but not when overstretched to ~150% the
normal contour length. Together, these results open the possibilities to study
single enzymes on combed DNA by single-molecule imaging.
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Figure 1.6 | DNA combing analysis of DNA replication in budding yeast. A. Cells
which have been incubating halogenated nucleotides (BrdU/EdU) are released into S
phase to label newly synthesised DNA. B. Cells are harvested, and DNA extracted.
Genomic DNA is stained with YOYO-1 and resuspended in MES buffer C. A silanized
coverslip is dipped in the solution to capture DNA molecules and is slowly removed to
stretch DNA molecules at the liquid/air interface. D and E. Incorporated BrdU/EdU is
detected by either antibodies or click chemistry, respectively [reproduced from 385].
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1.5.2 Optical Mapping
Optical mapping was developed to create high-throughput, high-resolution
genomic maps that contain information about the structure of an organism’s
genome. Fundamentally a single-molecule approach, optical mapping requires
the mapping of several overlapping DNA molecules to build a physical genomic
map. Like mapping roads to depict structural information of a location without
needing to detail each individual home, genome mapping can be a powerful tool
for understanding variations of large pieces of rearranged or altered genomic
DNA. Since their initial development, genome-wide optical maps have
contributed heavily to establishing structural variations and rearrangements,
scaffolding and validating overlapping DNA segments for several large
sequencing projects [146-148]. Several platforms have transitioned to labelling
genomes relying on sequence-specific modification of DNA at short target sites.
DNA ‘tagging’ is achieved through enzymatic modification of specific target sites,
which are imaged to give a unique overall genomic structure. Typically, three
classes of enzymes are utilized to modify DNA at specific sites. These include
restriction enzymes, nicking enzymes and DNA methyltransferases (MTases)
[149]. Commonly, enzymes such as methyltransferases are used to sequencespecifically transfer a methyl group to the cytosines and adenines in DNA. Most
MTases use cofactor S-adenosyl-L-methionine (AdoMet) as a methyl source.
This natural methylation reaction can be expanded to a variety of reactions using
synthetic cofactor analogues. Used in conjunction with modified AdoMet
substrates, these MTases can be used to covalently bind other chemical moieties
to specific genomic sequences.
Two labelling strategies that exploit this specific activity are the sequencespecific

methyltransferase-induced

labelling

of

DNA

(SMILing)

and

methyltransferase-directed transfer of activated groups (mTAG). Neely et al.
[150] used the mTAG approach to densely label DNA with fluorophores and
construct optical DNA maps via fluorescence microscopy from individual DNA
molecules deposited on a surface. However, this approach resulted in low
labelling efficiency, as a consequence of slow amino-to-NHS ester coupling
kinetics. In efforts to increase fluorophore coupling efficiencies and reduce the
fold coverage required to build reliable maps, copper-catalysed azide-alkyne
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cycloaddition was explored [151]. By changing the coupling chemistry Vranken
and co-workers achieved a labelling efficiency of ~70%, from 50% and a labelling
density of one label every 500 base pairs. This improvement allowed for a true
single-molecule map of the DNA sequence to be produced, bridging the gap
between typical sequencing experiments and long-range information obtained
from traditional optical mapping. In another approach, a one-step chemoenzymatic reaction was used to covalently bind fluorophores to DNA at the fourbase recognition site of Mtase M.TaqI to accurately genotype genomes of λ and
T7 bacteriophages from a background phage library [152].
Ultimately, the use of methyltransferase-based labelling depends on the
availability or ease of synthesis of modified AdoMet analogues, which are not
widely available. However, DNA labelling using methyltransferase enzymes is
rapid, highly efficient and can potentially be combined with any fluorescence
imaging platform to generate high-resolution DNA maps. Labelling can be
directed to four- or six-base target sequences, allowing the mapping of DNA at a
labelling density that suits the application. This method provides a facile route for
screening and typing of various organisms and has potential applications in
epigenetics of various organisms.

1.6 Commercial Applications of Single-Molecule Sequencing
Many modern biotechnologies are based on our growing understanding of
DNA structure and function. A range of DNA-based laboratory techniques are
used to study whole genomes for medical genomics research and diagnostics.
Sequencing technologies are used in a wide range of applications of several
different kinds of genomic testing, from prenatal diagnostics to diagnosing rare
diseases, hereditary forms of cancer and pharmacogenetics [153]. Commercially,
only a few single-molecule sequencing technologies are available which have
successfully been used in several scientific disciplines. Nanopore sequencing,
commercialized by Oxford Nanopore Technologies, utilizes electrophoresis to
drive single-stranded RNA or DNA across lipid layers in large ion channels.
Another single-molecule sequencing technology commercialized by Pacific
Biosystems is single-molecule real-time (SMRT) DNA sequencing. SMRT DNA
sequencing uses fluorescent phospholinked nucleotides, in which each of the
four nucleotides are labelled with a different colored fluorophore. The resulting
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fluorescent signal is monitored in nanoscale cylindrical cavities ~100 nm in
diameter and height, called zero-mode waveguides (ZMWs). A ZMW is an optical
waveguide that directs light energy into a well that is smaller than the wavelength
of the illuminating light. This allows detection of single fluorophore molecules
close to the bottom of the ZMW at high concentrations. As DNA synthesis occurs
at the rate of the polymerase, nucleotide incorporation is counted and classified
based on the fluorescent signals produced after each nucleotide incorporation.
Incredibly long read-outs exceeding 10,000 base pairs in length can be
generated, which is useful for de novo genome assemblies. Apart from DNA
sequencing, ZMWs have been exploited for single-molecule RNA sequencing
and epigenetics [154].
While SMRT DNA sequencing allows for long sequence read-outs, a critically
limiting step is the efficient loading of small quantities of long DNA molecules into
ZMW confinements. This is due to the substantial sampling time needed for the
polymerase-bound DNA to bind the ZMW and entropic barrier to entry under
diffusive conditions, which favour the escape of longer DNA from the ZMW over
short DNA [155]. In an effort to overcome these limitations, Larkin et al. [156]
used voltage-induced DNA loading into ZMWs equipped with nanopores. The
authors found that this combination improved binding efficiency by five orders of
magnitude and that DNA loading was nearly length-independent. While we have
made remarkable progress in understanding the capabilities of single-molecule
sequencing technologies over the past decade, several key challenges still need
to be solved before these technologies become cost-effective and widely
available in medical clinics and research laboratories.

1.7 Outlook
It is clear that the single-molecule technologies developed to monitor the
dynamic properties of individual DNA molecules in isolation and during
biochemical reactions have outgrown the constraints of classical techniques used
in structural biology. The development of a diverse molecular toolkit to study DNA
with single-molecule resolution required the advancement of new technologies
for detection and analysis. While significant, these efforts have rewarded us with
valuable insights, intangible when only measuring an averaged population or
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studying static images. As experimentalists of different backgrounds increasingly
engage with single-molecule biophysics, new methods to visualize DNA in
increasingly larger, more complex systems will be developed and older ones
refined. The ability to visualize individual DNA molecules during DNA replication
has already challenged textbook views on the stability of replisomes,
demonstrating that these multi-protein complexes are not static entities, and
rather that they behave in a highly dynamic fashion. The use of fluorescent-based
probes described in this review have advanced to a point in which the questions
that can be answered appear inexhaustible. However, the application of these
tools to visualize ssDNA in real time is comparatively limited. Development of
new chemical and protein-based probes to visualize ssDNA will offer the potential
for new insights into the mechanisms associated with fundamental processes
such as DNA replication, repair and recombination. The recent advancements in
the production of high-quality, long linear DNA provides access to exciting new
experiments. Long linear DNA substrates allow for the unique separation of
different DNA metabolising complexes, and visualisation of encounters between
them. For example, long-standing questions on the fate of the replisome upon
collisions with DNA repair complexes can be answered. We anticipate many new
findings in this field in the near future. Moreover, further development of
fluorescence-based probes to watch DNA and its intermediates within living cells
will be required to bridge the gap between in vitro experiments and those carried
out on living cells.
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Chapter 2 | Biology on track: single-molecule
visualization of protein dynamics on linear DNA
substrates
Gurleen Kaur and Lisanne M. Spenkelink
Single-molecule fluorescence imaging techniques have become important tools
in biological research to gain mechanistic insights into cellular processes. These
tools provide unique access to the dynamic and stochastic behaviour of
biomolecules. Single-molecule tools are ideally suited to study protein–DNA
interactions in reactions reconstituted from purified proteins. The use of linear
DNA substrates allows for the study of protein–DNA interactions with observation
of the movement and behaviour of DNA-translocating proteins over long
distances. Single-molecule studies using long linear DNA substrates have
revealed unanticipated insights on the dynamics of multi-protein systems. In this
review, we provide an overview of recent methodological advances, including the
construction of linear DNA substrates. We highlight the versatility of these
substrates

by

describing

their

application

in

different

single-molecule

fluorescence techniques, with a focus on in vitro reconstituted systems. We
discuss insights from key experiments on DNA curtains, DNA-based molecular
motor proteins, and multi-protein systems acting on DNA that relied on the use of
long linear substrates and single-molecule visualization. The quality and
customisability of linear DNA substrates now allows the insertion of modifications,
such as nucleosomes, to create conditions mimicking physiologically relevant
crowding and complexity. Furthermore, the current technologies will allow future
studies on the real-time visualization of the interfaces between DNA maintenance
processes such as replication and transcription.
Published in Essays in Biochemistry, 25thth November 2020
I conceptualized and wrote this review. L.M.S. provided critical reviewing,
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2.1 Observing protein dynamics on linear DNA substrates
Observing the processes of life that occur in all cellular organisms at the
single-molecule level allows us to address questions that cannot be directly
answered by traditional ensemble biochemical assays. In vitro biochemistry
experiments provide an isolated yet well-defined environment in which the
behaviour of individual molecules can be reconstituted and studied through
modern optical microscopy techniques.
The necessity of long DNA substrates becomes apparent when studying
protein–DNA interactions at the single-molecule level. Long linear substrates
(greater than 10 kilobasepairs (kb) in length) elevate the biochemical reaction
away from the surface of the substrate required to immobilize the DNA, reducing
the potential for any non-specific interactions. These substrates allow for the
study of protein–DNA interactions with observation of the movement and
behaviour of DNA-translocating proteins over long distances.
Tracking of the movement of molecular motor proteins such as condensin
and cohesin complexes provides insight into the processes of genomic DNA
compaction and organization. Furthermore, processes involving replication and
repair proteins overcoming bulky roadblocks or lesions on DNA substrates can
be observed.
Linear DNA substrates have been extensively used in force-based singlemolecule studies, such as magnetic and optical tweezers, initially to study the
physical principles of polymer behaviour [88, 157, 158]. Increasingly, singlemolecule techniques rely on fluorescence excitation and detection. Further, rapid
advances in fields such as digital imaging, analysis algorithms, and development
of more stable and compatible fluorescent dyes have made single-molecule
optical fluorescence imaging approaches reliable and robust. These advances
have led to the design of in vitro single-molecule experiments to observe protein
dynamics on linear DNA substrates. Nevertheless, challenges remain in the
efficient construction and manipulation of long linear DNA substrates. Here, we
discuss the importance of developing methods for improved linear DNA substrate
construction. We examine the use of linear DNA substrates in in vitro singlemolecule assays with a focus on reconstituted systems and give insight into future
trends.
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2.2 Construction of linear DNA substrate
Commercially available λ DNA (48.5 kb) is commonly used as a linear DNA
substrate. Its frequent use for single-molecule studies is based on the various
advantages it presents in assay design. The 12-nt 5ʹ overhangs at the ends of λ
DNA allow for the attachment of synthetic DNA handles. Oligonucleotides
functionalized with a biotin or digoxigenin can be ligated at either end to create
DNA curtain substrates which have been widely exploited to study protein–DNA
interactions. Due to its relatively long length, movement of enzymes and
molecular motors can be easily observed over kilobase-length distances. Derived
from bacteriophage λ, high-quality λ DNA is readily available and can be modified
to yield large amounts of recombinant DNA. The sequence of λ DNA shows an
AT content dependence, where one half of the sequence has low AT% and the
other half has a higher AT%. This property has been drawn upon to directly test
the sequence dependency of protein activity. Some protein–DNA interaction
studies require site-specific modifications of DNA substrates. Methods used to
insert site-specific modifications into λ DNA include simple restriction enzyme
cleavage and ligation [159], recombinase-mediated modifications [99], insertion
of specific sequences or tertiary structures, or nickase-based oligo replacement
[160]. An important factor in the establishment of single-molecule based assays
is the development of generalized methods to produce high-quality linear DNA
substrates which can be easily customized to accommodate for various
experimental variables. Plasmid DNA is a simple starting point to create linear
DNA with relative ease in sequence modification using standard molecular
biology techniques. Similar to λ DNA, plasmid sequences can be constructed to
allow for attachment of DNA handles needed to attach the substrate to a surface
or beads. A generalized method has been outlined to create modified DNA
substrates for single-molecule studies from a single plasmid [161]. The method
was used to create forked linear DNA substrates of homogeneous structure and
length with the insertion of an internal modifications, such as a Cy5 fluorophore.
The forked linear DNA acted as an efficient substrate for DNA replication.
While small (<20 kb) plasmid DNA-based substrates are easily constructed,
the development of longer substrates using the above single-plasmid method
remains challenging. Longer templates aim to solve the limitation of spatial
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resolution when studying protein complexes, especially proteins displaying higher
translocation rates. Although we see progress in the development of methods for
constructing linear DNA substrates, most current approaches for site-specific
modification of DNA are technically challenging and rely on multi-step ligations,
yielding low amounts of a final complete product. Challenges still remain in cost
efficient construction methods that yield high-quality linear DNA substrates.

2.3 Single-molecule fluorescence imaging
Fluorescence microscopy has become an indispensable tool in the singlemolecule field. Single-molecule fluorescence imaging methods are especially
powerful in the real-time visualization of molecular associations, copy numbers,
diffusion and enzymatic activity. Fluorescence microscopy is a technique that has
vastly developed over the last few decades with improvements in cameras,
detectors and dye technologies. These improvements coupled with advances in
data analysis allow for the high-quality visualization of biological systems.
Popular fluorescence imaging techniques include confocal imaging, superresolution stimulated emission
reconstruction

microscopy

depletion (STED) or stochastic optical

(STORM)

and

single-molecule

fluorescence

resonance energy transfer (smFRET). A detailed description of recent singlemolecule fluorescence visualization techniques is beyond the scope of the review
and can be found elsewhere [162-164]. Total Internal Reflection Fluorescence
(TIRF) and near-TIRF microscopy allow rapid wide-field single-molecule
visualization making these techniques optimal for the visualization of protein
dynamics on DNA. We, therefore, briefly describe these techniques here.
TIRF microscopy has emerged as one of the most commonly utilized singlemolecule fluorescence-imaging methods [164]. TIRF is based on total internal
reflection of incident excitation light through two adjacent materials, usually a
glass–water interface. As the light passes through, it is reflected depending on
the incident angle which induces an evanescent field (Fig. 2.1B) [165]. TIRF
microscopy exploits this evanescent field. The range over which excitation is
possible is limited by the exponential decay of the evanescent field. The excitation
of the sample region extends 100 nm beyond the glass–water interface, unlike
traditional wide-field epifluorescence microscopy (Fig. 2.1A). This selective
illumination and excitation of fluorophores close to the surface eliminates
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excitation of molecules away from the surface, reducing background
fluorescence resulting in an improved signal-to-noise ratio (SNR) [166, 167]. TIRF
microscopy makes it possible to detect fluorescent single molecules or particles
up to a concentration of ∼10 nM.
‘Near TIRF’ (also known as HILO or oblique-angle epifluorescence)
microscopy allows an imaging depth of up to 10 μm, at an SNR slightly lower than
that of TIRF (Fig. 2.1C). The technique is not limited to imaging only the surface
of samples as is the case for TIRF but often used when imaging tissues, nuclei
or other cell material that sit beyond the membrane in in vivo studies [382]. The
greater sample depth and enhanced imaging contrast facilitates the imaging of
non-surface processes such as reactions on long linear DNA, quantifying
molecular dynamics, kinetics and biological interactions.

Another popular technique, fluorescence recovery after photobleaching
(FRAP), is a method used to determine the dynamics and kinetics of proteins in
both in vivo and in vitro systems [7, 112, 168, 169]. A specific fluorescently
labelled protein is imaged in the biological context of interest. After
photobleaching molecules in the imaging field of view, recovery of fluorescence
is monitored over time. Diffusion or active movement of proteins will replace the
bleached fluorophores with unbleached molecules from outside the bleached
field of view. Traditionally FRAP is utilised as an ensemble-based measurement
of molecular dynamics, however pairing this tool with single-molecule data
acquisition has rendered FRAP an insightful single molecule tool.
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Figure 2.1 | Fluorescence imaging techniques
A. Epifluorescence microscopy (wide-field microscopy). A parallel laser beam is passed directly

upwards through the sample. The larger imaging depth is useful for thicker samples, however
this intense illumination results in a low SNR. B. TIRF microscopy. An evanescent field is
created as an incident laser beam reflects off a glass–water interface and is totally internally
reflected. This limits the imaging depth to ∼100 nm with excitation of fluorophores close to the
glass surface, reducing background fluorescence resulting in an improved SNR. C. ‘Near TIRF’
(also known as HILO or oblique-angle epifluorescence) microscopy. Near TIRF allows an
imaging depth of up to 10 μm, at an SNR slightly lower than that of TIRF.

2.4 Joining force with fluorescence
In force-based measurements such as optical trapping, structural properties
of DNA are detected by monitoring the elastic properties of DNA tethered
between trapped beads. Single-molecule fluorescence microscopy, on the other
hand, provides access to protein-binding kinetics and translocation velocities.
Correlative fluorescence and force spectroscopy approaches integrate the two
techniques to allow the visualization of protein dynamics, while having access to
unprecedented spatial resolution [170, 171]. In this method, long DNA substrates
are tethered and stretched between two optically trapped beads [172].
Measurement of the force on the beads gives information on the tension on the
DNA substrate. Binding or movement of proteins on the DNA is then visualized
using fluorescence imaging, correlating these events with the changes in the
DNA.
Using this technique, it was revealed that disassembly of the DNA
recombinase RAD51 filament results from the interplay between ATP hydrolysis
and the release of the tension stored in the nucleoprotein filament [173]. The
tension on the DNA was measured using optical trapping, while binding of
labelled RAD51 was imaged simultaneously. Another example of the use of this
technique is the real-time visualization of nucleation and growth of virus-like
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particles (VLPs) [174]. The study uses artificial capsid polypeptides which interact
with DNA to co-assemble into rod-shaped VLPs. It was shown that capsid
oligomers bind to the DNA, and that pentamers are the critical nuclei for the
productive compaction of DNA and formation of VLPs.
Combining optical tweezers with fluorescence imaging requires specialized
imaging and microfluidics equipment. This equipment is now commercially
available, making broad adoption of this technique more feasible. Optical
tweezing is an inherently low-throughput technique. Further developments in
microfluidics and DNA substrate quality could help improve acquisition speed in
the future.

2.5 Protein dynamics on high-throughput DNA curtains
The technically demanding nature of single-molecule experiments often
causes users to face difficulties associated with establishing high-throughput
methods that offer statistically relevant information. First developed by Eric
Greene’s research team, single-molecule DNA curtains have addressed this
issue by organising hundreds of long DNA substrates into linear patterns in
microfluidic devices (Fig. 2.2A). This powerful and flexible technique has been
capable of generating high-throughput data to observe several protein–DNA and
protein–protein interactions. The setup of DNA curtains has been outlined in
greater detail in other extended reviews and protocols [175-178].
DNA curtains can be made with both double-stranded (ds) and singlestranded (ss) DNA to accommodate specific experimental requirements.
Predominantly λ DNA is used as a dsDNA substrate due to its commercial
availability. To visualize dsDNA curtains, DNA-binding dyes such as YOYO-1 or
SxO are commonly used. Alternatively, ssDNA produced from rolling-circle
reactions of primed M13 DNA are used for ssDNA curtains. In contrast with
dsDNA, ssDNA has a very short persistence length making it difficult to extend
by simple hydrodynamic forces. There are also no commercially available DNA
stains which allow for the visualization of ssDNA molecules. A solution to this has
been using fluorescently labelled ssDNA binding proteins such as replication
protein A (RPA), to extend ssDNA into curtains and simultaneously visualize
them.
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DNA curtains have been widely exploited to study many protein–DNA
interactions that occur during biological processes in the cell. Several of these
processes are initiated through recognition and binding of key proteins to specific
DNA sequences. The process of eukaryotic replication initiation is highly dynamic
and regulated beginning with the origin recognition complex (ORC) searching for
the ARS1 origin sequence. Binding dynamics of the ORC can be directly
monitored by introducing the fluorescently labelled complex on to double-tethered
DNA curtains containing the native ARS1 sequence [9]. Kymographs from the
study showed the behaviour of ORC binding both directly from solution by 3D
searching or 1D sliding along the DNA to its target site (Fig. 2.2B). To further
explore the pre-replication complex (pre-RC) assembly dynamics, the order of
association of fluorescently labelled pre-RC proteins was monitored. ORC,
together with Cdc6 and Cdt1, mediates pre-RC assembly by loading an Mcm2–
7 double hexamer (the core of the replicative helicase). Researchers found that
the ORC binds first and in strict order followed by Cdc6 recruitment and then
Mcm2–7 and Cdt1. Recruitment of these proteins is essential for the successful
establishment of replication forks.
How a protein that participates in several genomic maintenance pathways is
regulated and monitored is an important question that has been investigated for
many years. Exonuclease 1 (Exo1) is a protein that plays a critical role in several
eukaryotic DNA repair pathways. The Finkelstein research group has utilized
DNA curtains to shed light on how Exo1 is regulated in multiple genome
maintenance pathways [13]. They studied how Exo1 moved along and digested
dsDNA, with individual Exo1 molecules resecting more than 5 kb of DNA during
a single binding event (Fig. 2.2C).
Long ssDNA substrates are generated during several cellular processes
including DNA replication, repair and recombination. The presynaptic complex
(PSC, a family of recombinases forming nucleoprotein filaments on ssDNA) is a
key intermediate in homologous recombination and is necessary to align and pair
homologous DNA sequences. The interplay between the ssDNA-binding protein
RPA and DNA recombinase RAD51 has been extensively studied through ssDNA
curtains. Protein exchange dynamics of RPA have been shown, with the
presence of free RPA inhibiting RAD51 filament nucleation for PSC assembly
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[179]. This inhibition is overcome by meditator proteins such as RAD52 which is
a highly conserved protein involved in the repair of DNA damage. Tight binding
of human RAD52 to RPA-coated ssDNA exerts an inhibitory effect on RPA
turnover, with more limited association of RAD52 with the PSC after RAD51
association (Fig. 2.2D) [16]. After formation of the PSC, the RAD51 filaments
catalyse strand invasion in which the presynaptic ssDNA is paired with
homologous dsDNA to form a D-loop. Using DNA curtain assays, it was shown
that the homology search is facilitated by RAD54 which acts as a molecular motor
to drive rapid ATP-dependent translocation of the PSC along the donor DNA
[180]. Further experiments using ssDNA curtains offer the potential for studying
other recombination accessory factors [181, 182] to gain deeper insights into how
they interact with and affect the properties of the RAD51 PSC.
DNA curtains provide a high-throughput single-molecule visualization method
that allows the direct visualization of protein movement along DNA. They are
perfectly set up for the study of many different DNA-binding protein systems and
easily provide statistically relevant datasets from single experiments. The
widespread utility of DNA curtains, however, is limited by the challenges
associated with the need for nanometre-scale diffusion barriers on quartz
microscope slides. Further improvement of curtain-construction methods will
therefore likely result in a broader uptake of the technology.
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Figure 2.2 | Protein–DNA interactions observed in DNA-curtain assays
A. Schematic of the DNA curtain assay illustrating single-tethered and double-tethered DNA
curtains. Figure adapted from [2]. B. Origin recognition complex (ORC) searching for the ARS1
origin sequence in eukaryotic replication initiation. (top) wide-field image of ORC incubated in a
DNA curtain assay (middle) kymographs of ORC binding to ARS1 directly from solution and
(bottom) 1D sliding of ORC along DNA to its target. Figure reproduced with permissions from [9].
C. Exo1 nuclease activity observed on long linear DNA. (top) kymograph and (bottom) the
particle-tracking trace of a single Exo1 resecting DNA (arrowhead indicates dissociation). Figure
reproduced from [13]. D. RAD52 and RPA behaviour during presynaptic complex assembly.
Kymographs showing the binding of GFP-RAD52 (green) to an RPA-RFP-ssDNA molecule
(magenta), followed by the addition of RAD51 (indicated by arrow). Figure reproduced with
permissions from [16].

2.6 DNA loop extrusion by structural-maintenance-ofchromosomes protein complexes
Structural-maintenance-of-chromosomes (SMC) are protein complexes
part of a highly conserved family of proteins, which have evolved to drive
conformational changes in DNA topology. Eukaryotes have six core SMC
proteins that, when associated with accessory complexes, form three separate
heterodimers. Each SMC has a specialized function; cohesin is involved in
chromosome segregation, condensin plays a role in chromatid condenzation and
Smc5–Smc6 complexes whose specific action is largely unknown are needed for
DNA repair and chromosome segregation [183-185]. SMC complexes play a key
role in the spatial organization and maintenance of DNA and are essential for
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chromosomal processes. It is unclear, however, how these SMC complexes
organize the billions of base pairs of chromosomal DNA.
Current evidence from single-molecule experiments support the idea that
DNA-loop extrusion by SMC complexes allows these molecular motors to
structure chromosomes. Budding yeast condensin complexes were shown to
actively move along linear λ DNA molecules that had been tethered at both ends
in a DNA curtain assay [186]. Condensin translocated at a moderate velocity over
a distance greater than 10 kb in the presence of ATP. The enzyme’s linear
translocation behaviour can be rationalized in a loop extrusion mechanism (Fig.
2.3A) [5]. Direct evidence for this model is provided through the real-time
visualization of ATP-dependent loop formation. Long linear DNA substrates were
tethered to the surface on both ends. The distance between the tether points was
significantly shorter than the contour length, allowing for the formation of loops.
Upon addition of condensin, expansion of DNA loops of several kilobases in
length at speeds up to 1500 bp/s was observed. It was shown that condensininduced loop extrusion is asymmetric, where condensin anchors on to DNA and
reels it in from only one side. Although the loop extrusion behaviour observed in
these experiments appeared to readily explain the DNA topology of chromosomal
DNA, the present study initially contradicted in vivo results which implied that loop
extrusion was a symmetric process [187]. Modelling experiments have shown
that condensin needs to reel in both DNA strands symmetrically for efficient
compaction [188].
Recent research presented the first complete structure of condensin and
characterized loop extrusion activity of two human condensin complexes, using
DNA curtains [10]. In this paper, they address and provide direct evidence for
many previous discrepancies between in vitro and in vivo data. Not only do they
show that condensin complexes are capable of ATP-dependant loop extrusion,
but they also detail the microscopic behaviours that occur during this mechanism.
Condensin complexes are capable of either symmetric or asymmetric extrusion
(Fig. 2.3B), with symmetric extrusion associated with the dimerization of the
complexes. Further work observing condensin complexes which are able to
transverse each other to form a dimeric motor which reels in DNA symmetrically,
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also demonstrated that SMC proteins are able to form a variety of looping
structures [189].
Like condensin, cohesin is a molecular motor protein which is hypothesized
to extrude chromatin loops. It has been shown to slide along DNA [190] and
human condensin complexes fused to NIPBL have been observed to
symmetrically extrude loops even in the presence of nucleosomes [191] . NIPBL
is a protein which is required for the association of cohesin with DNA and acts as
a loading factor [192]. Human cohesin-NIPBL complexes have also been used to
analyse how loop extrusion is mediated, observing its translocation and the largescale conformation changes that occur to coordinate loop extrusion [383]. The
physiological relevance of all these in vitro experiments has been partially
addressed in [14]. Here, the Xenopus-extract system is combined with the
double-tethered DNA-curtain setup to fluorescently image cohesin and condensin
loop extrusion. After the addition of the egg extracts, compacted DNA clusters
which grow in size over time are observed in both the metaphase and interphase
with distinct dynamic properties. During metaphase, DNA loops are extruded
non-symmetrically by condensin complexes, whereas cohesin forms symmetric
loops in interphase (Fig. 2.3C). Loop extrusion is presented as the general
mechanism involved in DNA organization with biochemical regulation of
dynamics during the cell cycle. Cohesin is known to play a key role in sisterchromatid cohesion, by acting as a linker to hold chromatids together. Indeed,
using dual-trap optical tweezers combined with confocal imaging, it was shown
that cohesin can tether two DNA molecules forming a protein-mediated bridge
[193]. Interestingly, cohesin is loaded on parental DNA during G1 phase (before
DNA duplication occurs). How cohesin establishes sister-chromatid cohesion in
the context of replication remains unclear.
Single-molecule experiments using long linear DNA substrates provide direct
evidence for loop extrusion by condensin and cohesin as the key mechanism
involved in the organization of the genome. There are, however, many more
avenues available to further increase the complexity of experimental conditions
in vitro. For example, the behaviour of these complexes in the presence of other
complexes that simultaneously act on the DNA is unknown [184, 194].
Specifically, what happens when SMC complexes encounter obstacles such as
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a replicating replisome or transcribing RNA polymerases [384] during loop
extrusion remains unclear.

Figure 2.3 | Loop extrusion by condensin on long linear DNA substrates
A. Snapshots showing the real-time visualization of ATP-dependent DNA loop formation
(yellow arrow) on a λ DNA molecule (top). Length of DNA loops calculated from integrated
fluorescence intensities for regions outside the loop (I and III) and the loop region itself (II)
(bottom). Figure reproduced from [5]. B. Condensin complexes are capable of either symmetric

or asymmetric extrusion: schematic of U-shaped DNA curtains assay (top). Snapshots and
schematics showing loop extrusion by condensin in a symmetric (bottom right) or asymmetric
(bottom left) manner. Figure reproduced from [10]. C. Schematic of single DNA molecule assay
for visualization of DNA looping in Xenopus egg extracts (right). Kymographs of DNA signal
over time displaying a looping event upon addition of Xenopus extract in metaphase and
interphase with snapshots of single DNA molecules after ∼60 s (left). Figure reproduced from
[14].
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2.7 Replisome dynamics during DNA replication
DNA replication is a fundamental process in all forms of life [195, 196]. Many
proteins constituting the DNA replication complex (replisome) are involved in a
large number of disease pathways and represent important drug targets [159,
197-200]. Long linear DNA substrates have been used in force-based
approaches to study DNA replication [54, 92, 103, 119, 201]. Recent
developments in substrate construction have made these substrates more
compatible with fluorescence studies. By fluorescently labelling a protein of
interest and staining the DNA with a fluorescent intercalating dye, both replication
kinetics and protein dynamics can be monitored simultaneously. Traditionally a
rolling-circle substrate has been the preferred DNA substrate for single-molecule
DNA-replication assays [7, 47, 106, 107, 120, 202]. These substrates consist of
circular dsDNA with a single-stranded overhang that resembles the replication
fork. By attaching the single-stranded overhang to a flow chamber surface,
reconstituted T7 or Escherichia coli replisomes can be introduced and selfassemble to initiate DNA synthesis. Applying a constant laminar flow,
hydrodynamically stretches out the growing DNA which is visualized in the
presence of fluorescent DNA stain. This robust assay has allowed for the precise
characterization of replication kinetics and replisome dynamics. While rollingcircle substrates are easy to develop and enable processive replication, their
circular nature limits spatial resolution. Long linear substrates are not hindered
by this limitation.
In all domains of life, replicative helicases hydrolyse ATP to translocate along
ssDNA and separate the parental DNA. One of the first steps in eukaryotic
replication initiation is the loading of the Mcm2–7 heterohexameric motor
domains. Mcm2–7 is then activated by recruitment of five accessory factors
(Cdc45 and GINS tetramer) to form the active helicase referred to as CMG
(Cdc45, Mcm2–7 and GINS). While CMG assembly is tightly regulated in vivo,
the active CMG can be purified and used in in vitro studies of post-initiation
events. Fluorescently labelled CMG was visualized on long linear DNA using
correlative single-molecule fluorescence and force-microscopy [171]. The
diffusive behaviour of CMG along the DNA substrate was monitored as a function
of force on the DNA. CMG diffused rapidly on dsDNA and was able to transition
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back on to ssDNA through a previously unidentified ssDNA gate in CMG (Fig.
2.4B) [8]. This gating process may play an important role in preserving CMG on
dsDNA during replisome-dependent DNA repair.
The reconstitution of the eukaryotic replisome requires a large number of
interacting proteins with different enzymatic activities. Key components include
the CMG helicase, three different multi-subunit DNA polymerases (leading-strand
Pol ε, lagging-strand Pol δ and Polα-primase), DNA-sliding clamp PCNA, clamploader RFC and the ssDNA binding protein RPA (Fig. 2.4A). In a recent study,
fully reconstituted Saccharomyces cerevisiae replisomes were assembled on to
forked linear DNA substrates (Fig. 2.4C) [12]. Progression of the replisome as it
replicated the substrate was monitored by visualizing the stained DNA.
Polymerases form an integral part of the replisome and are responsible for the
synthesis of DNA (Fig. 2.4A). By visualizing fluorescently labelled polymerases,
it was shown that the changing local concentrations of the key DNA polymerases
tunes their exchange dynamics [1].
Single-molecule FRAP assays were used to quantify the exchange rate. It
was shown that the exchange rate is dependent on the concentration of protein
in solution – the exchange rate increases with increasing concentrations (Fig.
2.4C). Surprisingly, the Pol α-primase and the lagging-strand Pol δ polymerase
can be reused within the replisome to support the synthesis of large amounts of
DNA. This observation was in contrast with the textbook model, which assumed
a new Pol δ is recruited every ∼10 s. The fact that Pol δ can be reused indicates
the existence of an interaction between Pol δ and a stable component of the
replisome [12]. Successful in vitro reconstitution of fully active minimal eukaryotic
replisomes has only recently been established [203, 204]. The development of a
single-molecule fluorescence assay using linear DNA substrates has opened up
the possibility to answer many outstanding questions. Specifically, answers to
questions related to protein stoichiometry and changes therein are now easily
accessible. The success of these experiments heavily relies on the quality of the
DNA substrates and fluorescence imaging protocols. Further development of
substrate preparation methods and fluorescence labelling will therefore likely play
an important role in the improvement of these assays.
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Figure 2.4 | Visualizing replication dynamics on long linear DNA substrates
A. Schematic representation of the Saccharomyces cerevisiae replisome. Figure adapted
from [1]. B. Representative kymographs of labelled CMG diffusing on linear dsDNA switching
from ds to ss DNA. RPA (blue) used to distinguish ssDNA from dsDNA. Figure reproduced
from [8]. C. Schematic representation of S. cerevisiae replication on double-tethered linear
DNA. Representative kymographs monitoring replication and labelled polymerases showing

exchange dynamics. Figure reproduced from [12]. D. Double-tethered dsDNA substrate
bound to dCas9-dL5 which blocks E. coli replication. Figure reproduced from [15].

2.8 Roadblocks on linear DNA substrates
DNA-maintenance processes such as replication, repair and transcription all
occur simultaneously in the cell, which will inevitably lead to situations in which
the protein factors supporting these processes physically collide on the onedimensional DNA substrate. Most of the mechanisms that are available to the cell
to overcome such conflicts are uncharacterized. The use of linear substrates is
invaluable in studying the mechanisms underlying enzymatic activities on DNA
substrates in vitro. By specifically introducing roadblocks into the DNA substrate,
collisions of enzymes with these roadblocks can be spatially and temporally
resolved. This allows for the visualization of changes in enzymatic behaviour
upon encountering the roadblocks.
In eukaryotic nuclei, DNA is wrapped around histone proteins resulting in
nucleosomes which form the basis of chromatin organization. DNA-maintenance
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processes need to be able to navigate these nucleosomes to find their binding
target. For example, Msh complexes (homologues of MutS) participate in the first
step of mismatch repair (MMR). Msh complexes scan the genome for DNA
mismatches and other lesions. To determine how Msh complexes scan
nucleosome-containing

DNA,

fluorescently

labelled

nucleosomes

were

specifically inserted on a linear DNA substrate [205]. In a two-color assay labelled
Msh and labelled nucleosomes were visualized simultaneously. It was shown that
Msh complexes can hop over nucleosomes while maintaining sufficient contact
with the DNA to recognize their binding target.
During DNA replication, DNA-binding proteins can impede the progress of
the replisome. Recently, fluorescently labelled nuclease-dead Cas9 (dCas9) was
used as a mimic for such DNA-binding proteins [15]. Cas9, (CRISPR-associated
protein 9) is commonly used as a genome editing tool because of its high
sequence specificity. Due to the specificity of dCas9, the location of the roadblock
on the substrate DNA could be tightly controlled (Fig. 2.4D). It was shown that
dCas9 blocks the progress of replication forks from viral, bacterial and eukaryotic
in vitro reconstituted replisomes, making dCas9 a broadly applicable roadblock
which can be effectively used on long linear substrates.

2.9 Outlook
In summary, the single-molecule visualization of protein–DNA interactions on
linear substrates allows the characterization of movement and dynamic
behaviour over long distances. Recent technological advances have enabled
high-throughput assays for efficient characterization of rare and short-lived
events. These assays have revealed that proteins and protein complexes behave
much more dynamically than previously anticipated [1, 206]. Most assays
described in this review use unmodified, naked DNA. In the cellular environment,
however, DNA contains numerous obstacles to protein function such as
nucleosomes, DNA damage, and other DNA-binding proteins. The quality and
customisability of linear DNA substrates now allows the insertion of (multiple)
specific modifications to create conditions approaching physiological contexts. In
the near future, these physiologically relevant substrates can be used to study
how DNA maintenance proteins are able to carry out their job amidst a crowded
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environment. For example, DNA–protein cross-links and lesions such as
interstrand cross-links can be introduced site-specifically. Furthermore, cohesin
can be loaded on the substrates to study cohesin in the context of replication.
The current technologies will also allow future studies on the real-time
visualization of interactions between DNA maintenance processes such as
replication and transcription.
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Chapter 3 | Production of long linear DNA substrates
with site-specific chemical lesions for single-molecule
replisome studies
Gurleen Kaur, Lisanne M. Spenkelink, Jacob S. Lewis, Slobodan Jergic,
Nicholas E. Dixon, Antoine M. van Oijen.
Single-molecule imaging studies using long linear DNA substrates have
revealed unanticipated insights into the dynamics of multi-protein systems.
The use of long DNA substrates allows for the study of protein–DNA
interactions with observation of the movement and behavior of proteins
over distances accessible by fluorescence microscopy. Generalized
methods can be exploited to generate and optimize a variety of linear DNA
substrates with plasmid DNA as a simple starting point using standard
biochemical techniques. Here, we present protocols to produce highquality plasmid-based 36-kb linear DNA substrates that support DNA
replication by the Escherichia coli replisome and that contain chemical
lesions at well-defined positions. These substrates can be used to visualize
replisome–lesion encounters at the single-molecule level, providing
mechanistic details of replisome stalling and dynamics occurring during
replication rescue and restart.
Published in Methods in Enzymology, 2nd April 2022

I developed the protocol for the preparation of the 18-kb, and 36-kb DNA
substrate, carried out all quantification and characterization of the DNA
substrates to validate the protocol, did all single-molecule DNA-replication
experiments, and I wrote the paper. Co-authors provided critical reviewing,
scientific discussions, input, and supervision.

The contents of this Chapter are published in collaboration with Prof Antoine van Oijen’s
laboratory at the University of Wollongong and are presented here with modifications.

65

3.1 Introduction
Single-molecule characterization has emerged as an important tool to
study protein–DNA interactions. In particular, fluorescence imaging has allowed
for the study of dynamic interactions on DNA [163]. An important factor in the
establishment of single-molecule assays is the development of generalized
methods to produce high-quality linear DNA substrates that are compatible with
the resolution of fluorescence microscopy and can be easily customized to
accommodate various experimental variables [207]. Plasmid DNA is a simple
starting point to create sufficiently long linear DNA with relative ease using
standard biochemical techniques. Similar to phage λ DNA, plasmid sequences
can be constructed to allow for the attachment of DNA handles needed to tether
the substrate to a surface or beads.
A generalized method has been outlined previously to create a linear DNA
substrate for single-molecule studies from a single plasmid [161]. The method
was used to produce forked linear DNA substrates of homogeneous structure
and length with the insertion of an internal Cy5 fluorophore. Similarly, the method
can be used to specifically incorporate modifications including UV lesions and
tertiary structures like G-quadruplexes. Such a substrate can be used to visualize
helicase unwinding activity, DNA synthesis, and DNA replication–roadblock
encounters, in a controlled system. In this case, the forked linear DNA acted as
an efficient substrate for in vitro DNA replication using reconstituted T7 replisome
proteins. The replication rates measured (193 ± 44 bp/ s) were similar to previous
studies [105, 119]. On average complete replication of a single double-tethered
substrate required about 1.5 min, sufficient time to capture events and additional
replication dynamics. However, the Escherichia coli (E. coli) replisome is a highly
efficient and much faster model replication system. An average event on this
substrate is estimated to take only 30–40 seconds (~18,300 bp substrate at an
average rate of replication of 500 bp/s) [7, 47]. Such a short time poses significant
experimental challenges. To capture E. coli replication dynamics more efficiently,
a longer substrate would be appropriate. While small (<20 kb) plasmid DNAbased substrates are easily constructed, the development of longer substrates
remains challenging. However, this generalized method can be exploited to
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optimize a variety of substrate parameters including length, site-specific
sequences, tertiary structures, or chemical modifications.
Here we report a method to generate high-quality plasmid-based long
linear DNA substrates. These long substrates support the visualization of fast
replisomes. We validate these substrates by visualizing DNA replication by the
E. coli replisome at the single-molecule level. Finally, we illustrate that this
method can be used to visualize replisome–lesion encounters at the singlemolecule level.

3.2 Materials and Methods
3.2.1 List of reagents and buffer components
See Table 3.1 for list of reagents and Table 3.2 for buffers components.
3.2.2 Custom oligonucleotides
Oligonucleotides (Table 3.3) were purchased from Integrated DNA Technologies
(USA). Oligonucleotides were dissolved in sterilized TE buffer to a stock
concentration of 100 μM and stored at -80°C. The site-specific cyclobutane
pyrimidine dimer (CPD) lesion oligonucleotide was a generous gift from Professor
Michael M.

Cox

(Wisconsin,

USA), originally purchased from

Trilink

BioTechnologies (USA).
3.2.3 Construction of pUBER plasmid
The plasmid pUBER (Addgene plasmid 80716) was generated as previously
described [161]. Briefly, two synthetic double-stranded gene blocks were inserted
into pSuperCos1 plasmid [11]. The key gene block insertion used for this protocol
was inserted between MluI and BstXI restriction sites to reduce the distance
between BstXI sites to allow for simple purification of the digested linear plasmid
DNA). Inserted sequences were verified by nucleotide sequencing. Plasmid DNA
(18,409 bp; 2 mg) was purified by Aldevron (USA). Although plasmid preparation
is possible to do in-house using various purification methods, it is important to
produce high-quality plasmid DNA as any nicks or damage on the DNA ultimately
translates to the single-molecule substrate preparation.
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3.2.4 Construction of an unmodified forked linear substrate
To construct an unmodified forked linear DNA substrate (Fig. 3.1A), typically 50
μg of pUBER plasmid DNA (4.6 mg/mL) was treated with 1 unit of BstXI per μg
DNA for 16 h at 37°C in 1x NEBuffer 3.1 (New England Biolabs) that cuts the
plasmid twice. The resulting long 18.3 kb linear fragment was resolved by gel
filtration chromatography on a Sepharose 4B column (0.7 x 25 cm; SigmaAldrich) equilibrated with elution buffer1 flown at 0.2 mL/min. The fractions
containing linear 18-kb fragment were pooled and dialyzed in sterile TE buffer1
overnight and then concentrated in a Savant SpeedVac (DNA 130) at room
temperature to increase the DNA concentration to ~100 μg/mL. Next, the fork and
capping oligonucleotides (Table 3.3) were annealed in the following molar ratios
respectively: 1:6:60 (E61Lg:E81Ld:EC57Primer or labeled oligonucleotides
where specified) and 1:1 (BlockLd:BlockLg). Annealed oligonucleotides were
separated on a 3% agarose gel run in 1x TAE buffer1 at 75 V and visualized by
staining the gel with SYBR safe. Confirming the annealing, both the synthetic
replication fork and capping oligonucleotides were ligated onto the linear 18-kb
fragment using 1 unit of T4 DNA ligase per μg DNA in 1 × CutSmart buffer
supplemented with 1 mM ATP and 10 mM dithiothretiol (DTT)2. Excess
oligonucleotides and T4 ligase were removed by purification on a Sepharose 4B
column in elution buffer as before. The resolution of the column efficiently
separates 18-kb DNA from the smaller oligonucleotides, however separation of
single-tethered and double-tethered 18-kb substrates is not possible. High
efficiency in the annealing and ligation steps ensures only a small fraction of the
final single-molecule DNA substrate is single-tethered. DNA concentrations of
each

collected

fraction

were

measured

using

a

NanoDrop

2000

spectrophotometer.

1

All buffers made were filtered through MF-Millipore membrane filter, 0.22 µm pore size.

2

Manufacturer recommendations for T4 DNA ligase is to use with T4 DNA ligase buffer.

To avoid precipitation and degradation of ATP and DTT in this buffer, 1x CutSmart buffer
supplemented with fresh DTT and ATP is used instead.
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3.2.6 In-vitro single-molecule microscopy
Single-molecule microscopy experiments were carried out on an Eclipse Ti-E
inverted microscope (Nikon) fitted with a CFI Apo TIRF 100x oil immersion
objective (NA 1.49, Nikon), as previously described [105]. The temperature was
maintained at 33°C by using an electrically heated chamber (Okolab). Images
were captured with a Hamamatsu C9100-13 EM-CCD camera. DNA molecules
were stained with SYTOX Orange (excitation peak at 547nm and emission peak
at 570 nm) and imaged with a 514-nm laser (Coherent, Sapphire 514–150 CW)
at 0.23 W/cm2. The Cy5 label (excitation peak at 649 nm and emission peak at
666 nm) was imaged with a 647-nm laser (Coherent, Obis 647–100 CW) at 0.14
W/cm2. The Cy3 label (excitation peak at 554 nm and emission peak at 568 nm)
was imaged with a 488-nm laser (Coherent, Sapphire 488–200 CW) at 3.17
W/cm2.
3.2.5 Construction of modified forked linear substrate containing a sitespecific CPD lesion
Modifications were made to the existing unmodified substrate protocol to
incorporate a site-specific internal CPD lesion (Fig. 3.2A). The substrate was
constructed in two separate blocks with the total length of the substrate being
36.8 kb. Block 1 was constructed by annealing the fork and linker oligonucleotides
(Table

3.3)

in

the

following

molar

ratios,

respectively:

1:6:60

(E61Lg:E81Ld:EC57Primer) and 1:1 (LdL:LgL). Block 2 was constructed by
annealing of the CPD linker (LinkerLg and LinkerCPDLd or labeled
oligonucleotides where specified) and capping oligonucleotides (Table 3.3), each
mixed in a 1:1 molar ratio. The respective sets of annealed oligonucleotides were
then ligated to the purified 18-kb linear DNA using 1 unit of T4 DNA ligase per μg
DNA in 1x CutSmart buffer supplemented with 1 mM ATP and 10 mM DTT.
Excess oligonucleotides and T4 ligase were removed from each block using gel
filtration chromatography on a Sepharose 4B column in elution buffer, as before.
Fractions pooled for each block were dialyzed separately in sterile TE buffer
overnight. Each block was then concentrated in the SpeedVac at room
temperature to increase the DNA concentration to ~100 μg/mL. Next, block 1 and
block 2 were ligated at a 1:1 molar ratio using 1 unit of T4 DNA ligase per μg DNA
in 1x CutSmart buffer supplemented with 1 mM ATP and 10 mM DTT and 15%
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PEG60003. The ligation resulted in 80% of 36-kb product being formed (Fig. 3.3)
with unligated block 1 and block 2 in solution. The ligation product was dialyzed
in sterile TE buffer overnight at 4°C to remove PEG and purified separation on a
0.5% low gelling temperature agarose gel until sufficient separation between the
36-kb and 18-kb bands was achieved. The 36-kb band was excised from the gel
and melted at 50 °C in TE buffer supplemented with 150 mM sodium acetate4
until completely dissolved. The solution was cooled to 42°C and the molten
agarose was digested with 1 unit of β-agarase I at 42°C for 1 h. The digested
agarose can be removed by separation on a Sepharose 4B column in elution
buffer or dialyzed in sterile TE buffer overnight.
3.2.7 Single-molecule E.coli DNA replication assay
Replication reactions were carried out in microfluidic flow cells constructed from
a PDMS flow chamber placed on top of a PEG-biotin-functionalized microscope
coverslip as previously described [7, 47, 103, 105]. Once assembled, all surfaces
of the flow-cell including connecting tubing were blocked against non-specific
binding by introduction of 100 µL of blocking buffer1. The linear DNA substrates
were surface tethered inside the flow chamber by flowing for 20 min at 17 μL/min
in the presence of 200 μM chloroquine5. The DNA was visualized by flowing in
150 nM SYTOX Orange (SxO) in replication buffer1. E. coli DNA replication
proteins were produced as described previously: β 2 clamp [208], SSB4 [209],
DnaB6(DnaC)6 [210], DnaG [211], the τ3δδʹψχ clamp loader [103], and αɛθ core
[7, 104]. E. coli replication reactions were carried out as previously described [7].
Briefly, 30 nM DnaB6(DnaC)6, 1 mM ATP, 10 mM DTT and 150 nM SxO in
replication buffer was loaded into the flow cell and incubated for 10 min.
Replication was initiated by flowing in replication buffer containing 30 nM αɛθ

Polyethylene glycol (PEG) is included in the ligation reaction to improve the reaction
rate and the overall yield. PEG acts as a volume excluder which effectively increases
the concentration of both the ligase and the DNA substrates, improving the overall
ligation efficiency.
4
Sodium acetate increases the melting temperature of the oligonucleotides preventing
any from melting off.
5
Chloroquine is added to stretch the DNA substrate to a length that is similar to the
crystallographic length of double-stranded DNA 125.
Yardimci, H., et al.,
Uncoupling of sister replisomes during eukaryotic DNA replication. Molecular cell,
2010. 40(5): p. 834-840.
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core, 10 nM τ3δδʹψχ clamp loader, 40 nM β2 clamp, 100 nM DnaG, 100 nM SSB4
and 150 nM SxO.
3.2.8 Analysis of substrate length and replication
All data were analyzed using ImageJ/FIJI (1.51j) and MATLAB 2016b, with inhouse built plugins. For length measurements, 1-min movies were averaged and
a 1D line profile was manually drawn across the molecule of interest; the startand end-points of double-stranded DNA were then located by taking the firstorder differential of the 1D line profile. Lengths were derived by calculating the
distance between the minimum and maximum peaks. Rates of replication of
single replisomes were obtained as previously described [12]. Briefly, the rate of
replication was obtained by first tracking the position of the fluorescence focus
corresponding to the globular lagging-strand product DNA that moves with the
replisome using the Linear-motion LAP tracker in TrackMate v3.6.0. Individual
rate segments were identified using kinetic change-point analysis. The rates
obtained from this algorithm were weighted by the DNA segment length, to reflect
the number of nucleotides that were synthesized at this rate. All results were
derived from at least three technical replicates.

3.3 Validation of methods and controls
3.3.1 Unmodified forked linear substrate
After purification of the substrate, its purity and homogeneity were
confirmed at the single-molecule level. DNA substrates were attached to the
surface of a microfluidic flow cell through a biotin–streptavidin linkage using a
flow rate of 17 μl/min (Fig. 3.1B). DNA molecules were visualized through staining
with the fluorescent double-strand DNA-specific dye SxO and imaged in the
absence of buffer flow (Fig. 3.1C). Under these conditions, 85.9 ± 0.4% (mean ±
S.E.M.) of DNA substrates were double tethered to the surface, presenting with
a low fraction of single-tethered substrates. The double-tethered 18-kb substrates
were measured with a length of 6.12 ± 0.04 μm (mean ± S.E.M.); (Fig. 3.1C). This
measurement agrees with the theoretical crystallographic length (6.24 μm) of the
forked linear substrate [161].
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To validate the full assembly of the synthetic fork, linear substrates were
constructed with fluorescently labeled oligonucleotides (Table 3.3). The presence
of the biotinylated primer is expected in all double tethered substrates, but this
can also be demonstrated by generating forked linear DNA substrates containing
EC57Primer-Cy5. The fluorescent primer was visualized in 90.3 ± 0.6% of DNA
substrates (Fig. 3.1D). The presence of the primer is only possible with the
presence of E81Ld. Therefore, presence of the primer automatically confirms the
presence of E81Ld. However, the E61Lg oligonucleotide can possibly be lost in
the case of a failed ligation. To confirm the presence of E61Lg and thereby the
quality of our protocol, linear DNA substrates were also generated containing
E61Lg-Cy3, with 75.5 ± 0.9% of substrates visualized to have a fluorescent
E61Lg oligonucleotide (Fig. 3.1E).
Finally, the full E. coli replisome was reconstituted to assess the efficiency
of DNA replication on the linear DNA substrates. In the absence of flow, surfacetethered DNA molecules stained with SxO were imaged and the replication
events were monitored through real-time single-molecule TIRF microscopy.
Replication events were identified through the growth of the lagging-strand
product, presented as a growing bright fluorescent spot that moves unidirectional
along the length of DNA. Concurrently, the brightness of the leading-strand
product remained unchanged indicating its persistent double-stranded nature
(Figure 3.1F). Under these conditions, the measured E. coli replication rates (540
± 40 bp/ s; mean ± S.E.M.) are similar to those measured in previous studies (Fig.
3.1G) [7, 47, 202, 210], with 80.4 ± 0.8% of replisomes replicating the entire
length of the DNA substrate. High processivity indicates that a large proportion of
DNA substrates bound to the surface are free from nicks, as nicks in the leadingor lagging-strand upon collision with an elongating replisome would result in
cleavage of the linear DNA substrate or loss of the product DNA (moving
fluorescent spot), respectively.
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Figure 3.1 | Construction and characterization of unmodified 18-kb forked linear
substrate. A. Schematic outline of the synthesis of the unmodified 18-kb forked linear
substrate from the pUBER plasmid. B. Side view schematic of 18-kb DNA substrate on a
functionalized coverslip double-tethered via streptavidin–biotin linkages. C. Snapshot of a
single-molecule TIRF microscopy field of view with double-tethered 18-kb DNA substrate
stained with SxO. Histogram of 18-kb DNA-substrate lengths. The black line represents a
Gaussian fit giving an average DNA length of 6.12 ± 0.04 μm (mean ± S.E.M.). D. (top)
Schematic of 18-kb substrate containing Cy5-labeled primer (EC57Primer-Cy5). (bottom)
Snapshot of a single double-tethered 18-kb DNA substrate generated with a labeled primer
oligonucleotide (magenta spot). E. (top) Schematic of 18-kb substrate containing Cy3-labeled
lagging-strand oligonucleotide (E61Lg-Cy3). (bottom) Snapshot of a single double-tethered
18-kb DNA substrate generated with a labeled lagging-strand oligonucleotide (green spot). F.
Representative kymograph of an in vitro E. coli DNA replication event. G. Single-molecule
histogram of E. coli replication rates. The black line represents a Gaussian fit with an average
rate of 540 ± 40 bp/s (mean ± S.E.M.).
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3.3.2 Modified forked linear substrate containing a site-specific CPD
lesion
To demonstrate the ability to introduce internal modifications such as a
CPD lesion using this method, an internally modified forked DNA substrate was
generated using an oligonucleotide with an internal site-specific CPD lesion (Fig.
3.2B). After purification of the substrate, the purity and homogeneity were
visualized at the single-molecule level by introducing the substrate into the flow
cell at a rate of 17 μl/min (Fig. 3.2C). Under these conditions, 65.7 ± 0.9% (mean
± S.E.M.) of DNA substrates were double tethered to the surface with a length of
12.6 ± 0.4 μm (mean ± S.E.M.) (Fig. 3.2C). To illustrate the incorporation of an
internally modified oligonucleotide, the modified 36-kb substrate was generated
by including LinkerLd-Cy5 instead of the LinkerCPDLd oligonucleotide (see Table
3.3). Under single-molecule imaging conditions, the position of the Cy5 label was
measured from the nearest tethered end to be 6.9 ± 0.9 μm (mean ± S.E.M.; (Fig.
3.2D).
As a proof of concept, we utilized E. coli replication proteins to assess the
efficiency of the CPD lesion as a block to replication on the leading strand. In the
absence of flow, surface-tethered DNA molecules stained with SxO were imaged
and stalled replication events were monitored through real time single-molecule
TIRF microscopy. Replication was confirmed through the unidirectional
movement of the lagging-strand product, which stalled at the position of the CPD
lesion (Fig. 3.2E). Under these conditions, 100% of events (N= 42) stalled at the
CPD lesion.
It is generally accepted that DNA replication can be restarted after collision
with a lagging-strand lesion through the normal Okazaki-fragment priming cycle.
This protocol design allows for easy customization to include a CPD lesion on the
lagging strand to directly visualize the lagging-strand lesion collision dynamics in
the future.
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Figure 3.2 | Construction and characterization of modified 36-kb forked linear substrate.
A. Schematic outline of the synthesis of the modified 36-kb forked linear substrate containing
a CPD lesion. B. Side view schematic of 36-kb DNA substrate containing a CPD lesion (black
cross) on a functionalized coverslip double-tethered via streptavidin- biotin linkages. C. (top)
Snapshot of a single-molecule TIRF field of view with double-tethered 36-kb DNA substrate
stained with SYTOX Orange. (bottom) Histogram of 36-kb DNA substrate lengths. The black
line represents a Gaussian fit giving an average DNA length of 12.6 ± 0.4 μm (mean ± S.E.M.).
D. (top) Schematic of 36-kb substrate containing an internal Cy5 modification (magenta star).
(middle) Snapshot of a single double-tethered forked linear DNA molecule generated with an
internal Cy5 modification (magenta spot). (bottom) Histogram of Cy5 position on the 36-kb
substrate. The black line represents a Gaussian fit giving an average Cy5 position of 6.9 ± 0.9
μm (mean ± S.E.M.). E. Kymograph of DNA replication stalling on modified 36-kb DNA
substrate containing a CPD lesion.
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Figure 3.3 |36-kb ligation 0.6% agarose gel. The 36-kb DNA ligation products were
separated by gel electrophoresis at 15V for 900 min and visualized by staining with SYBRsafe.
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3.4 Discussion and Summary
Here, we have adapted a generalized method to design and produce long
modified DNA substrates derived from a single plasmid. Our characterization of
the unmodified substrate using various fluorescent and biochemical techniques
ensures the production of a high-quality substrate. The substrate can be used to
visualize helicase unwinding activity, priming activity, and DNA synthesis at the
single-molecule level. Here we demonstrate observation of E. coli DNA
replication. This method produces reliable yields for single-molecule DNA
replication studies, where a single preparation produces an amount of material
sufficient for >200 experiments.
We use a site-specific CPD roadblock to demonstrate the suitability of this
approach to study protein dynamics at the replication fork at sites of replisome
stalling. Single-molecule visualization of DNA replication on linear templates has
been observed using replisomes from bacteriophages T7 and T4 and also
Saccharomyces cerevisiae. However, single-molecule studies of these
replisomes encountering lesions are lacking. While we demonstrate the use of
the lesion-containing template in DNA replication by the E. coli replisome, the
template can easily be adapted for studies on other DNA replication systems.
Similarly, the template can be adapted to study the influence of lesions on other
DNA-based processes. For example, the pUBER plasmid contains promoter sites
that allow transcription initiation and elongation.
The CPD lesion, although physiologically very relevant, comes with a high
cost of production, limiting easy access to this specific substrate design.
However, many other commercially available lesions, such as abasic lesions can
be incorporated at a much lower cost. Furthermore, there are other approaches
to customize this method to introduce a diverse range of roadblocks, such as
secondary structures and dCas9 binding sites [15]. Furthermore, the protocol can
be adapted to create chromatinized substrates to study the dynamic equilibrium
of nucleosomes in the context of DNA damage. This substrate presents a
uniquely customizable design that may prove useful in understanding fine
mechanistic details of replisome stalling and dynamics during replication rescue
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and restart, as well as observing movement and behaviour of other protein–DNA
interactions over distances.

3.5 Tables
Table 3.1 List of reagents
Supplier

Chemical and reagents

Ajax Finechem

Acetic acid
Acetone
Ethanol

Astral Scientific

Dithiothreitol (DTT)

Alfa Aesar

3-aminopropyltriethoxysilane (APTES)

Bioline

100 mM 2’-deoxyadenosine-5’-triphosphate (dATP),
100 mM 2’-deoxycytidine-5’-triphosphate (dCTP),
100 mM 2’-deoxyguanosine-5’-triphosphate (dGTP),
100 mM 2’-deoxythymidine-5’-triphosphate (dTTP),
Agarose (molecular grade)
100 mM adenosine 5’-triphosphate (ATP),
100 mM cytidine 5’-triphosphate (CTP),
100 mM guanosine 5’-triphosphate (GTP),
100 mM uridine 5’-triphosphate (UTP)

Laysan Bio

Biotin PEG
MPEG (MW 5000)

Life Technologies

10, 000 x SYBR safe
10, 000 x SYBR orange

New England Biolabs 6 × DNA Gel Loading Dye
(NEB)

β-Agarase I (M0392L)
BstXI (R0113L)
Low molecular weight DNA ladder (N3233S)
T4 DNA ligase (M0202L)

Sigma Aldrich

2-amino-2-hydroxymethyl-propane-1,3-diol (Trizma/Tris)
Adenosine 5’-triphosphate (ATP)
Ethylenediaminetetraacetic acid disodium salt dihydrate
(EDTA)
Bovine serum albumin (BSA)
Hydrochloric acid (HCl)
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Low gelling temperature agarose
Magnesium acetate
PEG6000
Potassium chloride (KCl)
Potassium glutamate
Potassium hydroxide
Sodium acetate
Sodium chloride (NaCl)
Tween-20
Sylgard

Polydimethylsiloxane (PDMS)

Thermo

Fisher GeneRuler DNA ladder 100–10,000 bp
λ/HindIII Marker

Scientific

Neutravidin (cat 31000)

Table 3.2 List of buffer components
Buffer

Components

Blocking buffer

50 mM Tris-HCl, pH 7.6, 50 mM KCl, 2% Tween-20

CutSmart buffer

50 mM potassium acetate, 20 mM Tris-acetate, 10 mM
magnesium acetate, 100 µg/mL BSA, pH 7.9 @ 25°C

Elution buffer

10 mM Tris-HCl, pH 7.6, 1 mM EDTA, 300 mM NaCl

NEBuffer 3.1

100 mM NaCl, 50 mM Tris-HCl, 10 mM MgCl2, 100 µg/mL BSA,
pH 7.9 @ 25°C

Replication buffer

25 mM Tris-HCl, pH 7.6, 10 mM magnesium acetate, 50 mM
potassium glutamate, 40 μg/mL BSA, 0.1 mM EDTA, 5 mM
DTT, 0.0025% (v/v) Tween20

Tris Acetate EDTA 40 mM Tris, 20 mM acetic acid, 1 mM EDTA, pH 8.0
(TAE) buffer
Tris

EDTA

(TE) 10 mM Tris-HCl pH 7.6, 1 mM EDTA pH 8.0

buffer
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Table 3.3 Custom oligonucleotides
Oligonucleotide

Sequence

FORK
E61Lg

5ʹ-TTTTTTTTTTTTTTTTTTTTTTTTTTTTTTCCAATTCTCACT
TCCTACCACATCGGTCGAT-3ʹ

E61Lg-Cy3*

5ʹ-/5Cy3/TTTTTTTTTTTTTTTTTTTTTTTTTTTTTTCCA
ATTCTCACTTCCTACCACATCGGTCGAT-3ʹ

E81Ld

5ʹ/5Phos/ACCGATGTGGTAGGAAGTGAGAATTGGCCGAGGAA
AGAAATGTTGGTGAGGGTTGGGAAGTGGAAGGATGGGCTC
GAGAGG-3ʹ

EC57Primer

5ʹ/5Biosg/TTTTTTTTTTTTTTTTTTTTCCTCTCGAGCCCATCCTT
CCACTTCCCAACCCTCACC-3ʹ

EC57Primer-Cy5*

5ʹ/5Biosg/TTTTTTTTT/iCy5/TTTTTTTTTTTCCTCTCGAGCCCAT
CCTTCCACTTCCCAACCCTCACC-3ʹ

LINKER
LgL

5ʹ-/5Phos/AGTCGCAGCTATAGGTGGCATTTCAGGCAG-3ʹ

LdL

5ʹ-/5Phos/CTGAAATGCCACCTATAGCTGCGACTCATG-3ʹ

CPD LINKER
LinkerLg

5ʹ/5Phos/GCGTAATGGAAGAATTCGAACCTACCCGCGAT-3ʹ

LinkerCPDLd

5ʹ -/5Phos/CGGGTAGGTTCGAATTCTTCCATTACGCCTGC- 3’

LinkerLd-Cy5*

5’-/5Phos/CGGGTAGGTTCGAAT/iCy5/TCTTCCATTACGCCT
GC- 3’
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CAPPING
BlockLg

5ʹ-/5Phos/AGTCGCAGCTATAGGTGGCATTTCAG-3ʹ

BlockLd

5ʹ-/5Biosg/ CTGAAATGCCACCTATAGCTGCGACTCATG- 3ʹ

* Cy3 or Cy5 dye is covalently attached to the ribose at 5ʹ terminus or internally
of the oligonucleotide [212]
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Chapter 4 | E. coli replisome dynamics during lesion
encounter
Chapter summary

The replisome frequently overcomes roadblocks by a variety of enzymatic
pathways that act to ensure continuation of fork progression and restart
replication in the case of arrest. The molecular details of the processes that occur
upon collisions of the replisome with a lesion in the template DNA are still not
completely uncovered. Here, for the first time, we observe direct replisome
collisions with site-specific cyclobutane pyrimidine dimer lesions on linear
substrates at the single-molecule level. Using single-molecule techniques and
long, linear DNA substrates, we demonstrate that site-specific cyclobutane
pyrimidine dimers in the leading-strand template are efficient at blocking the
Escherichia coli replisome. To highlight the strength of this assay, we
characterize the behaviour of fluorescently-labelled DNA polymerases during
replisome stalling. Interestingly, we see that the replisome appears to remain
stably associated at the stalling site after colliding with the lesion while
polymerases are dynamically exchanging. Despite strong suggestions in
literature of efficient replication re-initiation, under the conditions used we do not
observe any replication bypass of the lesion. We discuss implications of our
findings for the multi-step mechanism of lesion bypass along with possible future
work to further our understanding of replication stalling and restart.

I carried out all single-molecule experiments, data analysis and quantification,
and I wrote this chapter. Supervisors provided critical reviewing, scientific
discussions, input, and supervision.
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4.1 Introduction
The replisome is a multi-protein complex which efficiently replicates DNA in a
highly coordinated cycle of enzymatic events. In Escherichia coli, the replisome
is composed of the helicase DnaB, the primase DnaG, the DNA Pol III (αεθ), the
clamp (β2), the clamp loader (τ3δδ′ψχ), and the single-strand DNA-binding protein
SSB. Several protein–protein interactions of varying strengths exist in the
replisome to maintain the integrity of the complex and to enable a variety of
dynamic processes. The interaction between DnaB and DnaG is required to
attract the DnaG primase to the fork [213, 214]. Pol III and the clamp loader are
physically coupled through α and τ, forming the Pol III* subcomplex [215] and Pol
III* and the β clamp form the Pol III holoenzyme (Pol III HE) [26]. Lastly, the τ
subunit mediates the interaction between the DnaB helicase and Pol III HE [216].
A simple model of bacterial replication depicts the replisome proceeding without
interruption to synthesize DNA in an accurate and efficient manner. However, it
comes as no surprise that replisomes frequently stall and dissociate because of
encounters with DNA damage, transcription complexes, other tightly-bound
protein–DNA complexes, and as a response to cellular stress. In bacteria, such
genomic instability can result in the genetic changes that drive antimicrobial
resistance evolution [217]. Genomic stability is maintained through pathways that
support continued replication by minimising the frequency or impact of
collisions, and identifying and repairing stalled forks [218, 219]. The exact
molecular mechanisms that occur upon replisome–lesion encounter will
determine which of these pathways is employed. Although the pathways of
restart and repair have been heavily studied through structural biology, genetic
and classical biochemistry approaches, recent studies utilising single-molecule
techniques have uncovered finer molecular details. Transient intermediate
states previously unknown can be examined through the application of singlemolecule techniques that enable a real-time monitoring of the progression of
individual replication reactions. Such methods visualize details that help us
take the next step in refining molecular models and asking the next set of
questions.
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4.1.1 Replication fork dynamics: Plasticity vs stability
Plasticity is a term not typically associated with biochemical reactions, rather a
concept used to understand phenotypic changes in genetics, pliability of
synaptic connections in the brain or physical properties of materials.
Conversely, the classic textbook view taught in biochemistry depicts
biochemical reactions as defined and calculated, resulting in discrete
complexes that are largely deterministic. Most biochemical pathways require
the involvement of multiple protein components, typically forming large
complexes which progress in a well-described manner through various catalytic
states and conformations. Single-molecule approaches have enabled the
observation of operating principles that at face value are much more chaotic
and have challenged our simplified views of biochemical reactions.
Single-molecule approaches provide us the opportunity to understand the
nature of molecular processes one molecule at a time. Recent publications
have underscored the role of single-molecule approaches in elucidating
mechanistic details of biological systems. Liu et al. (2018) and Kim et al. (2018)
illustrate the stochasticity and plasticity by which proteins recognize
mismatched nucleotides using ATP to stably link themselves to the DNA to
facilitate interactions with different proteins. Single-molecule studies have also
shown that many complexes that previously were assumed to be stable, have
continuously exchanging components [7, 12, 110, 111, 112, 113, 202]. These
dynamics become more prevalent when multi-protein complexes grow in size
and contain a larger number of protein–protein interactions. Johnston et al.
(2018) discuss how the gaps in our current understanding of the chaperone
action of heat-shock proteins have been addressed using single-molecule
methods and how assemblies of small heat-shock proteins support the ability
to dynamically interact with their client proteins. Similarly, diffusive and
stochastic processes define the clustering of large numbers of receptor tyrosine
kinases and their ability to support downstream signalling pathways [220]. In
the bacterial flagellar motor, dynamic exchange of subunits facilitates
adaptation and regulation [221].
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Decades of research using the model bacterial replisome from Escherichia coli
have identified the structure and functions of many core replisome subassemblies [6]. However, the coordination of enzymatic events and organization
of individual components at the replication fork are still being uncovered. Until
recently, the replisome was thought to be stably held together for the entirety
of the replication process, during which the same DNA polymerases were reused for the repeated synthesis of Okazaki fragments [108, 109]. Singlemolecule fluorescence imaging of T7 bacteriophage replisomes have shown
that DNA polymerases undergo, rapid and frequent exchange in and out of
replisomes [110, 111]. These apparent conflicting views can be explained
through the reduction of the association rate of polymerases to the replication
fork by the dilution applied in classical biochemistry approaches to monitor
replication. In the cell, polymerase exchange is thought to prevent replication
from occurring in sub-optimal conditions. Studies carried out in several
laboratories using single-molecule methods have in fact confirmed that DNA
polymerases in the E. coli replisome are frequently exchanged at the replication
fork [7, 112]. These studies were able to extract the dwell times of individual
polymerase at the replication fork as well as identifying the dependence of
exchange frequency on polymerase concentration. Furthermore, singlemolecule studies in other living cells have seen DNA polymerases in Bacillus
subtilis (a gram-positive bacterium) being recruited and released from active
replisomes [113]. Collectively, these observations support a view of a highly
dynamic replisome, one that allows both recycling and exchange of
components.
Introduction of single-molecule approaches to our experimental toolkits has
changed our view of multi-protein systems, whereby their operating principles
is not as linear and deterministic as previously suggested. Rather, these multiprotein systems may utilize many different pathways to achieve the desired
outcome. The way in which this outcome is achieved will be largely dictated by
the kinetic and thermodynamic boundary conditions encountered along the
way.
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4.1.2 Lesion bypass: re-initiation of stalled or damaged replication forks
To overcome the threat of damage on the DNA, cells have evolved different
replication restart pathways. These pathways recognize and remodel stalled
replication forks to allow for the reloading of proteins and re-initiation of
replication. Replication restart events can occur directly (without the need for
additional restart proteins) or following DNA-repair pathways that involve
specialized proteins. In E. coli several restart proteins (PriA, PriB, PriC and DnaT)
play a role in the replication restart mechanisms to reload the replisome at
collapsed forks. A stalled replisome is considered collapsed once the helicase
DnaB dissociates. To re-initiate replication the helicase must be reloaded.
Currently, several studies have uncovered key details of the structural
mechanisms involved to support this essential pathway, with three defined
pathways in E. coli classified as either PriA-meditated or PriC-mediated [reviewed
in 218, 219]. At a collapsed fork, PriA is the first protein to respond, binding
directly to the fork. Subsequently PriB and DnaT (PriA/PriB pathway) or PriC
(PriA/PriC or PriC-mediated pathway) assemble into the PriA-DNA complex
formed. This essentially creates a contact point for recruitment of the replisome
proteins. The exact mechanism in the PriA/PriB pathway where the ternary
complex formed by PriA, PriB and DnaT loads DnaB from the DnaB/DnaC
complex remains undefined. PriC is competent to load DnaB from a DnaB/DnaC
complex in the absence of other proteins. Once DnaB has been assembled the
remaining replisome proteins are able to reload at the remodelled fork.
Replication restart can also occur in the absence of these restart proteins, with
the replisome proteins directly being able to overcome damage on the DNA (Fig
4.1). Collisions between replisomes with damage on either the leading- or
lagging-strand template DNA result in different consequences. It is generally
accepted that DNA replication can be restarted after collision with a laggingstrand lesion through the normal Okazaki-fragment priming cycle [222]. Yet
whether leading-strand template lesions present an absolute block which
requires active removal or whether the lesion is bypassed through reinitiating
downstream priming is still debatable.
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The initial consensus in the field was that leading-strand priming is only possible
at the origin of replication. The discovery that DnaG primase can prime the
leading strand outside the context of the origin opened the possibility of leadingstrand re-initiation [223]. Further studies revealed that the E. coli replisome
transiently stalls at a site-specific cyclobutane pyrimidine dimer (CPD) lesion on
the leading-strand template, skipping over the lesion by reinitiating replication
downstream, a mechanism dependant on DnaG primase but independent of any
known replication-restart proteins [224]. These observations revealed that the
replisome can tolerate leading-strand template lesions without dissociating and
synthesizes the leading strand discontinuously.
4.1.3 Aims of this chapter
Our understanding of the molecular details of how leading-strand template
damage can be efficiently bypassed by re-initiating leading-strand synthesis
downstream is still unclear. Importantly, how the inherent dynamic nature of the
replisome revealed through recent data [7, 112] influences and impacts the
outcomes of lesion skipping has not yet been explored (Fig. 4.1). In this chapter,
we attempt to interrogate the interplay between both leading-strand lesion
skipping and polymerase exchange dynamics. Using linear DNA substrates
containing site-specific CPD lesions [225], we observe the dynamics that occur
during stalling of the replisome at a CPD lesion and replication restart dynamics
of the proteins involved.
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Figure 4.1 – E. coli replication collision with lesion on leading or lagging strand DNA
substrate. A. Schematic of replication collision of the replisome with a lesion on the
lagging strand template strand (right). Replisome is able to easily bypass through Okazaki
fragment priming cycle (left). B. Schematic of replication collision of the replisome with a
lesion on the leading strand template strand (right). The role of polymerase exchange
dynamics during re-initiation of leading strand synthesis downstream in un explored.
Possible outcomes of the role of polymerase exchange of bypass (left).
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4.2 Materials and methods
4.2.1 Protein purification and labelling
E. coli replication proteins
E. coli DNA replication proteins were produced as described previously: β 2
clamp [226], SSB4 [227], DnaB6(DnaC)6 [210], DnaG [228], the τ3δδʹψχ clamp
loader [103], and αɛθ core [7, 229].
Labelled αεθ-AF647
The SNAP-labelled Pol III core used for replication assays were generously
prepared and purified by Dr. Jacob Lewis [7]. Briefly, SNAP-Surface 649 (red;
New England Biolabs), was used to label SNAP-α. All labelling reactions were
carried out using a two-fold molar excess of dye with 27 μM SNAP-α in 1 ml of
50 mM Tris-HCl pH 7.6, 2 mM dithiothreitol, 100 mM NaCl, 5% (v/v) glycerol
(buffer Fα) for 2 hr at 23°C, followed by 6°C overnight with gentle rotation.
Following the coupling, the reaction mixture was supplemented with 1 mM EDTA
and excess dye was removed by gel filtration at 1 ml/min through a column
(1.5 × 10 cm) of Sephadex G-25 (GE Healthcare, Chicago, IL) in buffer Fα + 1
mM EDTA. Fractions containing the labeled SNAP-α were pooled and dialysed
in buffer Eα, frozen in liquid N2 and stored in aliquots at –80°C. The degree of
labelling was measured to be 90% for SNAP-α649 and 83% for SNAP-α488 by
UV/vis spectrophotometry.
4.2.2 DNA substrate preparation
Oligonucleotides and DNA
Oligonucleotides were purchased from Integrated DNA Technologies (USA)
[225]. The site-specific CPD lesion oligonucleotide was a generous gift from
Professor Michael M. Cox (Wisconsin, USA), originally purchased from Trilink
BioTechnologies (USA). The plasmid pUBER was generated as previously
described [161].
Construction of modified forked linear substrate containing a site-specific CPD
lesion
The 36-kb CPD containing forked linear substrate was generated as previously
described [225]. Briefly, the substrate was constructed in two separate blocks
(block 1 and block 2) with the total length of the substrate being 36.8 kb. Block 2
contained the oligonucleotide synthesized with site-specific CPD lesion with the
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location of the lesion in the middle of the substrate (18.4 kb). After ligation of block
1 and block 2 the resulting 36-kb product was isolated through gel separation,
agarose digestion and gel filtration.
4.2.3 Single-molecule DNA replication assays
In-vitro single-molecule microscopy
Single-molecule microscopy experiments were carried out on an Eclipse Ti-E
inverted microscope (Nikon) fitted with a CFI Apo TIRF 100x oil immersion
objective (NA 1.49, Nikon). The temperature was maintained at 33°C by using an
electrically heated chamber (Okolab). Images were captured with a Hamamatsu
C9100-13 EM-CCD camera. Fluorescently-stained DNA molecules were imaged
with a 514-nm laser (Coherent, Sapphire 514–150 CW) at 0.42 W/cm2. AF647
was imaged with a 647-nm laser (Coherent, Obis 647–100 CW) at 0.24 W/cm2.
Single-molecule E. coli DNA replication assay
Replication reactions were carried out in microfluidic flow cells constructed from
a PDMS flow chamber placed on top of a PEG-biotin-functionalized microscope
coverslip as previously described [7, 47, 103, 105]. Once assembled, all surfaces
of the flow-cell including connecting tubing were blocked against non-specific
interactions by introduction of 100 µL of blocking buffer (as listed in Table 3.2).
The linear DNA substrates were surface tethered inside the flow chamber to the
top surface of the microscope cover slip by flowing for 20 min at 17 μL/min in the
presence of 200 μM chloroquine. The intercalator chloroquine is added to stretch
the DNA substrate to a length that is similar to the crystallographic length of
double-stranded DNA. The DNA was visualized by flowing in 150 nM SYTOX
Orange (SxO) in replication buffer (as listed in Table 3.2). E. coli replication
reactions were carried out as previously described [7, 225].
Measurement of the number of molecules of fluorescently-labelled proteins at
the replisome
The average intensity of labelled proteins was quantified by immobilization of
proteins through non-specific adsorption on the surface of a cleaned microscope
coverslip in the presence of replication buffer with ~10 pM of labelled protein.
Imaging was carried out under the same conditions used during the singlemolecule replication experiments. The intensity of each fluorescently-labelled
protein was calculated from the field of views collected. The histograms obtained
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were fit with a Gaussian distribution function using MATLAB 2016b, to determine
a mean intensity. The total number of molecules was calculated at every time
point during DNA replication by dividing their intensities by the intensity of a single
molecule. Resultant histograms were fit to Gaussian distribution using MATLAB
2016b.
Fluorescence Recovery After Photobleaching
For the single-molecule FRAP experiments, replication was initiated and imaged
as described above. After 2 minutes, when all replisomes had reached the CPD
lesion, a FRAP pulse of high laser power (242 mW/cm2) was used to photo bleach
all fluorescently-labelled polymerases in the field of view. The recovery of the
fluorescence signal was monitored for 15 min as unbleached polymerases from
solution exchanged into the replisome [7].
Analysis of single-molecule kinetics
All analyses were carried out using ImageJ/FIJI (1.51w) and MATLAB 2016b, and
in-house built plugins. The rate of replication of a single molecule was obtained
by first tracking the position of the fluorescent focus corresponding to the globular
lagging-strand product DNA that moves with the replisome using the Linearmotion LAP tracker in TrackMate v3.6.0 (Tinevez et al., 2017). Individual rate
segments were identified using kinetic change-point analysis (Duderstadt et al.,
2016; Hill et al., 2018; Lewis et al., 2017b). The rates obtained from this algorithm
were weighted by the DNA segment length, to reflect the number of nucleotides
that were synthesized at this rate (Lewis et al., 2017b).
Data and code availability
Raw data are available upon request. All home-built ImageJ plugins used in this
study are freely available on the GitHub repository for Single-molecule/Image
analysis tools (https://github.com/SingleMolecule) or available upon request.
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4.3 Results
4.3.1 Single-molecule DNA replication on long linear substrates
To visualize collisions of the E. coli replisome with CPD lesions, we used long
linear DNA substrates that can be stretched and tethered to the surface of a
microfluidic flow cell. A synthetic replication fork at one end of this substrate
allows for the assembly of the replisome and initiation of replication [225]. We can
monitor the movement of the replisome along the DNA track in real time and
visualize lesion encounters (Fig 4.2A). To validate our assay, we first quantified
DNA replication characteristics on a substrate that is free of lesions. In the
absence of flow, surface-tethered DNA molecules stained with SxO were imaged
and the replication events were monitored through real-time single-molecule
TIRF microscopy. Replication events were identified through the growth of the
globularly coiled lagging-strand product, presented as a growing bright
fluorescent spot that moves unidirectionally along the length of DNA.
Concurrently, the brightness of the stretched leading-strand product remained
unchanged compared to the template DNA, indicating successful replication of
the leading strand. To quantify the instantaneous rates of replication, we tracked
the position of the lagging-strand spot. Under these conditions, the E. coli
replication rates were measured to be 512 ± 25 bp/ s; mean ± S.E.M (Fig 4.2B,
4.2C), in agreeance with previously measured rates [7, 47, 225]. The replication
efficiency, defined as the number of replication events observed divided by the
number of DNA substrates on the surface, is 9.0 ± 0.8 %, consistent with
previously established in vitro E. coli DNA replication [230]. Of all observed
replication events, 85% of replisomes replicated the entire substrate. Of the
remaining 15% of events, no molecules stall but substrates break instead.
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Figure 4.2 – E. coli replication on non-lesion DNA substrate.
A. Schematic of replication on non-lesion linear DNA substrate. Proteins assemble at the
synthetic fork and replicate unidirectionally across the substrate. B. Representative
kymograph of an in vitro E. coli DNA replication event on non-lesion DNA substrate. C.
Single-molecule histogram of E. coli replication rates on non-lesion DNA substrate. The
black line represents a Gaussian fit with an average rate of 512 ± 25 bp/s (mean ± S.E.M.).

4.3.2 Real-time observation of replisome dynamics during lesion
collisions and replication stalling
Next, we introduced a CPD lesion in the middle of the DNA substrate [225] (Fig.
4.3A). In contrast to replication on the CPD-free substrate, none of the replisomes
replicate the full 36-kb DNA substrate (Fig. 4.3B). Of all replisomes that replicate
to the position of the CPD lesion, 100% of replisomes stall (Fig 4.3C). To further
confirm that this stalling is due to the presence of the CPD lesion, we measure
the stalling position of the replisome. The position of replisome stalling was
measured from the synthetic-fork end to be 48.5 ± 1.4 % (mean ± S.E.M.; (Fig
4.2D). This is in excellent agreement with the location of CPD lesion introduced
at 18.5 kb of the 36.8 kb substrate, in the middle of the substrate. At this point we
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have successfully observed E. coli replisome collisions with site-specific CPD
lesions resulting in a stalled replication fork.
4.3.3 Re-initiation of replication post-stalling at CPD lesions is not
observed
The leading-strand re-initiation model hypothesizes that leading-strand
replication can be re-initiated downstream of DNA damage (such as a CPD
lesion) through a re-priming event on the template strand. In the event of
replisome stalling, the helicase DnaB must unwind past the lesion to provide
enough ssDNA downstream of the lesion to facilitate repriming by the primase
DnaG. According to previous studies re-initiation occurs within a few minutes of
the replisome stalling [224]. We monitored stalled replisomes for 10 minutes to
allow for sufficient time for re-initiation to occur. During this time window, no
replication reaction passed the CPD site, and we did not observe re-initiation of
replication. The time scale of imaging was further increased to a total of 30
minutes. Nevertheless, this extended window still did not result in the observation
of any replication re-initiation events, under our experimental conditions (Fig
4.3E). Using bulk biochemical assays it has been shown that the efficiency of
replication restart of a eukaryotic replisome depends on the primase
concentration [222]. Therefore, we repeated our assay at a 3-fold higher primase
concentration (300 nM). Again, we did not see any replication restart events.

96

Figure 4.3 – E. coli replisome dynamics during CPD lesion collisions
A. Replisome collision with the CPD lesion located in the middle of the substrate results in
replication stalling. B. Representative kymographs of an in vitro E. coli DNA replication event

on CPD lesion DNA substrate measured for 10 min and 30 min. C. Bar graph of number of
stalling events observed on lesion-free vs. CPD-lesion substrate. D. Histogram of stalling
position on the CPD lesion substrate measured as a percentage of stalling position on the
substrate. The black line represents a Gaussian fit giving an average stalling position of 48.5
± 1.4 % (mean ± S.E.M.). E. Histogram of time of stalling events, with an average stalling
time of 18.8 min. Overlayed is stalling time of events where the DNA substrate eventually
breaks.
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4.3.4 Real-time observation of Pol III* dynamics during CPD lesion
collisions
One of the main outstanding questions in the field is what happens to the
individual proteins in the replisome upon encountering a lesion. With our assay,
we now for the first time have the tools to answer this question. To illustrate this,
we characterized the behaviour of the Pol III* complex (holoenzyme lacking only
the β2 sliding clamp). We use a fluorescently-labelled Pol III* which has been
previously shown to be fully active in replication [7]. First, we measured the
activity of the fluorescently-labelled Pol III* complex on the lesion-free substrate
(Fig 4.4A). Simultaneous imaging of the linear substrates and labelled Pol III*
shows that the polymerase signal colocalizes with the growing lagging-strand
spot, confirming that the labelled Pol III* is a functional component of the
reconstituted E. coli replisome (Fig 4.4B). We then proceeded to observe the
behaviour of the labelled polymerases during stalling events by repeating the
assay on the CPD-lesion containing substrate. The kymograph (Fig 4.4B) shows
the fluorescence of the labelled polymerase during a stalling event on the CPD
lesion substrate. As observable from the kymograph, we see a clear stalling event
at the site of the lesion. All molecules that replicate and stall at the site of the
lesion show co-localization of the globular lagging-strand product (marking the
fork position) with the fluorescence signal of the DNA polymerases (Fig 4.4B).
4.3.5 Exchange dynamics occurring during stalling events.
Previous in vitro single-molecule assays with fluorescently-labelled polymerases
have demonstrated that the Pol III* complex is able to rapidly exchange during
processive

DNA

replication.

These

observations

have

illustrated

the

concentration-dependent exchange mechanism that facilitates replacement of
replisome components dependent on their availability in solution, revealing a
balance between the stable and dynamic nature of multi-protein complexes.
With free polymerases in solution, we observe that the labelled polymerases at
the stalling site on the CPD lesion substrate are highly resistant to photobleaching
(30 minutes of imaging time, photobleaching lifetime in seconds). This
observation suggests that the polymerases are undergoing continuous exchange
from solution into the replisome stalled at the CPD site. One hypothesis to explain
the polymerase exchange seen in unhindered, progressing replisomes is that the
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lagging-strand polymerases dissociate at the end of each Okazaki fragment
produced. However, the exchange is also observed at the replisome stalled at
the lesion in the absence of Okazaki-fragment synthesis, alluding to the possible
role exchange mechanisms may play in lesion bypass.
To quantify polymerase exchange occurring during replisome stalling at a
CPD lesion an in vitro single-molecule FRAP (fluorescence recovery after
photobleaching) assay was used (Fig 4.4C). A FRAP pulse of high laser power
was used to rapidly photo bleach all Pol III* in the field of view. By bleaching the
fluorescence signal of Pol III* complexes, we can monitor the recovery of the
fluorescence signal as unbleached Pol III*s from solution exchange into the
replisome. From the few molecules (N=9) observed after the FRAP pulse, Pol
III*s bleach entirely, followed by a recovery of the fluorescence intensity as
unbleached Pol III*s exchange into the replisome from solution (Fig 4.4C). After
monitoring the recovery of the fluorescence signal, we can calculate the average
intensity after the FRAP pulse over time (Fig 4.4C). These averaged FRAP
curves will allow us to calculate the exchange time of 10 nM Pol III*, but larger
data sets are required to allow a statistically more relevant value to be
determined.

Figure 4.4- Polymerase dynamics during CPD lesion collisions and replication stalling
A. Schematic of labelled polymerases during replication on CPD lesion substrate. B.
Representative kymograph showing in vitro E. coli DNA replication (left) labelled
polymerases (middle) and polymerase intensity as a function of time (right). C. Fluorescence
Recovery After Photobleaching assay. (top) Imaging sequence used during the FRAP
experiment. A representative kymograph of Pol III*s at the replication fork. (bottom) Intensity
over time for an individual replisome in the presence of Pol III* in solution .
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4.4 Discussion
We report here the real-time observation of E. coli replisome collisions with
physiologically relevant site-specific CPD lesions on linear substrates at the
single-molecule level. This assay allows for the direct observation and
quantification of protein dynamics in the replisome during lesion encounter,
measurements previously not accessible via classical biochemical approaches.
Single-molecule visualization of DNA replication on linear substrates has been
observed using replisomes from bacteriophages T7 and T4, E. coli, and
Saccharomyces cerevisiae. However, single-molecule studies of these
replisomes encountering lesions have not been reported yet. Here, for the first
time, we observe direct replisome collisions with site-specific CPD lesions on
linear substrates.
The results included in this chapter represent an initial exploration into the
dynamics of the replisome occurring during lesion collisions. The assay requires
further investigation to arrive at a deeper understanding of the mechanisms
involved. This discussion highlights the need for further single-molecule
characterization of this process, some insights into the dynamics of lesion
skipping and possible implications of polymerase exchange mechanisms in the
context of replication re-initiation.
4.4.1 Future single-molecule studies of exchange behaviour
To further characterize the dynamic behaviour of Pol III* complexes at stalled
replication forks and directly visualize the exchange in real time, mixtures of two
different colored Pol III*s could be used, as previously shown [7]. It is also
important to confirm the rate of exchange dependency on Pol III* concentration.
Further FRAP assays measuring Pol III* exchange time at varying concentrations
would allow for a comparison in exchange rates. The ability of the replisome to
bypass leading-strand lesions may be dependent on the polymerase
concentration in solution, making it key to duplicate this assay at varying
polymerase concentrations. In conditions where bypass is observed, the assay
should be repeated with pre-assembly conditions (where no free polymerases
are available in solution for exchange) to examine the role that polymerase
exchange dynamics play in lesion bypass.
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4.4.2 Dynamics of leading-strand lesion skipping
Classic biochemical experiments carried out in vitro using a circular DNA
substrate containing a single, site-specific CPD lesion show that the replisome
stalls transiently at the site of damage. Despite the absence of any known
proteins required for origin-independent replisome assembly, replication appears
to resume downstream of the lesion [224]. In this assay, for re-initiation to occur
there must be coordination of multiple steps at the site of stalling. After collision
with the lesion sufficient ssDNA must be unwound by DnaB helicase on the
leading-strand substrate to enable primer synthesis to occur. Following this
unwinding, DnaG primase must be recruited (via interaction with DnaB), and
primer synthesis must occur. Next, assembly of a new clamp is required, allowing
for recruitment of a leading-strand polymerase and hence restart of leading- and
lagging-strand synthesis. This DNA damage tolerance reaction has been termed
lesion skipping. Direct observation of the details of this mechanism and how all
these steps at stalled forks are regulated, however, has not been achieved yet.
Our single-molecule assay may further prove useful in expanding our
understanding of the fine mechanistic details of replisome stalling and dynamics
during replication rescue and restart. Under the current conditions, we do not
observe re-initiation occurring at the single-molecule level. Considering there are
multiple steps involved in this mechanism it is important to probe the exact step
which may possibly hinder re-initiation.
For re-priming to occur on the leading strand after collision with a lesion,
single-stranded DNA must be produced. Currently it is unknown whether leadingstrand polymerase remains bound after collision with the leading-strand lesion
and the helicase continues forward producing new single-stranded DNA, or the
polymerase-helicase complex remains intact [120]. This assay has the
capabilities to possibly examine whether DnaB helicase becomes physically
decoupled from Pol III* during leading-strand lesion bypass.
It has been previously shown that the efficiency of leading-strand reinitiation, was influenced by the concentration of DnaG primase (Yeeles and
Marians 2014). Recent studies in the van Oijen and Dixon laboratories have
demonstrated the significance of DnaG primase in inducing a conformational
change in the DnaB helicase from a constricted-like state with low affinity for the
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clamp loader complex to a dilated-like state with a high affinity for the clamp
loader complex [231]. A primase-to-polymerase switch was proposed to allow
timely engagement of new Pol III*s into the DNA synthesis process. Given these
new observations it is tempting to speculate that such a primase-to-polymerase
switch via the DnaG-induced conformational change in the helicase may play a
role in dealing with lesions on template DNA. This induced conformational change
may permit timely physical decoupling between DnaB and polymerase when
priming on the leading strand becomes necessary.
It is important to utilize the assay described in this Chapter to investigate
the mechanisms involving successful lesion bypass and test the questions and
hypotheses discussed above. It is also plausible that the organization and
dynamics of these enzymes are more complicated than anticipated and display
other unforeseen behaviours or require conditions previously not focussed on.
Our single-molecule linear-substrate assay is uniquely set up to explore these
aspects.
4.4.3 Implications of exchange dynamics playing a role in lesion skipping
How replisomes bypass obstacles during DNA replication has mostly been
studied using classic biochemical assays. Dynamic behaviors that govern
transitions through multiple conformational states of the process have been
difficult to measure using these traditional methods, due to the averaged outcome
of results. Thus, we lack insight into the short-lived and transient intermediate
states that govern how replisomes deal with, and subsequently bypass obstacles
on DNA. Single-molecule studies have shown a more dynamic view of the
functionality of the replisome than previously observed. Key studies have shown
leading-strand lesion bypass only occurs when the fully formed Pol III HE
complex is present, simply the polymerase enzyme itself cannot bypass a CPD
lesion [232]. These findings suggest that lesion bypass involves multi-step
dynamic interactions of proteins, facilitating direct bypass without the need for
other damage repair pathways. Generally, single base alterations on DNA do not
appear to present an absolute block in fork progression, dynamic protein
interactions may play a greater role in overcoming obstructions that present as a
certain block to the replisome, such as transcription complexes. Linear substrates
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combined with replication roadblocks such as dCas9 (Chapter 5) present an
exciting avenue to mimic transcription-replication conflicts.
4.4.4 Future work
Finally, as outlined above further work is required with the goal to understand the
mechanistic details of replisome stalling and dynamics during replication rescue
and restart. The results in this Chapter hint at the possibility that protein behaviour
during lesion bypass may involve factors previously not considered. Therefore,
progression of future work on this project should include the following directions
(i) quantification of labelled Pol III* exchange dynamics and (ii) assessment of
bypass and re-initiation mechanism dynamics through use of labelled proteins
and alternative restart pathways. Although challenging, investigating the
dynamics occurring during lesion collisions and replication bypass using
developing single-molecule techniques will prove to be a fascinating opportunity.
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Chapter 5 | Nuclease dead Cas9 is a programmable
roadblock for DNA replication
Kelsey S. Whinn†, Gurleen Kaur†, Jacob S. Lewis, Grant D. Schauer, Stefan H.
Mueller, Slobodan Jergic, Hamish Maynard, Zhong Yan Gan, Matharishwan
Naganbabu, Marcel P. Bruchez, Michael E. O’Donnell, Nicholas E. Dixon,
Antoine M. van Oijen & Harshad Ghodke
†These

authors contributed equally.

Limited experimental tools are available to study the consequences of
collisions between DNA-bound molecular machines. Here, we repurpose a
catalytically inactivated Cas9 (dCas9) construct as a generic, novel,
targetable protein–DNA roadblock for studying mechanisms underlying
enzymatic activities on DNA substrates in vitro. We illustrate the broad
utility of this tool by demonstrating replication fork arrest by the specifically
bound dCas9–guideRNA complex to arrest viral, bacterial, and eukaryotic
replication forks in vitro.
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5.1 Introduction
Enzymes that regulate and execute the reactions that govern life must
contend with a host of other DNA binding proteins as they perform their functions.
Obtaining a detailed mechanistic understanding of how these reactions are
performed in conditions approaching physiological contexts demands an
exquisite ability to precisely manipulate strand and substrate occupancy by DNA
binding proteins. Several examples of roadblocks are described in the literature
that have proven invaluable for interrogating a variety of molecular mechanisms
– from understanding how site-specifically bound proteins may confine the
diffusion of proteins translocating on DNA, to blocking the enzymatic activity of
transcription elongation complexes, or determining whether enzymes such as
ring-shaped helicases can transiently open to overcome barriers on DNA [233237]. The impediment of the progress of DNA replication machinery on template
DNA occupied by proteins is an important case in point. DNA replication occurs
on chromosomal DNA while processes such as DNA repair, recombination and
transcription continue. Replisomes encounter three major types of protein
barriers:

transcription

recombination

filaments

complexes,
[238-240].

nucleoid-associated
Successful

replication

proteins,

and

across

such

roadblocks requires the coordinated action of several accessory factors and
DNA-repair and dedicated restart proteins. Improper resolution of arrested forks
can lead to replication fork collapse and eventually, genetic instability [235, 241,
242]. Several roadblocks have been developed to mimic encounters between
replication forks and protein barriers. Inspired by the Tus-ter block that terminates
replication in Escherichia coli, replication fork arrest has been studied at ter sites
recombined into the Saccharomyces cerevisiae chromosome [243]. Other
approaches have involved the introduction of repeat sequences that enable
binding of transcription factors to artificially introduce repressor/ operator arrays,
or proteins that polymerize to form nucleoprotein filaments [236, 244-246].
Despite their tremendous utility in studying replication fork arrest, these methods
suffer from several disadvantages: since the tandem binding of several roadblock
proteins is required for effective stalling of the replication fork, the exact positions
of the block are often poorly defined. Further, tedious recombination procedures
are required to incorporate tandem arrays of terminator or repressor/operator
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sequences. Finally, high local concentrations of the fluorescently tagged
roadblock may influence the local structure of the DNA due to a residual ability
for the genetic fluorescent protein fusion to oligomerize. These limitations call for
the development of a generic fluorescent protein roadblock that is monomeric,
binds DNA with high affinity and specificity, and does not require extensive
genetic manipulation of template DNA. Here, we describe the construction and
validation of a fluorescently tagged nuclease dead Cas9 construct that serves as
a monomeric roadblock for use in in vitro assays. Nuclease dead Cas9 blocks the
progress of replication forks from viral, bacterial, and eukaryotic model
replisomes reconstituted in vitro.

5.2 Results
5.2.1 Construction of a stable roadblock that can be observed on long
timescales in vitro and in vivo.
We reasoned that target bound, catalytically inactivated Streptococcus pyogenes
Cas9 (dCas9) could act as a versatile roadblock enabling easy and precise
targeting, and control over site-, orientation- and strand-specific binding to
template DNA. Additionally, to permit long-term visualization of nucleic acid
processing enzymes at sites of dCas9 roadblocks in vitro, we genetically fused
dCas9 to the photostable fluoromodule dL5 that becomes fluorescent upon
binding the dye, malachite green [247, 248]. The fluorogen used in this work is
an ester modified variant of the malachite green dye, herein referred to as
malachite green-ester (MGE) and has an excitation peak at 630 nm and emission
peak at ~650 nm (Fig. 5.1A).
5.2.2 In vitro characterization of dCas9-dL5 binding to DNA.
First, we purified the dCas9-dL5 fusion protein (Fig. 5.3) and assayed its binding
to an 83-mer target DNA using surface plasmon resonance (SPR) (Fig. 5.1B and
Table 5.1). Biotinylated target DNA was immobilized on a streptavidin-coated
surface and a solution containing dCas9-dL5 pre-programmed with a
complementary guide RNA (cgRNA1) was introduced (Fig. 5.1B and Table 5.2).
The dCas9-dL5–cgRNA1 complex exhibited robust and stable binding to the
target DNA, whereas dCas9-dL5 alone or in presence of a non-complementary
gRNA (ncgRNA) did not exhibit appreciable binding (Fig. 5.1C and Table 5.2).
We found that highly purified dCas9-dL5 alone exhibited binding to 83-mer
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biotinylated dsDNA in the absence of guide RNA (Fig. 5.1C), consistent with
previous work [249]. Tis minimal binding was lost when dCas9-dL5 was
programmed with ncgRNA and may reflect non-specific association of dCas9dL5 for dsDNA ends. Importantly, dCas9-dL5–cgRNA associated strongly and
stably with the target DNA – only approximately 25% of the bound complexes
dissociated over 16h (Fig. 5.1D). Next, we confirmed that dCas9-dL5 binds
specifically to its target sequence. We used single-molecule total internal
reflectance fluorescence (TIRF) microscopy to directly visualize dCas9-dL5
bound to its target sequence on individual DNA molecules. DNA molecules were
pre-incubated with dCas9-dL5–cgRNA and doubly tethered to a streptavidincoated glass coverslip inside a microfluidic flow cell using biotinylated
oligonucleotide handles (Fig. 5.1E) [125]. Addition of MGE into the flow cell
enabled visualization of the dL5 tag, and positioning of the dCas9-dL5–cgRNA
complex along the length of the DNA. Consistent with previous work, the position
of the bound dCas9-dL5–cgRNA complex was in good agreement with the
expected position (Fig. 5.1F) [249]. The spread in the position of the dCas9 may
be attributable to incomplete extension of the doubly-tethered substrates on the
surface of the flow cell. The use of the MGE allowed us to reliably visualize targetbound dCas9-dL5 for several minutes (Fig. 5.1G).

5.2.3 Target-bound dCas9-dL5 blocks DNA replication in bulk measurements.
These observations highlight the potential of dCas9-dL5 to be applied as a
general roadblock to study details of molecular transactions on DNA in vitro. As
a proof of principle, we ran reconstituted replisomes from model systems into this
dCas9

roadblock.

First,

we

investigated

whether

single

dCas9-dL5-

cgRNA (either cgRNA1, cgRNA3 or cgRNA4) molecules bound to template DNA
could impede DNA replication using a rolling-circle replication assay, both at the
ensemble and single-molecule levels [7, 47, 107, 111, 250]. This assay allows
observation of robust DNA synthesis by replisomes under a variety of
experimental conditions (Fig. 5.2A and Fig. 5.5). Pre-incubation of template DNA
with dCas9-dL5-cgRNA1 resulted in potent replication fork arrest of reconstituted
E. coli replisomes during either leading-strand (Fig. 5.2A and Fig. 5.4) or
simultaneous leading- and lagging-strand DNA synthesis (Fig. 5.4), with an
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average blocking efficiency of 85 ± 2% (N [replicates] = 5). Importantly, neither
complementary gRNA alone (Fig. 5.2A and Fig. 5.4) nor dCas9-dL5 alone
(Fig. 5.2A, and Fig. 5.4) or programmed with ncgRNA (Fig. 5.2A and Fig. 5.4)
could site-specifically arrest DNA replication (summarized in Fig. 5.2H). Further,
dCas9-dL5 targeted to the leading strand using a complementary gRNA duplex
(cgRNA4 (Ld)) blocked E. coli leading-strand (Fig. 5.2A) and leading- and
lagging-strand synthesis with similar efficiencies (85 ± 2% (N [replicates] = 5)
(Fig. 5.4). Taken together, these observations demonstrate that encounters of the
replisome with either the PAM-proximal (cgRNA1 (Lg)) or PAM-distal (cgRNA4
(Ld)) side of bound dCas9-dL5–cgRNA complexes does not influence its ability
to arrest replication. Notably, dCas9-dL5-cgRNA3 that targets the replisome
assembly site inhibited leading-strand DNA replication (Fig. 5.2A).
5.2.4 Target-bound dCas9-dL5 blocks DNA replication in single-molecule
assays.
Next, to demonstrate the use of this tool in single-molecule assays, we repeated
these experiments in single-molecule rolling-circle assays and measured the
average lengths of DNA products synthesized by individual E. coli replisomes in
the presence of dCas9-dL5–cgRNA complexes. Consistent with the bulk
experiments, target bound dCas9-dL5–cgRNA complex was found to specifically
block simultaneous leading- and lagging-strand DNA synthesis (Fig. 5.2B, C).
Finally, we examined the capacity of dCas9-dL5 as a universal roadblock for
arresting replication forks site-specifically; the ability of dCas9-dL5 programmed
with complementary gRNA to arrest replication in vitro was assessed using model
replisomes from T7 bacteriophage (Fig. 5.2B, D) and S. cerevisiae (Fig. 5.2E–G,
see Fig. 5.5 for raw data and section 5.5). Replication reactions using both
reconstituted replisomes carried out in the presence of template associated
dCas9-dL5–cgRNA also exhibited replication fork arrest as observed with E. coli.
Taken together, these results demonstrate that the dCas9-dL5–cgRNA complex
binds with high specificity and stability to its target DNA sequence and can be
visualized effectively in a variety of experimental conditions.
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Figure 5.1 | Characterization of dCas9-dL5. A. Schematic of the dCas9-dL5 probe. Free dye
is dark in solution. Binding of MGE to the dL5 tag enables visualization of dCas9-dL5. B.
Schematic of dCas9-dL5 binding to immobilized dsDNA containing the target sequence on an
SPR chip. C. Sensorgram describing the binding of dCas9-dL5 to dsDNA substrate carrying
the target sequence in the absence of gRNA or programmed with a complementary gRNA
(cgRNA1) or non-complementary gRNA (ncgRNA). Arrows indicate the completion of the
injection phase, and switch to running buffer. N=1 independent experiment. D. Dissociation of
dCas9-dL5–cgRNA1 bound to the dsDNA target monitored over 16h. E. Schematic and
examples of elongated surface bound and elongated linear dsDNA template bound to dCas9dL5 (scale bar – 1 μm). dsDNA is stained using Sytox orange, and dCas9-dL5–cgRNA1 is

stained by MGE. F Histogram of detected position of dCas9-dL5–cgRNA1 complex visualized
by addition of MGE (n=345 molecules). The shortest distance to the position of the dCas9-dL5
is plotted here. G. Example photo-bleaching trajectory of dCas9-dL5–cgRNA1– MGE complex
(n=345).
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Figure 5.2 | dCas9-dL5 efficiently and stably blocks bacterial, viral, and eukaryotic DNA
replication regardless of the targeted strand. A. Schematic of the leading-lagging rolling-circle
DNA replication assay. Addition of the E. coli or T7 replication proteins, nucleotides, and Mg2+
initiates DNA synthesis in a leading strand replication reaction. The DNA products are separated
by gel electrophoresis and visualized by staining with SYBR-Gold or visualized by singlemolecule fluorescence microscopy by staining with Sytox orange. dCas9-dL5 (100 nM)
programmed with ncgRNA (400 nM) and cgRNAs alone (400 nM) alone do not inhibit DNA
replication. At high concentrations, dCas9-dL5 (100nM) alone inhibits DNA synthesis. dCas9-dL5
programmed with cgRNAs arrest the progress of the replication fork at the target site. See also,
Fig. 5.4 B. Bar plots of mean DNA product lengths from E. coli and T7 single-molecule rollingcircle DNA replication assays. Values plotted are derived from exponential fits to single-molecule
DNA product length distributions (n>91 molecules). Error bars indicate errors of the fit. (c,d) (Top
panel). Example kymographs of an individual rolling-circle DNA molecule (white spots)
undergoing DNA replication by E. coli C. (n=177 molecules; replication efficiency of 26 ±
2% (SEM)) and T7 replisomes D. (n=136 molecules; replication efficiency of 24 ± 2% (SEM)) in
the absence of target bound dCas9-dL5. (Bottom panels) Example kymographs of an individual
DNA molecule arrested by target bound dCas9-dL5. The grey scale indicates the fluorescence
intensity of stained DNA and magenta indicates dCas9-dL5–cgRNA stained by MGE. No
replication events were detected. E. Schematic of the eukaryotic DNA replication assay.
Eukaryotic replication is blocked by dCas9-dL5 at specific positions on the replication template.
F. dCas9-dL5 efficiently blocks eukaryotic replication. The cgRNAs used to specifically target the
template are indicated. cgRNA0.6 and cgRNA2.2 block the leading strand; cgRNA1.0 and
cgRNA1.5 block the lagging strand (see section 5.5 for details). All reactions were stopped at
16min. G. Time course of eukaryotic replication in the presence or absence of dCas9-dL5 and
cgRNA1.0. Reactions were stopped at 4, 8, 16 and 32min as indicated. H. Summary of
interactions of dCas9-dL5 and template DNA. Only the correctly programmed dCas9-dL5-cgRNA
complex site specifically inhibits DNA replication.
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5.3 Discussion
Here, we have harnessed the specificity and programmability of the
CRISPR/Cas9 system and combined it with the photo-stability of the dL5
fluoromodule to repurpose dCas9 as a tool for studying metabolic processes that
occur on DNA. Our in vitro characterization of dCas9-dL5 binding to dsDNA
indicated that this tool is a high-stability and sequence-specific roadblock. Indeed,
the stability of this roadblock could be affected by PAM-distal mismatches
between the gRNA and DNA, as shown previously in investigations of wild-type
Cas9 stability [251, 252]. Interestingly, replication fork arrest is not strand-specific
and occurs when dCas9-dL5 is targeted to either the leading- or lagging-strands,
suggesting that the dCas9-gRNA complex may inhibit strand separation by the
replicative helicase. This is in contrast to recent investigations showing that the
elongating RNA polymerase is able to displace wild-type or nuclease dead Cas9
proteins stably bound to the template strand, but not on the non-template strand
[253, 254]. Here, we demonstrate the suitability of the dCas9-dL5 tool for
investigating mechanisms that underlie the protein dynamics that govern
replication fork rescue at sites of protein roadblocks on template DNA undergoing
replication by viral, bacterial, and eukaryotic replisomes. Indeed, this precisely
tunable roadblock may prove useful in understanding fine mechanistic details of
DNA helicase and translocases, repair and other sliding factors involved in DNA
metabolism.

5.4 Materials and Methods
5.4.1 Replication proteins.
E. coli DNA replication proteins were produced as described previously: the β 2
sliding clamp [208], SSB[209], the DnaB6(DnaC)6 helicase–loader complex [104],
DnaG primase [211], the Pol III τ3δδ’χψ clamp loader [103] and Pol III αεθ core
[7]. S. cerevisiae DNA replication proteins were produced as described
previously: the CMG (Cdc45/Mcm2-7/GINS) helicase [255], the Mrc1–Tof1–
Csm3 (MTC) complex [256], DNA polymerase Pol ε [255], the PCNA sliding
clamp [257], RPA [255] and the RFC clamp loader [258]. T7 gp2.5 was produced
as described previously [259]. Highly purified T7 gp4 helicase and DNA
polymerase gp5/trx were generous gifts of Charles Richardson.
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5.4.2 DNA and RNA oligonucleotides.
DNA oligonucleotides and tracrRNA, unmodified crRNAs and crRNAs containing
Alexa Fluor 555 were purchased from Integrated DNA Technologies (USA).
Sequences of DNA oligonucleotides, crRNAs and tracrRNAs used in this study
are listed in Table 5.1. Synthetic guide RNA (gRNA) targeting various regions of
the 2.7 kb linear DNA template were produced with the EnGen sgRNA Synthesis
Kit (New England Biolabs, USA) using the DNA are also described in the
Table 5.2. All DNA and RNA oligonucleotides were stored in TE buffer (10 mM
Tris-HCl pH 8.0, 1 mM EDTA) at –20 °C.
5.4.3 Construction of plasmid pJL001.
Plasmid pJL001 was constructed by ligation of a 1007bp SacI–XhoI gene block
(Aldervon, USA) between the corresponding sites in pET302 (obtained from
Addgene plasmid #72269), to encode dCas9-dL5 containing an N-terminal 6xHis
and C-terminal 3xFLAG tags. The corresponding plasmid sequence is given in
Table S1.
5.4.4 Expression and purification of dCas9-dL5.
E. coli strain Rosetta 2(DE3) containing plasmid pJL001 was grown in LB medium
supplemented with thymine (25 mg/L) and ampicillin (100 μg/mL) at 37 °C. Upon
growth to A600=0.8, the temperature was reduced to 16°C and protein
expression induced by addition of 0.5 mM isopropyl-β-D-thiogalactoside. Cultures
were further shaken for 16h at 16 °C, then chilled on ice. Cells (8 g from 2 L of
culture) were harvested by centrifugation, frozen in liquid nitrogen and stored at
–80 °C. All subsequent steps were carried out in a cold room maintained at 6 °C.
After thawing, cells were resuspended in lysis buffer (20 mM Tris-HCl pH 7.6, 0.1
mM EDTA, 1 mM dithiothreitol, 150 mM NaCl, and 5% (v/v) glycerol) and 2x
Protease Inhibitor Cocktail tablets and 0.7 mM phenylmethylsulfonyl fluoride were
added to inhibit proteolysis. Cells were lysed by being passed twice through a
French press (12,000 psi), and cell debris were then removed by centrifugation.
Crude supernatant (85mL) was brought to 0.4% (v/v) in polyethylenimine (PEI)
and vigorously stirred. After 40 min, the white precipitate was separated by
centrifugation. The remaining pellet was homogenized by stirring in lysis buffer
for 15min. The remaining white precipitate was immediately collected by
centrifugation and the supernatant discarded. The remaining pellet was further
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homogenized in lysis buffer + 250 mM NaCl for 15 min. After centrifugation, the
high salt supernatant containing dCas9-dL5 was collected yielding Fraction I (72
mL). Proteins that were precipitated from Fraction I by addition of solid
ammonium sulfate (0.32 g/mL) and stirring for 60 min, were collected by
centrifugation and dissolved in 30 mL of FLAG buffer (25 mM Tris-HCl pH 7.6, 1
mM EDTA, 1 mM dithiothreitol, 200 mM NaCl and 5% (v/v) glycerol). The solution
was dialysed against 2 L of the same buffer overnight, to yield Fraction II. Fraction
II was added to 4 mL FLAG M2 resin prepared as per manufacturer’s instructions
and left to incubate with constant mixing. After 1h, the FLAG M2 resin was poured
into a PD-10 column and equilibrated in FLAG wash buffer (50 mM Tris-HCl pH
7.6, 0.5 mM dithiothreitol, 0.5 mM EDTA, 300 mM NaCl, 5% (v/v) glycerol). The
column was washed with FLAG buffer until the A280 was approximately 0.05,
and dCas9-dL5 was eluted using FLAG wash buffer containing 3X FLAG peptide
(200 μg/ mL). Fractions containing dCas9-dL5 were collected and pooled to yield
Fraction III (15mL), which was dialysed against 2L of HisTrap buffer (50 mM TrisHCl pH 7.6, 0.5 mM EDTA, 2 mM dithiothreitol, 300 mM NaCl, 20 mM imidazole
pH 8.0, 5% (v/v) glycerol). Fraction III was applied at 1 mL/min onto a 5mL
HisTrap column equilibrated in HisTrap buffer. The column was washed until
A280 returned to baseline and dCas9-dL5 was eluted as a single peak with a step
elution of 300mM imidazole pH 8.0. Fractions under the peak were pooled and
dialysed against 2L of storage buffer (50 mM Tris-HCl pH 7.6, 1 mM EDTA, 3 mM
dithiothreitol, 300 mM NaCl, and 50% (v/v) glycerol) to give Fraction IV (4 mL,
containing 6.9 mg of protein; Fig. 5.3A). Aliquots were stored at –20 °C.
5.4.5 Rolling-circle replication template.
DNA rolling circle substrates were prepared as previously described [106].
5.4.6 Linear DNA substrates.
Plasmid pSupercos1 DNA [11] (7 pmol) was linearized overnight at 37 °C with
100 U of BstXI in 1 x buffer 3.1 (New England Biolabs, USA). The 18,345bp
fragment was purified with a Wizard SV gel and PCR clean up kit (Promega, USA)
and the concentration was measured. DNA oligonucleotides (750 pmol of arm 1,
4500 pmol arm 2, and 70 pmol capping 1, 2) were annealed by heating at 94 °C
for 5 min before slow cooling. The biotinylated handles were ligated to the
18,345bp fragment in 1 X T4 ligase buffer and 2000 U of T4 ligase overnight at
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16 °C. Biotinylated linear DNA substrates were purified from excess DNA
oligonucleotides by adjusting NaCl to 300 mM and loaded by gravity onto a
Sepharose 4B (1×25 cm) column, equilibrated in gel filtration buffer (10mM TrisHCl pH 8.0, 1 mM EDTA, and 300 mM NaCl). Biotinylated linear DNA substrates
eluted as a single peak in the column void volume, fractions under the peak were
analyzed by agarose gel electrophoresis. Fractions containing linear DNA
substrates were pooled and dialysed overnight in 2L of sterilized TE buffer,
concentrated 2-fold in a vacuum concentrator and the concentration measured.
This protocol typically yielded ~20 μg DNA. Aliquots were stored at –80 °C.
5.4.7 Forked linear DNA substrates.
The eukaryotic DNA replication template, a linearized 2.7 kb plasmid ligated to a
synthetic replication fork, was prepared as previously described [255, 260]. A
synthetic 37-mer oligonucleotide (Fork primer) was end-labeled with 32P-ATP by
T4 polynucleotide kinase (New England Biolabs, USA) according to
manufacturer’s instructions and annealed to the forked substrate by heating to 85
°C and slowly cooling.
5.4.8 Assessment of dCas9 interactions by SPR.
SPR measurements were carried out on a BIAcore T200 instrument (GE
Healthcare, Sweden) at 20 °C in SPR buffer (30 mM Tris-HCl pH 7.6, 0.5 mM
dithiothreitol, 0.25 mM EDTA, 0.005% (v/v) surfactant P20) containing
NaCl/MgCl2 concentrations as described. A streptavidin-coated (SA) sensor chip
was activated with three sequential injections of 1M NaCl, 50 mM NaOH (40 s
each at 5 µL/min). Ten, a solution (2.5 nM) of the 3’-biotinylated 83-mer template
dsDNA in SPR buffer containing 50 mM NaCl (SPR running buffer), assembled
in situ by premixing 83-S and 83-AS oligonucleotides (to final concentrations of
1.2 and 1 μM, respectively) in hybridization buffer (20 mM Tris-HCl pH 7.8, 50
mM NaCl, 5 mM MgCl2) at 90 °C for 5min followed by slow cooling overnight to
the room temperature, was used to immobilize ∼150 RU of DNA template at 5
μL/min over 456 s onto the surface of flow cell 4, whereas fowl cell 3 was left
unmodified and served as a control (4–3 subtraction). To interrogate binding
specificity of dCas9-dL5 for immobilized 83 dsDNA template in the presence of
complementary guide cgRNA1, a solution of protein (10 nM) with cgRNA1 (50
nM) in SPR buffer supplemented with 100 mM NaCl and 10 mM MgCl2 (SPR
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binding buffer) was made to flow at 10 μL/min for 350 s, yielding a response of
~625 RU (Fig. 5.1C). Following the association phase, the slow dissociation of
protein from immobilized DNA template initiated by re-introduction of the running
buffer in the flow cell and monitored over >70 s indicated stable binding. Bound
proteins/RNA complexes were removed and immobilized dsDNA on the chip
surface regenerated by three successive 40 s injections of 3 M MgCl2 at
10µL/min. Injections of dCas9-dL5 under similar experimental conditions, either
in the presence of ncgRNA (257 s injection) or in the absence of any guide gRNA
(107 s), as well as the injection of cgRNA1 alone (66 s) led to barely detectable
binding responses, suggesting that only the dCas9-dL5–cgRNA1 complex
interacts stably and specifically with 83 template dsDNA. Furthermore, binding of
dCas9-dL5–cgRNA1 is concentration dependent since comparative injection of
30nM dCas9-dL5 with 50 nM cgRNA led to faster association (Fig. 5.3A).
Moreover, notably similar responses measured at equilibrium when 10 nM and
30 nM dCas9-dL5 were injected with 50 nM cgRNA1 (~625 RU) implies saturation
of all the template DNA molecules on the chip surface with 10 nM dCas9-dL5–
cgRNA1, indicating: (a) that the KD for the dCas9-dL5–cgRNA1−dsDNA
interaction is significantly below 10nM in buffer containing 100 mM NaCl and 10
mM MgCl2, and (b) that the dCas9-dL5–cgRNA1 complex binds 83-mer template
DNA in 1:1 molar ratio, i.e. considering that the ratio of mol. wt. between dCas9dL5–cgRNA1 complex (~218.1kDa; 184.5 kDa for dCas9 and ~33.6 kDa for
cgRNA1) and template dsDNA (51.7kDa; 25.5 kDa for 83-S and 26.2 kDa for 83AS) is 4.2, and considering that ~150 RU of DNA was immobilized on the surface,
~630 RU (4.2·150 RU) of bound dCas9-dL5–cgRNA1 could be expected at
saturation in case of 1:1 interaction with template DNA. To demonstrate the
strong association and long-term stability of dCas9-dL5–cgRNA1 complex with
the target DNA template, the dissociation of a complex assembled on the surface
during injection of 30 nM dCas9-dL5 and 50 nM cgRNA1 (as described above)
from immobilized DNA in SPR running buffer, interspersed with an early 1500 s
injection of SPR binding buffer to assess the complex stability in the buffer used
for the association, was monitored for over 16h (58807 s; final response was
∼450 RU; Fig. 5.1D). The surface (immobilized template dsDNA) was then
regenerated with one 40 s injection of 3 M MgCl2 at 10µL/min. Assuming first116

order dissociation and SPR responses that were measured following the injection
of SPR binding buffer, at the start of measured dissociation R0=575 RU and at
the end Rt=450 RU over the period of t=57000 s, the dissociation half-life of
>44hours (see also section 5.5) was calculated using Equation 1:
𝑡1⁄2 =

𝑡 . 𝑙𝑛2
𝑅
ln 𝑅0
𝑡

5.4.9 Measurement of dCas9-dL5 binding specificity on long DNA
substrates.
Microfluidic flow cells were prepared as described in “Preparation of flow-cells for
in vitro imaging”. To help prevent non-specific interactions of proteins and DNA
with all surfaces, they were blocked with 2% Tween20 in blocking buffer (50 mM
Tris-HCl pH 7.6, 50 mM KCl). Imaging parameters are described in “In vitro
single-molecule fluorescence microscopy”. First, 9 nM dCas9-dL5 was incubated
with 15 nM cgRNA1 at 37 °C for 5 min in reaction buffer (25 mM Tris-HCl pH 7.6,
10 mM MgCl2, 150 mM potassium glutamate, 0.1 mM EDTA and 0.0025% (v/v)
Tween20). The dCas9-dL5–cgRNA1 complex was further incubated with 125 pM
biotinylated linear DNA substrates at 37 °C for 20min in reaction buffer
supplemented with 0.5mg/mL heparin. Heparin was used in order to prevent any
non-specific association of dCas9 to the surface of the flow cell. To reduce
heterogeneity in DNA lengths upon binding to the surface, 200 µM chloroquine
was added immediately prior to injection of the sample into the flow cell. The
solution was injected at a constant rate of 17 µL/min until an appropriate DNA
density was achieved. Next, the flow cell was washed with 2 mL of reaction buffer,
supplemented with 100 mM NaCl, 15 nM gRNA and 0.5 mg/mL heparin. dCas9dL5–cgRNA1–DNA complexes were imaged in reaction buffer containing 150 nM
Sytox orange and 150 nM MGE.
5.4.10 In vitro ensemble E. coli replication assays.
Standard leading-strand replication assays were set up in replication buffer (RB;
60 mM Tris-HCl pH 7.6, 24 mM Mg(OAc)2, 100 mM potassium glutamate, 1 mM
EDTA and 0.005% (v/v) Tween20) and contained 2 nM rolling-circle replication
template, specified concentrations of dCas9-dL5 and gRNA, 60 nM DnaBC, 30
nM τ3δδ’χψ, 90 nM Pol III αεθ core, 200 nM β2, 10 mM dithiothreitol, 1 mM ATP,
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and 125 µM dNTPs in a final volume of 12 µL. First, dCas9-dL5 was incubated
with gRNA for 5min, and further incubated with rolling-circle DNA templates for 5
min at room temperature. Components (except dCas9-dL5–gRNA–DNA) were
mixed and treated at room temperature, then cooled in ice for 5 min prior to
addition of dCas9-dL5–gRNA–DNA complexes. Reactions were initiated at 30°C
and quenched at specified time points by the addition of 200 mM EDTA and 2%
(w/v) SDS. The quenched reactions were loaded into a 0.6% (w/v) agarose gel in
2x TAE. Products were separated by agarose gel electrophoresis, at 60 V for 150
min and stained in SYBR-Gold (Invitrogen) and imaged under UV light. E. coli
leading- and lagging-strand DNA replication reactions were carried out as
previously described22 with the following minor modifications. Reactions were
set up in RB, and contained 4 nM rolling-circle replication template, specified
concentrations of dCas9-dL5 and gRNA, 60 nM DnaBC, 80 nM DnaG, 30 nM
τ3δδ’χψ, 10 nM SSB, 90 nM Pol III αεθ core, 200 nM β2, 10 mM dithiothreitol, 1
mM ATP, 125 µM dNTPs, and 250 µM NTPs to a final volume of 12 µL, quenched
after 30 min by addition of 1.5 μL 0.5 M EDTA and 3 μL DNA loading dye (6 mM
EDTA, 300 mM NaOH, 0.25% (v/v) bromocresol green, 0.25% (v/v) xylene cyanol
FF, 30% (v/v) glycerol). DNA products were separated on a 0.6% (w/v) alkaline
agarose gel at 14 V for 14 h. The gel was then neutralized in TAE buffer, stained
with SYBR-Gold and imaged under UV light.

5.4.11 In vitro ensemble T7 replication assays
T7 leading-strand DNA replication assays were carried out using previously
described conditions [105]. Briefly, reactions were set up in T7 replication (TR)
buffer (25 mM Tris-HCl pH 7.6, 10 mM MgCl2, 50 mM potassium glutamate,
0.1mM EDTA and 0.0025% (v/v) Tween20) and contained 2 nM rolling-circle
replication template, specified concentrations of dCas9-dL5 and cgRNA1, 180
nM gp2.5, 5 nM gp4, 40 nM gp5, 10 mM dithiothreitol, 1 mM ATP, 1 mM CTP,
and 600 µM dNTPs, in a final volume of 12 µL. First, dCas9-dL5 was incubated
with cgRNA1 for 5 min, and further incubated with rolling-circle DNA templates
for a further 5 min at room temperature. Components (except dCas9-dL5–
cgRNA1–DNA) were mixed and treated at room temperature, then cooled in ice
for 5 min prior to addition of dCas9-dL5–cgRNA1–DNA complexes. Reactions
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were initiated at 30 °C and quenched at specified time points by the addition of
200 mM EDTA and 2% (w/v) SDS. The quenched reactions were loaded onto the
0.6% (w/v) agarose gel, which was run under the same conditions as standard E.
coli leading-strand replication assays.
5.4.12 In vitro ensemble S. cerevisiae replication assays.
Leading-strand replication assays were set up in eukaryotic replication (ER)
buffer (25 mM Tris-OAc pH 7.5, 5% glycerol, 80 μg/mL BSA, 5 mM tris(2carboxyethyl)phosphine, 10 mM Mg(OAc)2, 50 mM potassium glutamate, 0.1 mM
EDTA), and contained 1.5 nM DNA substrate (see section on Forked Linear DNA
substrates), 30 nM CMG, 30 nM MTC, 20 nM Pol ε, 10 nM RFC, 30 nM PCNA,
600 nM RPA, 5 mM ATP and 120 μM dNTPs, and where indicated 40 nM sgRNA
and 20 nM dCas9-dL5 in a final volume of 20 μL. First, DNA was incubated with
CMG and MTC for 2 min at 30 °C followed by an additional 2 min with dCas9-dL5
and cgRNAs. Components except ATP and RPA were added and further
incubated for 5 min at 30 °C. Replication was initiated by addition of ATP and
RPA. The reactions proceeded for the indicated amount of time at 30°C and were
quenched with an equal volume of 2x stop solution (40 mM EDTA and 2% (w/v)
SDS). DNA products were separated on a 1.3% (w/v) alkaline agarose gel at 35V
for 16 h. Gels were backed with DE81 paper (GE Healthcare), dried by
compression, exposed to a phosphorimager screen, and imaged with a Typhoon
FLA 9500 PhosphorImager (GE Healthcare).
5.4.13 In vitro single-molecule fluorescence microscopy.
In vitro single-molecule microscopy was performed on an Eclipse Ti-E inverted
microscope (Nikon, Japan) with a CFI Apo TIRF 100x oil-immersion TIRF
objective (NA 1.49, Nikon, Japan), as previously described6. The temperature
was maintained at 31 °C (unless otherwise stated) by an electronically heated
flow-cell chamber coupled to an objective heating jacket (Okolab, USA). NISelements was used to operate the microscope and the focus was locked through
Perfect Focus System (Nikon, Japan). Images were captured using an Evolve
512 Delta EMCCD camera (Photometics, USA) with an effective pixel size of 0.16
μm. DNA molecules stained with 150 nM Sytox orange were imaged with a CW
568-nm Sapphire LP laser (200 mW max. output), and ET600/50 emission filter
(Chroma, USA) at 0.76W/cm2. dCas9-dL5–MGE complexes were imaged with a
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CW 647-nm OBIS laser (100 mW max. output), and 655LP emission filter
(Chroma, USA) at 57.7 W/cm2. Preparation of flow-cells for in vitro imaging.
Replication reactions were carried out in microfluidic flow-cells constructed from
a PDMS flow chamber placed on top of a PEG-biotin-functionalized microscope
coverslip as previously described [7, 47, 103, 105]. Once assembled, all surfaces
of the flow-cell including connecting tubing were blocked against non-specific
binding by introduction of 1mL malic acid buffer (100 mM sodium maleate pH 7.5
and 250 mM NaCl) containing 1% (w/v) blocking reagent (Roche, Switzerland).
5.4.14 Single-molecule rolling-circle blocking replication assays.
The overall experimental scheme was to first form the dCas9-dL5–cgRNA1–DNA
complex. Next, dCas9-dL5–cgRNA1–DNA complex was attached via the 5’biotinylated flap-primed 2030-bp dsDNA circle bearing a 25-nt fork gap, to the
surface via a biotin– streptavidin bond. Following a wash to remove unbound
dCas9-dL5, replication was initiated by continuous flowing of reconstituted
replisomes, ATP, dNTPs, and rNTPs and flow-stretching the DNA. Specifically,
10 nM dCas9-dL5 was incubated with 200 nM cgRNA1 for ~5 min at 37 °C in
single-molecule imaging (SM) buffer (25 mM Tris-HCl pH 7.6, 10 mM Mg(OAc)2,
50mM potassium glutamate, 0.1 mM EDTA, 10 mM dithiothreitol and 0.0025%
(v/v) Tween20). The dCas9-dL5–cgRNA1 complex was then incubated with 100
pM replication templates for a further 20 min at 37 °C. The dCas9-dL5–cgRNA1–
DNA complexes were adsorbed to the surface in SM bufer+150 nM Sytox orange
at 10 μL/min until an appropriate surface density was achieved. The flow-cell was
then washed with 200 μL of SM buffer containing 50 mM NaCl. Following this
replication was initiated — E. coli leading- and lagging-strand DNA replication
reactions were carried out under the continuous presence of all proteins as
previously described [7]. T7 leading- and lagging-strand DNA replication assays
were carried out under the continuous presence of all proteins using previously
described conditions [47]. All in vitro single-molecule rolling-circle blocking
experiments were performed at least three times. Errors bars reported reflect the
standard error of the mean (SEM).
5.4.15 Analysis of agarose gels of replication products.
Agarose gel images were adjusted for brightness and contrast for clear
visualization using FIJI [261]. Blocked replication products were quantified in FIJI
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using in-house plugins, by comparing the integrated intensity of bands between
control and reaction lanes; the resulting percentages were then corrected for
background and for the specified control.
5.4.16 In vitro image analysis.
Image analysis was performed in FIJI, using the Single Molecule Biophysics
plugins (available at https://github.com/SingleMolecule/smb-plugins). Raw
videos (.nd2 format) were converted into TIF files and fattened with the excitation
beam profile as described previously [262]. For quantification of DNA product
lengths, intensity projections were generated by summing 10 frames to reduce
the contribution of transverse Brownian fluctuations of the DNA. Product length
was determined by deconvolving the length of the rolling-circle substrate using
the calibrated pixel size in bp (here, 1 pixel=470 bp). Product length distributions
were fit with a single-exponential decay (assuming a single rate-limiting step
determining the end of an event). All distributions were made and fitted using
MATLAB (MathWorks, USA).
5.4.17 Data Availability
The data that support the findings of this study are available from the
corresponding authors upon reasonable request. Unique biological materials
used in this study are available from the corresponding authors. Home-built
ImageJ plugins used in this study are freely available on the GitHub repository
for Single-molecule/Image analysis tools (https://github.com/SingleMolecule).

5.5 Supplementary methods and materials
5.5.1 Assessment of diffusion limited binding kinetics of dCas9-dL5
binding to target containing DNA in SPR studies
The sensorgrams obtained during the association of dCas9-dL5-cgRNA at
different concentrations of dCas9-dL5 (Fig. 5.3B) exhibited a distinct biphasic
profile. The linear response (RU)−time (s) relationship suggests that the
association of the complex from solution could be a fast, diffusion limited process.
To examine this possibility, solutions of dCas9-dL5 (10 nM) with cgRNA1 (50 nM)
in SPR buffer supplemented with 150 mM NaCl and 10 mM MgCl2 were injected
over immobilized template DNA for 120 s at three different flow rates accessible
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to the BIAcore T200 instrument: 20, 30 and 80 L/min (Fig. 5.3C). The observed
increase in association rates with the increase in flow rates confirms that the
interaction is indeed diffusion-limited, a situation that occurs when the diffusion
of analyte from the bulk solution to the chip surface is slower than its binding to
the ligand. Conversely, it suggests that the dissociation of analyte (dCas9dL5−cgRNA) from the ligand (83-mer DNA) must also be a diffusion limited
process, i.e., upon dissociation from the ligand, the analyte may not diffuse into
bulk solution, allowing it to re-bind. This would result in an apparently slower
dissociation rate; therefore, the dissociation half-life (t1/2) of dCas9-dL5-cgRNA1
from its target dsDNA is an over-estimate of the true dissociation half-life.
5.5.2 Measurement of position of bound dCas9-dL5-cgRNA on 18-kb
template
Measurement of the position of the bound dCas9-dL5−cgRNA complex on the
18-kb template was performed as follows:
1. Line profiles were manually drawn over all individual DNA molecules. The
length of the individual molecules was defined as the distance between the
maximum and minimum of the first derivative of the intensity along the drawn
lines. Using these measurements, a length distribution was plotted, and values
below the 25% and above the 75% percentile were classified as outliers. The
resulting distribution was fit to a Gaussian distribution with a mean of 39.5 ± 0.1
pixels. This mean length was then assumed to correspond to the total length of
18,345 bp of the DNA substrate. This conversion resulted in a calibration factor
of 466 ± 1 bp/pixel.
2. Next, peaks were detected along the line profile in the MGE-channel. The
position of the detected peaks, relative to the ends of the DNA-molecules was
then calculated. The distances to both ends of the DNA-molecule were
measured. The position in base-pairs was calculated using the calibration
described above. The histogram shows the smaller of the two distances from the
DNA ends for each molecule.
5.5.3 Description of cgRNAs used in studies of bacterial DNA replication.
Exact positions of targeting gRNA on the rolling-circle DNA replication template
are as follows; cgRNA1 targeted to nucleotides 1402-1421 of the lagging-strand,
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cgRNA3 targeted to nucleotides 177-196 of the leading-strand, and cgRNA4
targeted to nucleotides 1046-1065 of the leading-strand.
5.5.4 Description of cgRNAs used in studies of eukaryotic DNA
replication.
Exact positions of targeting gRNA on the eukaryotic linear DNA replication
template are as follows: cgRNA0.6 targeted nucleotides 583–602 of the leading
strand, cgRNA1.0 targeted nucleotides 1005–1024 of the lagging strand,
cgRNA1.5 targeted nucleotides 1493–1512 of the lagging strand, and cgRNA2.2
targeted nucleotides 2196–2215 of the leading strand.
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Figure 5.3 | Characterization of dCas9-dL5. A. Coomassie stained 4–20% SDS-PAGE of
purified dCas9-dL5. B. Sensorgrams showing binding to and dissociation of 10 and 30 nM dCas9dL5-cgRNA from 83-mer dsDNA substrate immobilized on an SPR chip. C. Sensorgrams
monitoring the association of dCas9-dL5-cgRNA (10 nM) injected at three different flow rates (20,
30 and 80 L/min) onto 83-mer dsDNA containing target sequence immobilized on an SPR chip.
The linearity and difference in responses indicates mass transfer limitation. N = 1 independent
experiment.

Figure 5.4 | Target-bound dCas9-dL5 site-specifically arrests E. coli DNA synthesis. A.
Target-bound dCas9-dL5 arrests E. coli leading strand DNA synthesis. Unless otherwise
specified reactions contained 400 nM cgRNA1 and 20 nM dCas9-dL5. At concentrations below
20 nM, dCas9-dL5 does not completely arrest leading-strand DNA synthesis. N > 3 independent
experiments. B. Target-bound dCas9-dL5 arrests E. coli leading- and laggingstrand DNA
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synthesis. Unless otherwise specified, reactions contained 400 nM cgRNA1. At concentrations
below 20 nM, dCas9-dL5 does not completely arrest leading- and lagging-strand DNA synthesis.
N > 3 independent experiments. C. High concentrations of complementary gRNAs do not inhibit
E. coli leading- and lagging-strand DNA synthesis. Unless otherwise specified, 50 nM dCas9-dL5
was used for all reactions. N > 2 independent experiments. D. dCas9-dL5 alone does not sitespecifically inhibit E. coli leading- and lagging-strand DNA synthesis. Non-specific inhibition is
observed at high concentrations of dCas9-dL5 alone (see section 5.5, Fig. 5.2A and summary in
Fig. 5.2H). N > 2 independent experiments. E. Only dCas9-dL5 programmed with complementary
gRNAs specifically arrests E. coli leadingand lagging-strand DNA synthesis. Reactions contained
50 nM dCas9-dL5 and 400 nM gRNAs. Reactions were initiated at 30°C and aliquots were
removed and quenched at 0, 2, and 20 min time points. N > 3 independent experiments. F. E. coli
leading- and lagging-strand DNA synthesis arrest by target-bound dCas9-dL5 is not strand
specific. Unless otherwise specified reactions contained 400 nM cgRNAs and 50 nM dCas9-dL5.
Lg denotes cgRNA targeted to the lagging strand, and Ld denotes cgRNA targeted to the leading
strand. N > 3 independent experiments. All panels show photographic negative images of gels
that had been stained with SYBR-gold nucleic acid stain.
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Figure 5.5 | Raw data presented in Fig. 5.2. A. dCas9-dL5 efficiently and stably blocks
bacteria DNA replication regardless of the targeted strand. dCas9-dL5 (100 nM)
programmed with cgRNAs (400 nM) arrest the progress of the bacterial replication fork at
target sites. B. dCas9-dL5 efficiently blocks eukaryotic replication at target sites indicated
by cgRNA, and time course assay of eukaryotic replication in the presence or absence of
dCas9-dL5 and cgRNA10.
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5.6 Tables
Table 5.1 | Sequences of DNA oligonucleotides used in this study
Substrate
strand
83_S

83_AS

Cap 1
Cap 2
Arm 1

Arm 2

cgRNA0.6
cgRNA1.0
cgRNA1.5
cgRNA2.0

Sequence
5’-CAC ATG CTA TGA GCT GTT GCA ATC TCT CGT
ACA ATT AAT AGA CTG GAT GGT GGA TGA CAA AGC
TCT ACA CTA GAT ACT CAC AC-3’
3’-bio-GTG TAC GAT ACT CGA CAA CGT TAG AGA GCA
TGT TAA TTA TCT GAC CTA CCA CCT ACT GTT TCG
AGA TGT GAT CTA TGA GTG TG-5’
5’-phos-AGT CGC AGC TAT AGG TGG CAT TTC AG-3’
5’-bio-CTG AAA TGC CAC CTA TAG CTG CGA CTC
ATG-3’
5’-phos-ACC GAT GTG GTA GGA AGT GAG AAT TGG
AGA GTG TGT TTT TTT TTT TTT TTT TTT TTT TTT TTT
TTT TTT TTT TTT GAG GAA AGA ATG TTG GTG AGG
GTT GGG AAG TGG AAG GAT GGG CTC GAG AGG TTT
TTT TTT TTT TTT TTT TTT TTT TTT TTT TTT T-3’
5’-bio-TTT TTT TTT TTT TTT TTT TTT TTT TTT TTT TTT
TTT TTT TTT TTT TTT TTT TTT TTT TTT CAC ACT CTC
CAA TTC TCA CTT CCT ACC ACA T-3’
5’-TTC TAA TAC GAC TCA CTA TAG GAC TCA AGA
CGA TAG TTA CGT TTT AGA GCT AGA-3’
5’-TTC TAA TAC GAC TCA CTA TAG GTA TCA GCT
CAC TCA AAG GGT TTT AGA GCT AGA-3’
5’-TTC TAA TAC GAC TCA CTA TAG GCT GCG CAA
CTG TTG GGA AGT TTT AGA GCT AGA-3’
5’-TTC TAA TAC GAC TCA CTA TAG TAT TAT CCC GTA
TTG ACG CGT TTT AGA GCT AGA-3’

Table 5.2 | Sequences of guide RNAs used in this study
Guide RNA
cgRNA1
cgRNA2
cgRNA3
cgRNA4

Sequence
5’-ACA AUU AAU AGA CUG GAU GG-3’
5’-CAA CAA GUU UGA UUC CAU UG-3’
5’-CAU UCC UGC AGC GAG UCC AU-3’
5’-AAA CUC ACG UUA AGG GAU UU-3’
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Chapter 6 | The toxicity of RecF protein overexpression links replication to post-replication gap
repair
Camille Henry, Gurleen Kaur, Megan E. Cherry, Sarah S. Henrikus, Hope A.
Beyer, Elizabeth A. Wood, Sindhu Chitteni-Pattu, Antoine M. van Oijen, Andrew
Robinson, and Michael M. Cox
The bacterial RecF, RecO, and RecR proteins are an epistasis group
involved in loading RecA protein onto SSB-coated single-stranded DNA.
However, the role of RecF is unclear. A RecFOR complex has not been
detected. In vivo, RecF and RecO rarely co-localize and recF/recO
phenotypic distinctions are increasingly abound. RecF but not RecO is
commonly found at the replication fork. Over-expression of RecF, but not
RecO or a RecF ATPase mutant, is extremely toxic to cells. Here, we provide
evidence that the molecular basis of RecF over-expression toxicity lies in
replisome destabilization. RecF over-expression leads to loss of genomic
replisomes, increased DNA deletion associated with post-replication gaps,
increased plasmid loss, and induction of the SOS response. We document
a direct interaction between RecF and the DnaN β-clamp. In a singlemolecule rolling-circle replication system in vitro, physiological levels of
RecF protein trigger lagging-strand gap formation. We suggest that the
RecF-DnaN interaction reflects a functional link between post-replication
gap creation and gap processing by RecA. RecF’s varied interactions may
explain how the RecFOR system is focused on rare lesion-containing postreplication gaps, avoiding the potentially deleterious RecA loading onto
thousands of other gaps created during replication.
In submission to Nucleic Acids Research (February, 2022)
I carried out all in vitro single-molecule DNA replication assays and bulk assays
included in Figure 6.9. I analyzed all single-molecule and bulk data and
developed the software for the analysis of the ssDNA gaps shown in figures 6.9.

The contents of this Chapter are published in collaboration with Prof Michael Cox laboratory at
University of Wisconsin-Madison, Wisconsin, USA and Prof Antoine van Oijen’s laboratory at the
University of Wollongong and are presented here with modifications.
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6.1 Introduction
The accurate replication of genetic information is an essential process
allowing cell proliferation and genome stability. The replisome is a multi-enzyme
complex formed by more than ten components. In bacteria, DNA replication starts
from the origin, proceeds bidirectionally, and ends at the terminus site [6, 263].
During replication, cells experience endogenous or exogenous stresses causing
DNA damage. Encounters of the replication machinery with unrepaired DNA
damage can lead to replication stalling or collapse[264, 265]. In some cases,
encounters with template lesions do not halt replisome progress. Instead, the
replisome can bypass the lesion and be reprimed downstream, leading to the
formation of a post-replication gap [223, 266, 267]. Single-strand DNA postreplication gaps are formed frequently, perhaps several times per replication
cycle under normal growth conditions [268, 269]. Despite decades of work, the
formation and repair of post-replication gaps remains one of the least understood
processes in DNA metabolism. Once formed, the gap will often contain a lesion
and accurate repair requires an undamaged complementary strand. Post
replication gaps can be filled by three different mechanisms: (i) homologous
recombination[270-272], (ii) template switching [273-276] and (iii) translesion
DNA synthesis [271, 277, 278]. The homologous recombination path
predominates. The RecF protein is involved in recombination as part of the
RecFOR pathway that is focused on RecA filament loading during the repair of
post-replication gaps [275, 279-284].
An important unaddressed question arises. During a normal replication
cycle, how does the RecFOR system distinguish between lesion-containing postreplication gaps formed just a few times and the thousands of gaps created during
lagging strand DNA synthesis and mismatch repair? There are few protein
barriers to replication that are more formidable than a RecA protein filament, and
RecA loading into gaps that do not require recombinational repair would
presumably be highly deleterious. Here, we further explore important phenotypic
distinctions between RecF and RecO, wherein clues to the discriminatory power
of RecFOR might be found.
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RecF is a member of the ATP-binding cassette proteins (ABC) and harbors
the Walker A, Walker B and the Signature domains characteristic to this
superfamily (25, 26). RecF belongs to class II, grouped with the ABC proteins not
involved in transport. Additional ABC proteins in class II include DNA repair
proteins such as UvrA, MutS, SbcCD and Uup. Structurally, RecF is similar to
structural maintenance of chromosome proteins (SMC) and notably to the head
domain of the Rad50, an eukaryotic ABC protein involved in double strand break
repair [284, 285]. Similar to other members of the ABC superfamily, the
RecF/Rad50 domains play a crucial role in ATP binding and the protein
dimerization [285]. RecF forms a dimer in which two ATP molecules are located
at the interface created between the Walker A and signature domains of two
opposite monomers. In vitro, RecF protein binds single strand (ss) [286] and
double strand (ds) DNA, but only the binding to dsDNA is ATP dependent [287].
RecF exhibits a weak DNA dependent ATPase activity, governing its dissociation
from the dsDNA [288]. Therefore, RecF binding to dsDNA can be enhanced if
ATP hydrolysis is blocked, either by using the non-hydrolyzable ATP analogue
ATPγS or a RecF mutant protein lacking ATPase function such as RecF K36R. A
more stable RecF-dsDNA complex is formed when the RecF dimer is stabilized
through interaction with RecR protein to form a RecFR complex [289]. RecF or
RecFR will also bind to ssDNA [286, 289]. However, unlike the RecFR binding to
dsDNA, RecFR binding to ssDNA is not persistent enough to halt extension of a
growing RecA protein filament [289]. Binding of RecFR to dsDNA is stronger than
to ssDNA.
Importantly, RecF exhibits no strong binding preference for a DNA end or
a ds/ss junction at the end of a gap [281, 289]. Binding near gap ends is reliably
seen in vitro only when RecF/R is constrained to the duplex region near such a
gap end by the use of quite short regions of duplex DNA [279, 281]. Strong
binding by RecF to gap ends would presumably be problematic, as there would
be no way to distinguish the occasional lesion-containing post-replication gaps
where RecF activity is needed and the much more plentiful gaps generated by
lagging strand DNA synthesis, mismatch repair, and other processes. Another
unaddressed question arises. Without a capacity to bind to gap ends specifically,
how does RecF find its way uniquely to post-replication gaps?
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The RecFOR pathway is mediated by the proteins RecF, RecO and RecR
whose function is to facilitate the loading of RecA onto single-stranded DNA
(ssDNA) through the displacement of the single-stranded DNA binding protein
SSB [282, 283, 290, 291]. The grouping of recF, recO and recR genes into an
epistasis group [292-300] is supported by several findings: 1. an identical level of
increased sensitivity to UV irradiation when one of these functions is absent [301];
2. often identical deficiencies in DNA repair and recombination [302]; 3. the joint
suppression of mutant alleles of all three genes by certain mutations in the recA
gene [294, 303]; and 4. the existence of a gene in bacteriophage λ that eliminates
the requirement for all three genes in λ recombination [296, 297]. These
observations have helped to perpetuate a misconception that the RecFOR
pathway features a RecFOR complex [279, 304]. However, despite extensive
examination, evidence for a RecFOR complex – even one formed transiently –
has not appeared.
The RecO and RecR proteins form a RecOR complex. These two proteins
are both necessary and sufficient for efficient nucleation of RecA onto SSBcoated ssDNA [282, 283, 305]. In vitro, RecOR-mediated RecA loading occurs
promiscuously at any point along an SSB-coated stretch of ssDNA. RecF forms
an alternative complex with RecR and the RecF and RecO proteins compete for
RecR complex formation [270]. RecO protein also interacts directly with the SSB
C-terminus [306] and interactions with both RecR and SSB are essential for the
RecA protein-loading activity of RecO. Further, RecO and RecR are essential for
the formation of RecA foci in vivo [307]. There are no conditions under which
RecF or RecFR will load RecA protein onto SSB-coated ssDNA without RecO
present. Under most conditions in vitro, adding RecF protein inhibits RecORmediated loading of RecA onto SSB-coated ssDNA [270, 283, 305, 306, 308,
309]. This is primarily due to the competition between RecF and RecO for RecR
protein under reaction conditions used in vitro [270]. With the capacity of RecOR
to load RecA efficiently onto SSB-coated ssDNA, yet another question arises.
Why does RecOR not load RecA onto every gap that appears in the genome
during replication, including lagging strand gaps and those generated by
mismatch repair?

131

Constraining RecOR means blocking its interactions with RecR, SSB, or
both. RecF can enhance the RecOR-mediated loading of RecA onto SSB-coated
ssDNA [281, 310], but only under two conditions in vitro where the interaction of
RecO protein with SSB is blocked: when SSB is present in very large excess
relative to potential ssDNA binding sites, such that RecO interactions with free
SSB protein sequesters RecO and makes it unavailable for RecA loading, or if
the C-terminus of SSB (necessary for RecO-SSB interaction [309] is removed
[279, 281]. In both cases, RecF stimulation of RecA loading is observed and
facilitated if duplex DNA is available adjacent to the ssDNA. RecFR binding to the
dsDNA flanking the gap can halt RecA filament extension and restrict RecA
nucleofilaments to the ssDNA region [311]. However, as already noted, RecF or
RecFR do not bind specifically to gap ends [281, 288]. As described further in the
Discussion, the details of experiments that detected a RecF stimulation of RecOR
function might reflect a RecR handoff between RecF and RecO. In general, work
with these proteins has given rise to frequent mention of a RecFOR pathway [279,
280, 294, 296, 301, 312], although how the pathway functions to load RecA
uniquely onto the gaps where it is required is not understood.
More recent studies have begun to phenotypically distinguish the RecF
and RecO proteins. Resistance to particular DNA damaging agents is more
dependent on RecF than RecO and vice versa [308, 312, 313]. After DNA
damage or replication fork stress, only RecO and RecR are essential for RecA
foci formation in Bacillus subtilis [308]. Similarly, after DNA damage, RecO and
RecR, but not RecF, are required for DNA compaction observed in E. coli [313].
In contrast, of the RecFOR proteins, only the RecF protein is toxic to cells when
over-expressed [314, 315]. This represents a key and dramatic distinction
between RecO and RecF. Moreover, RecF’s deleterious effect is suppressed by
RecOR co-expression, suggesting a compensatory effect [316].
Another factor distinguishing RecF from RecO is a growing literature
linking RecF protein to a function at the replisome [312, 317-319]. The recent
ability to visualize single-molecules in living cells has demonstrated that RecF
and RecO do not colocalize and exhibit very different spatiotemporal behavior
[312]. Whereas RecO is generally found at sites distal to the replisome, RecF
often colocalizes with the replication fork. RecF is required for rapid resumption
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of DNA synthesis after cells are UV irradiated and prevents extensive DNA
degradation from occurring [318, 320, 321](60, 62, 63). These functions require
the RecF ATPase [321].
In vitro, in the absence of nucleotide cofactor, RecF is monomeric but
forms dimers in an ATP-dependent manner [285]. On the dimer interface, RecF
harbors a positively charged tunnel essential to ATP binding. After dimerization,
RecF exhibits a higher affinity to dsDNA. Dissociation from the DNA is triggered
by ATP hydrolysis [285, 288]. RecR protein interacts with RecF, stabilizing the
binding to dsDNA and stimulating the weak RecF ATPase. RecR and RecF
proteins interact with a stoichiometry (RecF2:RecR2 or RecF2:RecR4), in which
each RecF monomer is predicted to interact either with one or two Toprim
domains of the RecR dimer or tetramer respectively [285]. In vivo, RecF forms
mostly monomeric foci in the absence of stress [312]. Strikingly, after DNA
damage such as UV stress, the total number of foci increases and the monomeric
RecF foci are converted to dimeric foci. This suggests the appearance of new
binding sites following DNA damage and the formation of RecF foci binding to
dsDNA, presumably near post-replication gaps. It was not possible to construct
a functional fluorescent RecR fusion to visualize the RecFR complex formation.
However, the deletion of recR reduces RecF foci formation, reflecting an apparent
stabilization effect of RecR in the living cell.
In this report, we explore the following question: What function might the
RecF protein have at the replication fork, or how does it affect replisomes, and
does this effect become toxic when RecF concentration is increased? The work
provides further evidence for a RecF interaction with replisomes and provides a
molecular explanation for the toxicity seen in RecF over-expression. When
combined with studies already published, the observations may help explain how
lesion-containing post-replication gaps are distinguished from other gaps, how
RecF protein finds its way to the particular gap where it is needed, and how the
potentially deleterious RecA-loading function of RecOR might be constrained.

6.2 Results
RecF was recently identified in a screen for proteins that become highly
toxic upon over-expression due to an increase in DNA damage [315]. This effect
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does not extend to over-expression of RecO or RecR. In the case of RecF, the
toxicity had been noted previously and depends on its ability to hydrolyze ATP
[314]. The observed toxicity of RecF when the protein is present at higher-thannormal levels is the jumping off point for the current study. However, we also
further examine the effects of a recF deletion and the effects of physiological
concentrations of RecF on replisome action in vitro. The experiments to follow
were aimed at further defining RecF effects on replication forks and more broadly
to explain the phenotypic distinctions between RecF and RecO.
6.2.1 Toxicity of RecF over-expression constructs.
The effects of RecF over-expression were studied at the single cell level
using untagged and tagged versions of RecF. Normal functionality of a RecFmKate2 fusion encoded at the recF chromosomal locus was demonstrated
previously [312]. Here, a pBAD vector system was used to up-regulate production
of RecF wild type and mutant proteins plus tagged versions of all of these (Fig.
6.1). To validate our over-expression tools, the complementation and the toxicity
of the different versions of RecF (RecF, RecFK36R, RecF-mKate2 and RecFK36RmKate2) were tested under growth conditions adapted for the single cell imaging
(EZ medium containing glycerol as carbon source). Briefly, a recF deletion mutant
strain was transformed with vectors encoding the different variants of RecF (Fig.
6.1A). The functionality of the RecF-mKate2 construction was again validated by
a UV sensitivity complementation assay, under conditions in which no arabinose
was added for induction but in which leaky expression provided low levels of
RecF protein (Fig. 6.1B). The RecF-mKate2 construct was able to complement
the recF null mutant at the same level as a similar construct expressing wild type
RecF. As expected, plasmids expressing the untagged or tagged version of
ATPase-dead RecFK36R did not complement.
The levels of toxicity induced by over-expression of the various pBAD
constructs were then analyzed after addition of 0.2% arabinose (Ara) to the
culture. RecF toxicity is observed 30 min after induction using an agar platebased spot assay. The toxicity is similar for the untagged and tagged versions of
the wild-type protein with a 4-log decline in survival (Fig. 6.1C). As observed in
earlier studies, the untagged RecF ATPase (K36R) mutant produced no toxicity.
A partial toxicity is observed after 1 h of induction for RecFK36R-mKate2 with a
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loss of 2 log of survival. To ensure that the ATPase dependency is not a
consequence of a difference in expression level, the expression was examined
both by Coomassie gel and Western blot (Fig. 6.1.1). We noticed that the
expression levels of the tagged versions are slightly lower than the untagged
versions. In both cases the expression of the ATPase dead mutant (RecF K36R) is
similar (or slightly higher) compared with the wtRecF. Altogether, these results
confirm that the toxicity of the tagged RecF is comparable to that of the untagged
protein upon over-expression. The results also confirm that the toxicity relies on
the RecF ATPase activity and is not a nonspecific effect of over-expression of
this particular protein.
To further investigate the effect of RecF over-expression, we constructed
a series of strains in which over-expression was mediated from the chromosomal
recF locus. The native recF gene is located in a complex operonic structure
composed of dnaA-dnaN-recF-gyrB regulated by multiple promoters distributed
throughout the operon [322, 323] (Fig. 6.2). The positioning of recF within an
operon dominated by genes expressing proteins involved in replication has
always been a curiosity, but of course is not determinative. The gyrB gene is
predominantly expressed as a single gene utilizing a promoter located in the 3ʹ
end of recF. Due to the complex regulation of this operon, we designed overexpression constructs for which a transcription termination sequence followed by
the promoter of the araBAD operon (PBAD) was inserted at the locus in front of the
start codon (ATG) of the gene encoding recF (or recFK36R). After the recF stop, a
Kan cassette followed by a duplication of the 3ʹ end of recF carrying the gyrB
promoter region was introduced (Fig. 6.2A). This arrangement preserved normal
expression of the gyrB gene (Fig. 6.2B), unaffected by subsequent arabinose
additions. A strain with the native recF gene, in its normal operon context, was
used as control in all the experiments carried out with these over-expression
constructs. Reasoning that the chromosomal construct would produce lower
RecF protein levels, we carried out arabinose titration to determine the
concentration exhibiting a toxicity similar to the plasmid construct (Fig. 6.2 and
Fig. 6.2.1). To determine the toxicity of RecF over-expression, we followed
population growth with both OD600 and colony forming unit (c.f.u.) measurements.
Whereas almost no change in OD was observed, the c.f.u. decreased after
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arabinose addition. In the absence of arabinose, no toxicity was detected on
plates (Fig. 6.2 and Fig. 6.2.1). About 1 and 1.5 log loss of survival was observed
at 0.5 and 1% ara but the toxicity drastically increased to ~2 and 3.5 log loss of
survival when 5 or 10% ara were added, respectively. No toxicity was observed
for RecFK36R at the same concentrations of arabinose.
Western blots demonstrated that the production level of RecF was similar
(or somewhat lower) to that of RecFK36R under these over-expression conditions
(Fig. 6.2.1). Moreover, western blot anti-RecF carried out at different times
suggested that the maximum production of RecF level is reached at 6h with the
higher dose of 10% ara (Fig. 6.2.1). We further used western-Blot anti-RecF to
estimate the number of RecF per cell after 16h of culture (Fig. 6.2. To determine
whether the difference observed between absorbance and c.f.u. was due to
filamentation affecting the absorbance reading or to the inability of cells to resume
growth after RecF over-expression we carried out Live and dead single-cell
imaging and followed the growth restart of cells which previously overexpressed
RecF (Fig. 6.2.2 and 6.2.3). Live and dead single cell imaging revealed an
increase in cell length and cell death upon RecF over-expression. The maximum
cell death detected is about 30% after addition of 10% arabinose, which is
expected to be higher based on the 0.01% survival (c.f.u.) of a culture which
experienced almost no decrease in absorbance. However, the growth restart
assay revealed a delay of about 4h for cells which previously experienced RecF
over-expression. Overall, the results of RecF over-expression from the
chromosome replicate the previous observations of RecF over-expression
toxicity from a plasmid and further suggest that RecF over-expression toxicity is
due in large measure to a flaw in growth restart when RecF is overexpressed.
Two sets of published studies differ in the levels of SOS induction observed
as a result of RecF over-expression [314, 315, 317]. Sandler et al. [317] observed
a decrease in SOS induction following UV or mitomycin C exposure, monitoring
a short 2h window following RecF over-expression (using a temperature inducible
plasmid system), while Xia et al. detected an increase in SOS induction after 24h
of RecF over-expression (using an IPTG inducible plasmid system). In the
present study, strains in which RecF or RecF variant expression is directed from
the chromosome, a PrecN-sfgfp fusion expressed on plasmid was used to assay
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SOS induction. We first analysed the SOS level upon RecF over-expression
alone or combined with UV stress to address the apparent difference in SOS
induction previously observed (Fig. 6.2.4). In the first 2h following the overexpression a mild delay in SOS induction was observed for the RecF overexpression strains, producing a relatively low level of SOS induction as seen by
Sandler. Later, the SOS response became prominent (Fig. 6.2.4), as seen by Xia
et al. [315]. Therefore, we propose that the difference between previous studies
is likely due to a difference in the RecF over-expression induction system utilized
and more importantly the timing of the SOS experiments. We further analysed
the SOS induction upon increased arabinose concentration in the absence of UV,
monitoring both the fluorescence derived from the SOS-induced GFP and overall
cell growth. The mean fluorescence observed for cells with the native recF
promoter varies from 0 to a maximum of 3,000 A.U. after 16 h (Fig. 6.2D), with
arabinose. In the absence of arabinose, the RecF over-expression construct with
the PBAD promoter, exhibited similar results. However, under increased overexpression conditions, the SOS-mediated GFP expression strongly increased to
a maximum value of fluorescence of about 69,000 A.U. after 9 h with 10%
arabinose. Finally, for the ATPase dead RecFK36R inducible construct, in the
absence of inducer, a modest SOS signal is observed with a maximum value just
over 24,000 A.U after 16 h. With added arabinose, the SOS induction previously
observed in absence of inducer for RecFK36R decreased to background levels
seen in experiments with the cells carrying the native recF promoter. The small
induction of the ATPase dead mutant in absence of Ara mimics the SOS level
observed with the same fusion upon the loss of the recF gene in absence of
exogenous stress [312]. We then tested the SOS induction upon the first 16h of
RecF over-expression (with 10% arabinose) in homologous recombination
deficient mutants, ∆recA, ∆recB, ∆recO or ∆recR (Fig. 6.2.5). Upon RecF overexpression, no change in SOS induction was observed in the ∆recR strain.
Significant delays in SOS induction were observed for ∆recO and ∆recB while no
induction was observed in the ∆recA negative control. Altogether, these results
confirm the toxicity of RecF ATPase over-expression and reveals its correlation
with both SOS induction and a defective cell capacity to return to growth. The
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results suggest an increase in DNA damage and generation of ssDNA that is
dependent on RecF ATPase.
6.2.2 RecF over-expression increases replisome dissociation
Reasoning that RecF acts in some manner near the replisome, we
investigated the effect RecF ATPase over-expression on replisome stability in
vivo using a fluorescence-based imaging approach. We set up a two-color
imaging strain carrying a replisome marker (DnaX-YPet) along with RecFmKate2 expressed from the araBAD promoter with addition of 0.2% arabinose
(Fig. 6.3). DnaX-YPet and RecF-mKate2 signals were respectively characterized
at 514 and 568 nm by imaging individual cells and foci therein. As high levels of
mKate2 could be sligthly excited at 514 nm and therefore creates a possible
channel overlap, we first determined if the mKate2 signal can interfere with the
signal in the YPet channel and create an artifactual result (Fig. 6.3.1). The control
imaging was carried out with strains only expressing RecF-mKate2 and images
were recorded in both the YPet and mKate2 channels during over-expression. At
time 0, no artifactual signal was detected in the YPet channel. However, an
artifactual signal in the YPet channel was detectable beginning at 60 min. Based
on this result, the imaging time-lapse of DnaX-YPet in the two-color strains was
limited to the first 30 min after induction of RecFmKate2/RecFK36R-mKate2.
No significant increase of mKate2 cellular fluorescence was observed in
two-color strains expressing either RecF-mKate2 or RecFK36R-mKate2 30 min
after arabinose induction. Though at first glance this observation appears
contradictory to the previously discussed western blot analysis, we attributed
these observational differences to limitations of the mKate2 fluorophore. The
fluorophore mKate2 was previously determined to have a half maturation time of
roughly 20 min [324]. Thus, during our observational window of 30 min, it is
reasonable to assume that the maturation lag of the fluorophores could obscure
the observation of newly created RecF-mKate2 protein. We further determined
the number of mKate2 and replisome foci per cell (Fig. 6.3C and Fig 6.3.2).
Before induction, strains expressing either RecF-mKate2 or RecFK36R-mKate2
exhibited similar numbers of replisome foci 1.8± 0.1 (RecF-mKate2) or 1.6 ± 0.1
(RecFK36R-mKate2) (top panel). However, the number of mKate2 foci (RecF) was
significantly smaller for the ATPase dead RecFK36R mutant with 0.06 ± 0.02
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(RecFK36R-mKate2) versus 0.66 ± 0.06 (RecF-mKate2) (bottom panel). This
suggests that the ATPase function may be needed for RecF dimerization and
DNA binding in vivo. A similar result was obtained when acquiring rapidacquisition movies rather than time-lapse series (Fig. 6.3.2). After arabinose
addition, the number of RecF-mKate2 foci slightly decreases after 10 min of
induction to reach 0.39 ± 0.03 foci at 30 min whereas it increases to 0.21 ± 0.02
for RecFK36R-mKate2 (Fig. 6.3C bottom panel). The use of a replisome marker
(DnaX-YPet) revealed that RecF over-expression correlates with a sharp decline
in replisome foci, beginning at 10 min after induction and decreasing further from
20 to 30 min (Fig. 6.3C top panel). Over 70% of the visible replisome foci
disappear upon over-expression of the RecF-mKate2. A much more modest
decline is observed upon over-expression of the ATPase deficient RecFK36RmKate2.
To confirm this previous observation over a longer period of time, we then
imaged the single-color DnaX-YPet strains, over-expressing the dark (untagged)
versions of RecF and RecFK36R upon addition of 0.2% arabinose (Fig. 6.4).
Overall patterns remained the same. The relative total YPet concentration per
cell was similar for both strains during the 60 min observation window, suggesting
similar concentrations of replisome proteins (at least DnaX). RecF overexpression again produced a significant decrease (>70%) in replisome foci (Fig.
6.4 and Figure 6.4.1). The number of replisome foci observed at 30 min was
similar to that seen with the two-color strain imaging with respectively 0.66 ± 0.03
and 1.34 ± 0.04 foci per cell for untagged RecF and RecFK36R. The decline
continued from 30 to 60 min post-induction of the experiment for both constructs,
reaching 0.43 ± 0.03 replisome foci for RecF and 0.97 ± 0.04 for RecFK36R. RecF
protein over-expression thus leads to replisome uncoupling and transient
destabilization in a reaction that is largely dependent on an intact RecF ATPase
activity.
6Returning to the two-color strain imaging, the proximity of the RecF-mKate2 and
RecFK36R-mKate2 foci to the replisome was further analyzed by examining
histograms of pairwise-colocalization distances. To account for the fact that short
distances are sampled less frequently in these types of radial-search
measurements, the histograms of colocalized foci were binned by area shells, as
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opposed to linear distances. The number of mKate2/DnaX-YPet colocalization
counts in close proximity was higher for RecF-mKate2 at time 0 and remained
high for the first 10 min (Fig. 6.3.3). For both RecF variants, a high degree of
RecF colocalization was initially observed between RecF and replisome foci (Fig.
6.3D), although the numbers of RecFK36R-mKate2 foci were low. Replisome foci
were more often colocalized with RecF-mKate2 (14.43 ± 1.16%) than RecFK36RmKate2 (1.26 ± 0.32%) during the first 10 min after arabinose addition. Although
the numbers of RecFK36R-mKate2 foci were low, this colocalization declined within
30 min following arabinose addition. In the case of RecF-mKate2, the
colocalization decline coincided with a decline in the total number of replisome
foci. In the case of RecFK36R-mKate2, there were few mKate2 foci to follow and
very few replisome foci included them. RecFK36R-mKate2 foci remained relatively
rare. However, we noticed that when RecFK36R-mKate2 forms foci, the proximity
to the replisome was not different from that seen for RecF-mKate2. Thus, RecF
focus formation exhibits a strong dependence on the RecF ATPase activity,
whereas the proximity of RecF foci to the replisome does not.
In principle, replisome dissociation could have several different effects on
the local binding of SSB: (i) a reduction caused by RecA protein loading onto the
ssDNA region mediated by RecOR on the abandoned fork, with coincident SSB
removal (67, 68); (ii) a static presence of SSB if the replication is resumed by the
replication restart proteins without further DNA unwinding; or (iii) an increase in
the ssDNA SSB coated region, if the abandoned replication fork is further
processed by helicases or if post-replication gaps are formed. To explore these
possibilities and follow the fate of SSB, we used a new SSB-mTur2 visualization
tool developed by Keck and coworkers (Fig. 6.5) [325] to image the ssDNA
regions (i.e. replisome and gap). Unlike other SSB fusions studied to date, E. coli
cells grow normally when SSB-mTur2 is the only SSB expressed. Controlling for
possible channel overlap with mKate2 (RecF) (Fig. 6.3.1), we detected no
artifactual foci in the mTur2 channel (458 nm). Strains expressing chromosomal
SSB-mTur2 alongside of RecF-mKate2 or RecFK36R-mKate2 were imaged for 60
min after arabinose addition (Fig. 6.5). In agreement with the number of replisome
foci observed under the same growth conditions, the number of SSB-mTur2 foci
before induction was around 2 foci per cell for both strains, 2.1 ± 0.1 SSB-mTur2
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foci for RecF-mKate2 and 1.8 ± 0.1 for RecFK36R-mKate2. After induction of RecFmKate2, SSB foci did not decline in number as replisome numbers declined, but
instead slightly increased. As might be expected, a region of ssDNA remained
whether the replisome was present or not. When the ATPase dead RecFK36RmKate2 was expressed, a similar small increase in SSB foci was observed (2.6
± 0.1 and 2.4 ± 0.1, RecF mKate2 vs RecFK36R-mKate2) after 60 min of induction.
Prior to induction, low levels of RecF foci (about 0.5 per cell) and very few
RecFK36R-mKate2 foci were present. Both RecF-mKate2 and RecFK36R-mKate2
foci increased upon induction, mainly after 30 min as the newly synthesized
mKate2 fluorophores matured. RecF-mKate2 was strongly colocalized to the
SSB foci. RecFK36R-mKate2 exhibited many fewer foci as before, but these also
colocalized well to the SSB foci. Even before induction, 71.4 ± 3.3% of RecFmKate2 foci colocalized with SSB-mTur2 foci. The colocalization slightly
increased to reach a maximum of 83.7 ± 2.2% at 30 min, and then returned to
the initial colocalization level. Colocalization of the detectable RecFK36R-mKate2
foci with SSB foci was significant (33.3 ± 12.6%) but lower than with RecFmKate2 protein. In contrast to the replisome colocalization analysis, this implies
that RecF might bind more often near non replisomal SSB foci than RecF K36R.
Upon induction, as RecFK36R-mKate2 increased and formed more visible foci after
the 30 min mark, its colocalization with SSB-mTur2 foci reached a plateau
between 50 and 60%. In the reciprocal analysis, 14.3 ± 1.4% of the SSB-mTur2
foci contained RecF-mKate2 foci prior to induction and less than 1% of the SSBmTur2 foci colocalized with the much smaller number of RecFK36R-mKate2 foci.
After induction, the fraction of SSB foci colocalizing with either RecF variant
increased substantially with maturation of mKate2 fluorophores after the 30 min
mark. Over 89% of the SSB foci colocalized with RecF-mKate2 after 60 min and
just under 50% in the strains expressing RecFK36R-mKate2.
Finally, the analysis of the SSB foci characteristics analyzed as particles
in FIJI revealed that RecF over-expression increased the size and brightness of
the particles in a manner that was much more pronounced for strains expressing
the RecF-mKate2 protein (Fig. 6.5CD). The size and brightness of RecF foci
(particles) also increased after 30 min, although this may simply reflect the slow
maturation of the mKate2 fluorophore (Fig. 6.5.1). Altogether, these data show
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that RecF over-expression does not greatly affect colocalization with SSB foci but
it does affect SSB feature size and brightness as well as RecF DNA binding.
These results again indicate an increase in ssDNA generated by RecF overexpression, correlating with a decline in cellular replisome numbers.
6.2.3 RecF over-expression stimulates repeat deletion events associated
with post-replication gaps.
The colocalization behavior of RecF associates the protein with both
replisomes and gaps. If RecF over-expression is leading to larger numbers of
post-replication gaps, then it might also lead to an increase in recombination
events linked to those gaps. This experiment utilized an assay developed by
Lovett and collaborators [275, 326, 327], measuring deletion events between
nearby short (101 bp) direct repeats on plasmids that are largely RecAindependent and strongly associated with post-replication gaps. The deletion
events create tetracycline resistance and are readily selected for. We carried out
experiments with three plasmids harbouring variously sized regions between the
two tet repeats of 101bp homology (1.4, 7.1 kb and cruciform formed by a
palindrome of 110 bp) (Fig. 6.6A). Recombination events between repeats were
detected by plating after 16 h of culture following induction by arabinose addition.
No protein tags were present on the RecF or RecFK36R proteins. For all of the
assayed plasmids, significant increases in deletion events were seen when the
wild type RecF protein was induced. Increases were minimal or absent when the
RecFK36R protein was induced or when the wild type recF promoter (unresponsive
to arabinose) was used.
To expand the correlation and examine conditions that did not involve
RecF over-expression, the assay was then repeated in strains lacking RecF
protein (Fig. 6.6B). In agreement with the observations of Lovett and co-workers
on intermolecular recombination events between tet repeats greater than 50 bp
[274], a recF deletion in all cases decreased the frequency of the events. The
same result was obtained for strains expressing the ATPase dead RecF K36R.
When using a plasmid in which the repeats are separated by 7.1 kbp (where the
background rate of deletion is very low), a deletion of the recO gene also caused
a measurable decline in deletion frequency. When a plasmid was used that has
much less DNA (110 bp with a long palindrome) separating the repeats, the loss
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of RecF function again caused a decline in deletion frequency (Fig. 6.6B). For
this latter deletion substrate, where deletion frequencies are much higher,
deletion of recO did not produce a decline in the manner of ΔrecF. In an attempt
to confirm the recF and recO patterns, a similar set of experiments was carried
out in a background in which the functions of the Uup and RadD proteins are
missing. Eliminating these two genes has the effect of enhancing the
recombination signal, as deletion of those two genes produces a synergistic
increase in these types of RecA-independent deletion events [268]. The patterns
seen with recF and recO were confirmed with these strains. As most of this
recombination is RecA-independent, the effect of the recF deletion indicates that
RecF is here involved, at least in part, in a process that does not involve RecA
protein loading into the gap. The more modest effects of the recO deletion are
consistent with the role of RecO in RecA loading. In general, these experiments
indicate that deletion events associated with post-replication gaps increase when
RecF is over-expressed in an ATPase-dependent fashion and decline when
RecF is not present. The RecF over-expression appears to be associated with an
increase in gap formation and/or an increase in gap size that provides fertile
ground for RecA-independent recombination.
6.2.4 RecF over-expression increases damage and ssDNA formation on
plasmid DNA.
We reasoned that an effect on replisome stability, along with an increase
in gap formation, might be especially detrimental to small replicons (plasmids)
and might be reflected in an increase in DNA damage and plasmid loss. We
specifically examined the effect of RecF over-expression on the stability of the
plasmid pBR322 [328]. We first took strains expressing RecF from its wild type
promoter on the chromosome, as well as RecF and RecFK36R expressed from the
pBAD promoter. Before and after addition of 10% arabinose to induce RecF or
RecFK36R expression for 16 h, plasmid DNA was purified, visualized and
analyzed. The toxicity of RecF over-expression for the strains carrying the
plasmid was controlled using the agar plate-based spot assay (Fig. 6.7.1). After
plasmid purification by standard mini-preparation carried out in the same manner
for all strains, the DNA concentration was determined by the absorbance at 260
nm, and 250 ng of DNA was loaded on two identical agarose gels. Following
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electrophoresis, identical gels were stained either by ethidium bromide or SYBR
Gold. SYBR Gold is a more sensitive stain able to detect lower concentration
DNA and single strand DNA. For most samples, the majority of the 250 ng of
pBR322 DNA appeared to be supercoiled with both stains (Fig. 6.7A). The
exception was the DNA purified from cells over-expressing RecF (Fig. 6.7A). In
that case, the majority of the DNA is spread into a smear. However, in contrast
to the other samples, a larger amount of DNA was detected by SYBR Gold
staining, thus suggesting a potential increase in ssDNA. A similar smearing was
observed for a larger plasmid (pSTL78; 7.1 kbp) (Fig. 6.7.1). Much of the
spontaneous DNA damage in cells is oxidative [329], an effect that is amplified
when cells are grown in rich media with aeration (as is the case for most of the
cell growth experiments in this study). We thus isolated plasmid pSTL78 from
cells grown anaerobically. Over-expression of RecF again uniquely eliminated
the duplex DNA circles from the plasmid prep (Fig. 6.7.1). All of these
experiments were carried out at least 3 times with identical results. This result
suggests that RecF over-expression results in considerable damage to plasmid
replicons with a potential increase in ssDNA, but the smear observed does not
allow a differentiation between ss- and dsDNA formation.
The DNA present in the purified samples (pBR322) was further analyzed
by electron microscopy using the cytochrome C method [330]. This method
allows differentiation between ss- and dsDNA regions of a DNA molecule (Fig.
6.7B), the differences in molecules was quantified (Fig. 6.7.2). In the absence of
arabinose, for all strains, the majority of the DNA observed was circular double
stranded with a few molecules exhibiting small open regions of ssDNA (Fig. 6.7B
and Fig.e 6.7.2). Little change was observed when arabinose was added to the
control strain with a non-inducible wt promoter (native promoter). However, when
RecF was over-expressed, the circular dsDNA essentially disappeared in the
purified sample. The DNA molecules observed were largely either linear
branched double stranded DNA with single-stranded regions or single-stranded
DNA with small dsDNA patches. The DNA purified after RecF K36R overexpression was prominently double stranded circles but with a slight increase in
long linear molecules and a minority of single-stranded DNA with short dsDNA
patches. The EM analysis is consistent with the idea that RecF over-expression
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results in an increase in plasmid damage that either precludes plasmid isolation
by the standard preparation or increases ssDNA in the plasmids.
Reasoning that gap formation occurring on plasmid DNA can eventually
lead to plasmid loss even with a relatively stable multi-copy plasmid like pBR322,
we examined the effect of RecF over-expression on plasmid loss using a much
different and independent assay (Fig. 6.7.1 and 6.7.3). A pBR322 vector in which
lacIZYA has been cloned (pEAW1232) was used for a blue/white color screen
assay. To determine the number of cells losing the plasmid (indicated by colonies
that are white), the plasmid was transformed into strains deleted of the lac operon
so that all the lac genes are encoded by the plasmid (Fig. 6.7.1C and 6.7.3). A
modest but consistent increase in white colonies lacking plasmid was observed
in cells exposed to RecF over-expression for 16 h compared to the control or the
ATPase deficient RecF strain. About 10% of the cells lost the multicopy pBR322
derivative plasmid, but only upon over-expression of the RecF. A similar effect
was observed when the assay was carried out with the pRC7 plasmid (also
encoding the gene for β-galactosidase), which has a lower copy number and is
much more easily lost [331] (Fig. 6.7.1D). The increase in plasmid loss confirmed
that some kind of DNA damage that is deleterious to small replicons occurs upon
RecF over-expression in an ATPase-dependent manner. Together, the
visualization and the analysis of the plasmid DNA, along with the plasmid loss
assay, implicates RecF over-expression with replisome instability and an
increase in ssDNA gap formation.
6.2.5 RecF weakly interacts with the DnaN ß-clamp.
Although, the previous data of this study strongly suggested a direct link
between RecF and the replisome, clear evidence of such interaction has not yet
appeared. The interaction between RecF and putative replisome partners was
investigated by the yeast-two hybrid assay in vivo (Fig. 6.8). The strength of the
interactions was tested by ß-galactosidase activity. First, a combination of yeast
transformed with RecF fused to one domain (activator -AD or binding domains BD) and the control C3 fused to the other domain were used as negative controls,
while a combination of RecF fused with either domains or RecF on one domain
and RecR on the other were used as a positive control of RecF interaction. The
ß-galactosidase activities of the negative controls were respectively 0.21
145

(AD_RecF) and 0.27 units (BD_RecF) (Fig. 6.8). The ß-galactosidase activity
slightly increased to 0.655 for RecF/RecF interaction, and to 1.14 (AD_RecF) and
1.63 units (BD_RecF) for RecF/RecR interaction. Yeast cells were further
transformed with a combination of plasmids of RecF fused with one domain and
another protein with the other, to test the interaction of RecF with proteins
involved in DNA repair (RecA, RecFK36R, RecO, RadD, RecG, TopB, RecQ) and
DNA replication (DnaC, DnaE, DnaN, DnaG). Among the different combinations
tested, a highly significant increase was observed for AD_RecF and BD_DnaN
harboring an activity of 1.05 units. Much smaller signals were seen for RecF_BD
with AD_ RecO, RadD, DnaG, TopB and RecQ presenting respectively activities
of 0.47, 0.57, 0.65, 0.46 and 0.51 units. Altogether, yeast two hybrid assays
revealed weak but significant interactions between RecF and several partners,
with the strongest interactions seen with the two clamp-like proteins RecR and
DnaN.
6.2.6 In vitro, RecF triggers ssDNA gap formation during replication
E. coli replication can be reconstituted and characterized in vitro using
purified replisomal proteins and coupled to a primed rolling-circle template, at
both the ensemble and single-molecule level. The replication process can be
monitored respectively either by electrophoresis gel or in real time by
fluorescence microscopy [47, 104, 106]. To determine the effect of RecF and its
ATPase activity on replisome stability and function, we set up replication assays
in which purified RecF protein was added at a physiologically relevant (10 nM)
concentration [312, 332] and also at a higher concentration to mimic RecF overexpression (100 nM). In some experiments, RecR was also added at a 2:1 ratio
relative to RecF (Fig. 6.9 and 6.9.1), with concentration as mentioned in the
caption.
The single-molecule experiment is presented here first. The experimental
design of this assay involves the replication of a rolling-circle DNA substrate
tethered to the surface of a flow cell. The newly synthetized double-stranded DNA
is stretched by a continuously applied laminar flow and visualized in real time
using SYTOX Orange, a stain specific to double-stranded DNA (Fig. 6.9A).
Therefore, if single-stranded gaps are formed in the product strand, staining is
discontinuous. In the experiments presented below, the replisome was pre146

assembled onto the DNA template in solution. During replication a noticeable and
concentration-dependent difference was observed in the frequency of gap
formation when RecF was added to the reaction (Fig. 6.9B and C). The basal
frequency of visible gaps formed (in the absence of RecF) is on average 0.015 ±
0.002 gaps per µm DNA synthesized. This number increased modestly to an
average of about 0.026 ± 0.003 or 0.028 ± 0.002 gaps per µm DNA synthesized
when either RecR or RecFK36R proteins were added alone, respectively. However,
this number was increased to more than 0.042 ± 0.003 gaps per µm DNA
synthesized when 10 nM RecF was added. Gap formation increased to more than
0.059 ± 0.004 gaps per µm DNA synthesized when both RecF and RecR were
added together (Fig. 6.9.1). The gap frequency calculated from these data sets
is the averaged gap frequency per length of DNA measured. In Figure 6.9 b. it
can be seen that small non-resolved gaps resulting from lower Sytox Orange
intensity are present which contribute to any undersampling. Nevertheless these
results suggest that RecR and RecFK36R play a role in replisome impairment and
uncoupling but the ATPase activity of RecF appears to be an important factor.
Unlike the experiments using RecF over-expression in vivo, these experiments
utilized mainly RecF concentrations consistent with normal in vivo RecF
concentrations estimated to be in the range of 5 to 20 nM, equivalent to 18-68
RecF molecules per cell [312, 332]. However, when RecF is added alone at
higher concentration the frequency drastically increased to 0.191 ± 0.008 gaps
per µm DNA synthesized, this observation correlates well with the increase in
replisome loss and uncoupling observed in vivo upon RecF over-expression. The
analysis of the gap size also revealed that when RecR or RecF K36R were added
alone, the average size of the gap increased. Interestingly, the addition of wild
type RecF has the opposite effect; gaps formed are smaller and a significant
further decrease is observed for the combination of RecF and RecR. These
observations suggest that the RecF ATPase activity might not only be involved in
the gap frequency but also in the initiation of the downstream Okazaki fragment
synthesis.
The gaps observed above must be occurring primarily on the lagging
strand as the formation of leading-strand gaps would lead to termination of the
rolling-circle replication reaction. To determine if the RecF ATPase effect on gap
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formation was lagging-strand specific, we set up ensemble primer-extension
assays, on primed M13 DNA, allowing the replication of the leading strand alone
or the leading and the lagging when the DnaG primase and the rNTPs were
added (Fig. 6.9DE). In both cases, the addition of RecR or RecFK36R had no effect
on replication; the intensity of the final product was similar to the intensity
observed for the control (storage buffer). In contrast, a reproducible decrease in
the final replication product was observed when 20 nM RecF was added. This
effect was greater when RecF and RecR were added together. As the effect of
RecF was seen in both replication assays, these results suggest an involvement
of RecF ATPase in gap formation during the ongoing replication in both strands
of the DNA, with perhaps a stronger effect on the lagging strand.

6.3 Discussion
Over-expression of the RecF protein is highly toxic to a bacterial cell [314,
315]. The molecular basis of that toxicity has not been understood. The work in
this study leads to two major conclusions and some potential new insights into
RecF function. We conclude that over-expression of wtRecF, with its ATPase
intact, directly and negatively impacts the stability of those replisomes, limiting
the capacity of cells to resume normal growth following the over-expression.
Yeast two hybrid further revealed an interaction between RecF and DnaN, along
with a possible but much weaker interaction with DnaG. The observations
strongly suggest a direct interaction between RecF and the replisome. A direct
interaction between RecF and the replisome provides a better explanation for the
observed replisome destabilizing effects of RecF over-expression than replisome
collisions with randomly bound RecFR complexes. RecFK36R, which binds to
dsDNA as well or better than RecFR, has no toxic effects when over-expressed.
Previous work has demonstrated colocalization of RecF protein with replisomes
[312], and that observation is reinforced here. RecF clearly affects replication.
RecF over-expression leads to dramatic cellular replisome loss, increased
recombination associated with post-replication gaps, and significant loss of small
replicons (plasmids) even when they exist as multiple copies in the cell. The
increase in gap-associated recombination, a large induction of the SOS response
that is recO- and recB-dependent, and the loss of circular duplex circles all
associate the RecF over-expression with replisome dissociation and an
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accompanying increase in ssDNA that would be expected if gaps were being
formed. Based on these observations, we posit that these destabilizing effects on
replisomes underlie the toxicity associated with RecF over-expression. The
results complement previous work suggesting a role for RecF at replication forks
[312, 317-319, 321].
When combined with the extensive literature linking RecF in some manner
to RecA filament formation in gaps, the results suggest an important link between
gap formation at the replication fork via lesion-skipping and the subsequent
processing of those gaps by RecA protein. That link appears to be organic to
RecF function, as RecF co-localization with replisomes is frequent when RecF is
present at physiological concentrations.
All of this seems to take us away from the function of RecF in loading RecA
protein into gaps. RecF can clearly influence RecA filament assembly if it is
present at a gap end. However, on its own, there is little indication that RecF
binds at gap ends strongly and specifically relative to random binding to dsDNA.
As already noted, specific RecFR binding to gap ends could be detrimental, as
gaps are abundant during replication [333] and those arising from lagging strand
DNA synthesis and mismatch repair are much more abundant than lesioncontaining post-replication gaps. So how could RecFR get to the location where
it is needed to affect RecA filament formation? We suggest that RecF interacts in
some manner with replisomes via DnaN (and possibly DnaG) and is placed at
gap ends by the replisome in the process of gap generation via lesion-skipping.
A potential resolution to the seemingly disparate observations placing
RecF either at a replication fork or at a post-replication gap is presented in the
model in Figure 6.10. Although much of the scheme is speculative, it builds on
the growing evidence that RecF interacts with the replisome and represents a
first attempt to address the series of questions posed in the Introduction. This is
also an attempt to accommodate many observations accumulated over decades
– some prominent and some subtle – as well as the current work. Most of these
observations have already been mentioned but are summarized together here:
1. There is no RecFOR complex. RecF and RecO compete for formation
of RecOR and RecFR complexes [283, 304, 307, 334]. We hypothesize that the
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competition may reflect a capacity for RecO and RecF to transfer RecR between
them.
2. RecF and RecFR bind to dsDNA much better than to ssDNA and both
bind randomly to the dsDNA. RecF and RecFR do not bind to the ends of gaps
specifically (22), unless constrained to gap-proximal regions in vitro by the use of
very short duplexes framing the gaps [279, 281, 335]. As an SMC-family protein,
RecF may have some capacity to slide along the duplex DNA.
3. RecOR complexes bind to SSB and load RecA onto SSB-coated
ssDNA. RecFR complexes cannot do this [281, 283, 306, 336]. The RecO protein
must bind to both RecR and the SSB C-terminus to function in RecA loading.
4. Although many observations place the recFOR genes within a single
epistasis group, the phenotypes of recF and recO mutations are not identical with
respect to sensitivity to DNA damaging agents [308, 312, 313].
5. Under most conditions, addition of RecF protein inhibits RecORmediated loading of RecA protein onto SSB-coated ssDNA. In many cases, this
likely reflects the competition between RecF and RecO for complex formation
with RecR. RecF can facilitate RecOR-mediated RecA loading when the
interaction between RecO and the C-terminus of SSB is experimentally limited
[279, 281, 335]. The dsDNA adjacent to a gap facilitates RecFR stimulation of
the RecOR activity. We will re-interpret these results in the model in Figure 6.9 to
suggest that there may be a hand-off of RecR between RecF and RecO under at
least some conditions. The hand-off idea is embedded (cryptically, as the idea is
not discussed) in a series of published order-of-addition experiments in which
RecF greatly facilitates RecOR-mediated RecA loading onto SSB-coated ssDNA
when the SSB C-terminus is missing. The RecF facilitation is optimal when
RecFR is allowed to bind to the DNA prior to the SSBΔC8 and other (RecA,
RecO) proteins [281], where it is potentially pre-positioned to assist RecO.
6. RecR (at least) is retained in the RecA filament after RecOR-mediated
loading of RecA [270].
7. RecFR, binding to duplex DNA, can constrain RecA filament extension
on its 3ʹ-proximal end [310]. At that same end, RecF ameliorates RecA filament
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growth inhibition by the RecX protein [309], further implicating RecF with a RecA
filament end interaction. If RecFR is positioned near a gap end, it will block RecA
filament growth into the adjacent duplex DNA.
8. RecF and RecO rarely co-localize in the cell [312]. RecF frequently colocalizes with replication forks and with SSB foci ([313]; this work). RecO colocalizes with replisomes rarely. RecF interacts with replisomal protein DnaN (ßclamp) and possibly DnaG (this work).
9. RecF over-expression is highly toxic [314, 315]. Over-expression of
RecO or RecFK37R is not toxic. This is another, and major, distinction between
RecF and RecO.
10. RecF over-expression results in replisome de-stabilization as seen
here with multiple assays and observations. Lower levels of RecFR trigger gap
formation in an in vitro single-molecule replication assay. Recombination events
associated with post-replication gaps decrease when recF is missing, suggesting
that gap formation declines when RecF function is not available.
11. Increasing RecF concentration during in vitro replication increases the
frequency of gap formation but also shortens the resulting gaps. It may thus be
involved to some extent in both the initiation of gap formation and the re-initiation
of replication. We note that O’Donnell and colleagues have also observed
replisome destabilization by RecFR and other recombination proteins [337].
12. RecF can affect replisome progress on both the leading and lagging
strands (this work).
In the model of Figure 10, RecF first interacts with an active replisome
through DnaN. When that fork encounters a lesion that triggers lesion skipping,
the replisome-associated RecF is left behind at the gap near the 3ʹ terminus
where replication was interrupted. If the replisome undergoes some
conformational change that leads to disengagement and lesion-skipping, one that
does not occur during normal lagging strand DNA synthesis, this could provide a
molecular signal for specific RecF positioning at the end of what then becomes a
lesion-containing post-replication gap. Gaps generated during lagging strand
DNA synthesis or mismatch repair would not be affected.
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Interaction with RecR and RecF dimerization strengthens the binding.
RecA filaments, once nucleated, grow primarily in the 5ʹ to 3ʹ direction. If the
RecFR is near the 3ʹ gap terminus in the discontinuous strand, the polarity of the
single strand in the gap is such that RecFR is positioned to block RecA filament
extension beyond the ssDNA in the gap. Ostensibly, this would position RecFR
away from RecA nucleation sites within the gap. However, via looping of the
intervening DNA, RecF could presumably transfer RecR to a RecO monomer
interacting with SSB within the gap.
RecF is not required to facilitate RecOR-mediated RecA loading in vitro.
But for the scheme of Figure 6.10 to work, RecF must somehow constrain RecOR
function to post-replication gaps. The best way to control RecO action is to control
its access to RecR and SSB. The cellular concentrations of the RecF, RecO and
RecR proteins are normally quite low. In addition, there are many cellular proteins
that bind to the SSB C-terminus [338, 339]. Unlike the situation in vitro where
purified proteins are used, the many SSB-binding proteins in vivo could limit
RecO access to ssDNA gaps. A handoff scheme where RecFR marked the gaps
requiring RecFOR intervention and then recruited RecO could be part of a
broader regulatory process controlling RecA filament formation and its capacity
to block replication forks and induce SOS.
The interactions between RecF and the replisome may not result in
significant replisome instability under normal cellular conditions where RecF is
present at low levels. However, over-expression of RecF might lead to replisome
impediment. RecF might be directly involved in gap creation, facilitating the
intrinsic capacity of the replisome for lesion skipping [267]. RecF over-expression
could thus trigger more frequent replisome disengagement with the template.
Alternatively, the increased replisome instability noted with RecF-overexpression could be a deleterious byproduct of RecF-replisome interactions that
are normally inconsequential.
RecF might also facilitate replication re-initiation downstream. Due to the
mechanics of Okazaki fragment processing, the lagging strand would provide
little opportunity for the replisome to deposit RecFR near the 5ʹ terminus of a gap
containing a blocking lesion. On the leading strand, RecF might be left behind at
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the other end of the gap where replication re-started, perhaps better positioned
there to hand off RecR to RecO and facilitate RecOR action to load RecA protein
in the gap.
In the scheme of Figure 6.10, there are multiple possible functions for the
still-enigmatic RecF ATPase. The RecF ATPase may somehow facilitate
replisome disengagement and/or replication restart during gap formation.
Dissociation of RecF from the replisome and placement at a gap end could
require a conformation change involving ATP. Another possible role could involve
a RecR hand-off to RecO. The failure to see RecO and RecF co-localization in
vivo could simply reflect the transient nature of these hand-offs.
Although RecF affects replisome stability, this may or may not reflect a role
in facilitating replisome lesion skipping. How could RecF affect replisome stability
if it is not directly involved in gap creation? RecF interactions with proteins at the
replisome have been explored by yeast two hybrid, so we present the first
evidence of RecF/DnaN interactions to illustrate possibilities. To carry out its
normal replication function, the DnaN sliding clamp (encoded by the same operon
as the RecF protein) must interact with multiple protein partners [6]. Frequent
association of single RecF monomers with DnaN, if it occurred, might allow room
for other necessary DnaN interactions. RecF over-expression could lead to
excessive binding to DnaN that would compete with and thus block other
necessary interactions and lead to replisome instability.
It should be evident that RecF over-expression is detrimental to replisome
stability. The effects of RecF over-expression suggest a functional link to the
replication fork that correlates well with the frequent co-localization of RecF with
replisomes under normal conditions where RecF is not over-expressed ([313];
this work). A capacity to destabilize replisomes also provides an explanation for
the toxicity of RecF over-expression, a major phenotype that is not shared with
RecO. It may even help rationalize the evolutionary positioning of the recF gene
in an operon otherwise dedicated to replication. A possible role for RecF in the
formation of post-replication gaps and/or a replisome-mediated deposition of
RecF near post-replication gaps, along with its implications for regulating the
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activity of the RecFOR system, provides both a new way to think about the
RecFOR epistasis group and a path for future investigation.

6.4 Methods
6.4.1 Strains and plasmids
All the strains and plasmids used in this study are listed in the tables below.
Strain were constructed using λRED recombination [340] or P1 transduction as
indicated. All constructions were confirmed by PCR and sequenced as required.
For the EAW1130 (PBAD-recF) and EAW1148 (PBAD-recFK36R) E. coli K-12
MG1655 derivative strains, the araBAD promoter was inserted in the front of the
start codon (ATG) of recF or recFK36R to replace the native promoter. Briefly, a
sequence containing a transcription terminator at the end dnaN followed by the
araBAD promoter in the front of the of recF or recFK36R genes was cloned into a
plasmid and then amplified by PCR. For all constructs, PCR fragments were gel
purified and integrated onto the chromosome using λRED recombination. For recFmKate2 mutants the promoter region of gyrB was duplicated to maintain the gyrB
promoter region. This maintained normal gyrB expression (Fig. 6.2B).

Table 6.1 | Strains used in this study.
Strain

Relevant Genotype

Parent strain Source/technique

MG1655

recF-wt ssb-wt (wild type - wt)

-

(87)

EAW629

∆recF::Kan

MG1655

(54)

EAW779

recF-mKate2::Kan

MG1655

(54)

CJH0015

recF-mKate2::FRT

MG1655

(54)

dnaX-

YPet::Kan
EAW1276

∆recF::FRT dnaX-YPet::Kan

EAW629

This study - P1 JJC5945

EAW1169

ssb-mTur2::Kan

MG1655

(69)

CJH0080

∆recF::FRT ssb-mTur2::Kan

EAW629

This study - P1 EAW1169

EAW1130

PBAD-recF::Kan

MG1655

This study - λRED

EAW1148

PBAD-recFK36R::Kan

MG1655

This study - λRED

EAW114

∆recO::Kan

MG1655

(54)

EAW1190

recFK36R::Kan

MG1655

This study - λRED

ZJR04

∆uup::FRT ∆radD::Kan

MG1655

(8)
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EAW1063

∆uup::FRT

∆radD::FRT

ZJR04

(8)

∆radD::FRT

ZJR04

(8)

∆radD::FRT

ZJR04

This study - P1 EAW1190

∆recF::Kan
EAW1064

∆uup::FRT
∆recO::Kan

CJH0115

∆uup::FRT
recFK36R::Kan

EAW408

∆lacIZYA

MG1655

(8)

EAW1400

∆lacIZYA PBAD-recF::Kan

EAW408

This study - P1 EAW1130

EAW1401

∆lacIZYA PBAD-recFK36R::Kan

EAW408

This study - P1 EAW1148

DH5α

cloning strain

-

(88)

CFy7

Saccharomyces cerevisiae -

(89)

Yeast strain

Table 6.2 | Plasmids used in this study.
Plasmid name

Description

Source/technique

pBAD

pBAD NcoI/NdeI, Amp (pBAD/mycHisA

Cox Lab collection

Invitrogen derivatives)
pRecF

(pEAW1187) pBAD-recF, Amp

(54)

pRecFK36R

(pEAW1188) pBAD-recFK36R, Amp

This study

pRecF-mKate2

(pEAW1128) pBAD-recF-mKate2, Amp

This study

pRecFK36R-mKate2

(pEAW1202) pBAD-recFK36R-mKate2, Amp

This study

pBR322

Amp Tet

(72)

pSTL78

101 bp with 7.1 kb, Amp Tet

(70)

pSTL74

101 bp with 1.4 kb, Amp Tet

(70)

pMB302

101 bp cruciform from a110 bp palindrome,

(71)

Amp Tet
pRC7

pRC7-lacIQ-lacZYA, Amp

(75)

pEAW1232

pBR322-lacIZYA, Amp-Tet

This study

pPrecN-gfp

(pEAW903) PrecN-gfp, Amp

(54)

pJOE-recR

pJOE-recR, Rhamnose inducible, Amp

This study

pGAD-C3

pGAD-C3, LEU2, Amp

(89)

pEAW1241

pGAD-RecF

This study

pEAW1243

pGAD-RecFK36R

This study

pEAW1247

pGAD-RecR

This study

pEAW1258

pGAD-RecO

This study

pEAW1157

pGAD-RecA

This study

pGAD-YejH

pGAD-RadD

(90)

pEAW1158

pGAD-RecG

This study
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pSW032

pGAD-DnaC

(91)

pEAW1115

pGAD-DnaE

This study

pEAW1101

pGAD-DnaN

This study

pEAW1249

pGAD-DnaG

This study

pEAW1251

pGAD-TopB

This study

pEAW1100

pGAD-RecQ

This study

pGBD-C3

pGBD-C3, TRP1, AmpR

(89)

pEAW1242

pGBD-RecF

This study

pEAW1244

pGBD-RecFK36R

This study

pEAW1248

pGBD-RecR

This study

pEAW1259

pGBD-RecO

This study

pEAW1155

pGBD-RecA

This study

pGBD-YejH

pGBD-RadD

(90)

pEAW1156

pGBD-RecG

This study

pSW033

pGBD-DnaC

(91)

pEAW1116

pGBD-DnaE

This study

pEAW1104

pGBD-DnaN

This study

pEAW1250

pGBD-DnaG

This study

pEAW1252

pGBD-TopB

This study

pEAW1105

pGBD-RecQ

This study

6.4.2 Cloning
The lacIZYA region of the pRC7 vector was amplified by PCR using the
following primers,
BsmI/lacIq up2: 5ʹ- CGGATAGAATGCGCAATTCGGGACACCATCGAATGG
TGCAAAAC
and BsmI/lacZ rev2: 5ʹ-CGGATAGAATGCGTGTTTTTTAAATAGTACATAATG
GATTTCCTTA.
The PCR product was DpnI digested for 1 h, gel purified, and digested with BsmI
in order to be ligated into a pBR322 plasmid linearized by BsmI and
dephosphorylated. The ligation product was transformed into DH5α competent
cells (lac–). After one hour of growth, the transformed cells were spread on plates
supplemented with ampicillin, 80 µg/mL 5-bromo-4-chloro-3-indolyl-beta-Dgalactopyranoside (Xgal) and 0.5 mM isopropyl β-D-1-thiogalactopyranoside
(IPTG). The resulting vector is pEAW1232.
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The E. coli recR gene was cloned into a dual-tag purification system. This
system allows the purification of a protein of interest in two steps. The first step
of purification is a maltose binding protein affinity purification. This is followed by
the cleavage by the SUMO protease Ulp1 between the MalE-6His-Smt3 and
RecR and then a second His purification is used to separate the cleaved MalE6His and SUMO protease from RecR. Briefly, the recR gene was amplified and
cloned into the pJOE4905.1 vector using the SfoI/HindIII restriction enzymes.
recR amplification was amplified with the following primers: recR’start 5ʹATGCAGACCAGCCCGCTG

and

recRdsHindIII

5ʹ-

GGATATCAAGCTTTTAAAAACGAATC TTATGACGCCC
The open reading frame (start to stop codons) of the following genes: recF,
recFK36R, recR, recO, recG, dnaC, dnaE, dnaN, dnaG, topB and recQ were
amplified and subcloned in frame into pGAD-C3 and pGBD-C3 to generated Nterminal fusion with GAL4 either the activation domain (AD) or binding domain
(BD). The resulting plasmid were attributed a pEAW number (see plasmid list)
and identified as pGAD- protein of interest or pGBD- protein of interest.
6.4.3 Proteins and DNA preparation
The E. coli RecF and RecFK36R were purified as previously described [288]. The
E. coli RecR was purified using a dual-tag purification system allowing the
purification of a protein of interest by a first step of maltose binding protein affinity
purification, followed by the cleavage by the SUMO protease Ulp1 between the
MalE-6His-Smt3 and the protein [341].This left the cleaved RecR protein without
any tag. Briefly, the MalE-6His-Smt3 and RecR was expressed from 4L of
STL2669 culture transformed by pJOE-recR allowing the expression of the fusion
protein under the control of a Rhamnose promoter. At OD600: 0.4 the expression
was induced by adding 0.2% Rhamnose. Cells were grown overnight at 37 °C
and then harvested by centrifugation. The cell pellet of 19.73g was flash frozen
with the liquid nitrogen. Cell pellet was resuspended in 20% (w/V) of tris-sucrose
solution. After resuspension, cells were lysed by sonication. The cell extract was
clarified by centrifugation and the supernatant was dialyzed against R buffer
containing 100 mM NaCl and 10% glycerol. The dialysed supernatant was loaded
onto a gravity column of amylose resin pre-equilibrated with loading solution, after
a wash of 5 column volumes, the protein was eluted by the buffer used for loading
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and washing steps supplemented with 20 mM maltose. Fractions containing the
fusion protein were pooled. The Ulp1 purified protein was added to the pooled
fraction at the ratio 1:100 and the fusion protein was digested overnight at 4°C.
The digestion product was dialyzed against R buffer containing 100 mM NaCl
and 10% glycerol. Finally, RecR was separated from the cleaved MalE-6HisSmt3 and un-cleaved product by His purification. Cleaved RecR was eluted in the
flow through. The E.coli SSB protein was purified as described earlier [342]. The
E. coli replication enzymes: the replicative DNA polymerase Pol III, the clamp
loader, the β-clamp, DnaB and the RNA primase DnaG, were generous gifts from
Dr S Jergic, Dr S Chang and Dr N Dixon. All protein preparations were tested and
found free of endo- or exonuclease activities. Protein concentrations were
determined by absorbance at 280 nm using extinction coefficient of the
monomeric form of each protein (if not specified otherwise), ε RecF= 3.87 104 M-1
cm-1, εRecR= 5.6 103 M-1 cm-1, εSSB= 2 8.104 M-1 cm-1, εDnaG= 3.33 104 M-1 cm-1,
εDnaB= 3.08 104 M-1 cm-1, DnaN dimer ε(β-clamp)= 1.6 104 M-1 cm-1, εPolIII(αεθ) = 1.3
105 M-1 cm-1 and εClampLoader(τ3δδʹΧΨ) = 3.0 105 M-1 cm-1.
6.4.4 Media and culture condition
Chemicals and media were purchased from Fisher, Sigma, Biolabs,
AlphaAesar or Teknova. Cells were grown in rich media Luria Bertani (LB), or in
EZ supplemented with 0.2% glycerol. The L-arabinose (Ara) was purchased from
Fisher (Acros Organics), 20% stock was made by resuspending the Ara in
ultrapure water and filter sterilized. When required, antibiotics were added at the
following concentrations: ampicillin 100 µg/mL, kanamycin 50 µg/mL and
tetracycline 15 µg/mL.
6.4.5 Over-expression assay
For protein over-expression from plasmids, cell cultures were inoculated
with 1:100 ratio of an overnight (ON) culture grown in the same condition, i.e. in
LB (or EZ glycerol) supplemented with ampicillin. Cells were grown at 37 °C to
mid-log phase OD600: 0.2-0.4, then 0.2% of Ara was added to induce the overexpression. For the microscopy experiments, all the experiment were carried out
in EZ 0.2% glycerol. When the chromosomal constructions were used for overexpression, culture were inoculated with a 1:1000 ratio from ON culture, then
cells were grown for 16 h at 37 °C with various concentrations of Ara (0 to 10%).
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In order to use high concentrations of Ara, a 2x LB was prepared and mixed with
the adequate volume of 20% Ara and completed with ultrapure sterilized water to
reach the final volume.
Survival was assayed after Ara addition at the indicated time by spotting
assay. Briefly, cells were serial diluted in phosphate buffer saline (PBS 1x, pH
7.4) by a factor ten down and 10 µL of the indicated dilutions were spotted on LB
plates (supplemented with ampicillin for cells carrying pBAD or pBR322 derivative
vectors). Plates were incubated overnight at 37 °C, then images were taken using
a LAS (GE Healthcare) or iBright (ThermoFisher) imagers.
6.4.6 Protein detection by Coomassie staining or immunoblot
Cell were harvested at the indicated time. Cell pellets were directly
resuspended in adequate volume of cracking buffer (CB) composed of 10%
glycerol, 125 mM TrisCl pH 6.8, 2% SDS, 5% 2-betamercaptoethanol and 0.5
mg/mL Bromophenol blue. The volume of CB added was adjusted to the OD 600
(the volume use was calculated to be equivalent to 100 µL of CB for a pellet of 1
mL of cells at OD600:1). Whole cell extract samples were boiled at 95 °C 10 min
and loaded on 12% SDS PAGE. After electrophoresis, gels were either directly
stained with Coomassie blue, or submitted to liquid electrophoresis to transfer
proteins to a nitrocellulose membrane for immunoblot. Membranes were
saturated 30 min at room temperature in 5% milk, 1xPBS supplemented by
Tween 0.05% volume (PBS-T). A fresh milk solution was used to incubate
membranes with the first antibody diluted at 1:3000 (Rabbit anti-RFP from
Invitrogen), 1:5000 (Rabbit anti-RecF, Cox Lab), 1:200 (Rabbit anti GyrB from
Creative Diagnostic). Incubation with first antibody was carried out for 1 h 30 min
at room temperature or alternatively overnight at 4 C. Membranes were washed
in PBS-T 4 times for 3 min, then incubated 1h in PBS-T with the second anti-body
diluted 1:5000 (Goat anti Rabbit HRP coupled). After incubation, membranes
were washed four times 3 min in 1xPBS in order to be revealed using the ECL kit
(SuperSignal West Pico Plus, Thermofisher) into an iBright imager. Western Blot
from independent membranes as cells extract needed to be more concentrated
in order to properly detect GyrB were used. Representative biological replicates
are presented.
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6.4.7 Growth curve and SOS induction
Strains were transformed with plasmids pQBI63 (for empty vector control)
or pEAW903 (PrecN-sfgfp). Cell cultures were started with an inoculum 1:1000
of a saturated culture into 100 µL of LB amp containing the indicated arabinose
concentration and the mix was transferred into a costar black microplate with 96
wells. The microplate was loaded into a Synergy microplate reader (Biotek) set
at 37 °C with shaking. The OD600 and the sfGFP fluorescence signal was
measured every 10 min for 16 h. Finally, the fluorescence signal was calculated
for each condition at each time point as followed:
(GFP cells pEAW903)/A600 cells pEAW903 - (sfGFP cells pQBI63)/A600 cells
pQBI63.
In the case of the growth restart assay, we only followed the OD600. Strains
were cultivated as previously described with increased concentration of
arabinose for the first 16h, then a dilution 1 to 1000 was used to inoculate a fresh
culture in LB amp only. Only the OD600 is reported in this case.
Values indicated on graph are the mean and standard error of biological
triplicates.
6.4.8 Imaging of Live and Dead cells
We used LIVE/DEAD BacLight (Molecular Probe) to assay the viability of
cells. After 16h of culture in the presence of the indicated concentration of
arabinose, cells were spun down, washed and resuspended in 0.85% NaCl in
order to be incubated with the adequate solution allowing the differential staining
of live and dead cells as described by the manufacturer (Molecular Probe).
Following the incubation, imaging of cells was carried out with inverted
microscope Nikon N-STORM (100x Objective in epifluorescence mode) equipped
with an ORCA FLASH 4.0 camera (512 × 512 pixel, Hamamatsu). For each
experiment, 2.5 µL of cells were disposed on a cover-slide 24x50 mm, No 1.5
(Azer scientific) under agar pad 1.5% agarose. For each condition a biological
triplicate was imaged. Cells were imaged in the brightfield (100 ms, 4.5V), with a
DsRed filter (640 nm, 100 ms, 4.5V) to imaged dead cells and with a GFP filter
for live cells (488 nm, 50 ms, 4.5V). Cells were analysed with FIJI equipped with
MicrobeJ. Only individual cells in focus were selected. The number of cells for
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each experiment was greater than 400 cells. The percentage of dead cells was
calculated as followed:
Cells dead / (Cells alive + Cells dead) * 100
For easiest differentiation of live and dead cells on the images, the LUTs of
DsRed and GFP channels were respectively changed to yellow and blue before
merging the three channels.
6.4.9 Single-cell fluorescence microscopy imaging
All imaging experiments were made in EZ defined medium (Teknova)
supplemented with 0.2% glycerol and ampicillin (EZ glycerol amp) to minimize
the auto-fluorescence observed with the LB media. Cultures were inoculated from
overnight culture with 1:100 ratio and grown at 37 °C to reach mid-log phase as
described earlier (54).
Single-molecule fluorescence imaging was performed on a custom wide-field
inverted microscope Nikon Ti2-E ( 100x Objective) equipped with a heated
stage insert as previously described [262]. Wide-field fluorescence imaging was
performed on a 512 × 512 pixels EM-CCD camera (C9100–13, Hamamatsu
epifluorescence configuration). Excitation was provided using semi-diode lasers
(Sapphire LP, Coherent) of wavelengths 458 nm (41.0 mW max. output), 514
nm (150.5 mW max. output) and 568 nm (200.8 mW max. output).
To carry out the experiments, cells were loaded into an home-built flow cell
as described previously [312]. Cells were briefly settled (2-5 min) to allow them
to stick to a silanized coverslip (treated with 3-aminopropyl triethoxysilane
APTES), then fresh medium was flowed in at the rate of 50 µL/min using a syringe
pump (Adelab Scientific) to both dislodge loosely associated cells and provide
nutrients. During the experiment time course, freshly oxygenated medium was
continuously flowed into the chamber incubated at 37 °C. Cell positions were
randomly determined in the bright field during the cell settling time. Time zero of
the experiment corresponds to the first image capture. Directly after the capture
of the first frame, the flow was briefly stopped, and the EZ glycerol amp medium
was substituted for the EZ glycerol amp supplemented with 0.2% arabinose. For
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all imaging, a first image of the cells was recorded in the brightfield (34ms
exposure).
Rapid acquisitions (movies of 300 × 50 ms frames, continuous excitation
with 568 nm light and collected between 610-680 nm with an ET 645/75m filter,
Chroma) characterized the motions of RecF-mKate2 and RecFK36RmKate2
molecules before arabinose addition.
Two-color time lapse movies were recorded to visualize mKate2 fusion
along with the replisome marker (DnaX-YPet) or the fluorescent fusion of single
strand binding protein (SSB-mTur2) during RecF over-expression. These movies
were used to determine the number of foci and the colocalization pattern of the
two fluorophores used in each of those experiments. RecF-mKate2 was imaged
using yellow excitation light (λ = 568 nm) at high intensity (76.6 W cm−2) and
collected between 610-680 nm (ET 645/ 75m filter, Chroma, at EM gain=150, 100
ms exposure). DnaX-YPet was imaged using green excitation (λ = 514 nm) at
higher laser power (287.1 Wcm−2) and collected between 525-555 nm (ET540,
30m filter, Chroma, at EM gain=150, 200 ms exposure). Lastly, SSB-mTur2 was
imaged using green excitation (λ = 458 nm) at lower laser power (15.64 Wcm −2)
and collected between 468 and 495 nm (ET 485/30m filter, Chromaat EM
gain=200, 100 ms exposure). For all experiments, even when the untagged RecF
was used, images were recorded in the mKate2 channel.
6.4.10 Image Processing
Image analysis was performed in FIJI/ImageJ, using the single-molecule
biophysics plug-in [119], the Grid/Collection stitching plug-in [343], custom
macros, and MATLAB. In FIJI, raw ND2 images were converted to TIF format,
prior to background correct and image flattening as described previously [312].
MicrobeTracker 0.937 (PMID: 21414037) MATLAB plug-in was used to create
cell outlines as regions of interest (ROIs). Manual outlines were used to ensure
that only non-overlapping, in-focus cells were selected for analysis. Cell metrics
such as cell length, area, and volume were also generated utilizing this plug-in.
Cell outline ROIs were then imported into FIJI to aid in the extraction of
additional cell metrics including mean cell intensity, cell lengths, and foci per
cell. Note that cell outlines that are occasionally imported improperly from
162

MicrobeTracker to ImageJ (less than 10 for each experiment) were excluded.
For all time lapse experiments, individual analysis of each replicate was
analyzed separately, then data from the separate analysis was combined. For
rapid acquisition, the analysis of two sets of equivalent number of frames from a
biological triplicate were analyzed separately.
Colocalization analysis of RecF with SSB-Tur2 and DnaX-mKate2 was
determined using a previously described colocalization protocol [344]. Briefly,
focus centroid positions were obtained using Peak Fitter plug-in in FIJI/ImageJ
(discoidal averaging filter of 1-4 if not mentioned or 1-3 for DnaX-YPet), then
corrected for drift between fluorescence channels. Only foci with centroid
positions located within 2 pixels (200 nm) of each other were classified as
colocalized. Colocalization frequencies were then estimated as the ratio of
colocalized foci to the total number of foci present at each time point.
FIJI tools were used to generate ROIs around RecF-mKate2 and SSBmTur2 features under over-expression conditions. A discoidal averaging filter
was first applied to stitched fluorescence channel stacks to reduce signal
associated unbound protein/ cellular auto-fluorescence. A binary mask was then
generated using the Yen Thresholding algorithm with a set threshold matching
that used with Peak fitter. The Analyze Particles tool was then used to generate
ROIs around areas of positive intensity with areas ≥3 pixel2. ROIs were then
applied to the original flattened stitched image stack to extract feature parameters
such as area and mean intensity.
6.4.11 Tet recombination assay
Cells transformed with plasmids carrying 101 bp Tet repeats separated by
various interspace lengths (pSTL74, pSTL78 or pMB302) were grown for 16 h in
LB Amp media supplemented or not by the indicated concentration of arabinose.
Cultures were serially diluted in PBS by factors of ten and the adequate dilutions
were spread on LB plates supplemented with Tet and/or Amp. After 16 h
incubation at 37 °C, colonies were counted to determine the number of Tet events
(Tet/Amp) or the c.f.u (Amp). The percentage of Tet events was determined by
the frequency of events relative to the c.f.u. and expressed in percentage. Each
strain had a minimum of 6 biological replicates. The significance of the difference
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observed was tested by t-test for each sample relative to the wild type for the
same condition.
6.4.12 Plasmid DNA electrophoresis
Cells carrying pBR322 or pSTL78 were grown in LB Amp supplemented
or not with 10% arabinose for 16 h. Three to six mL of cells were harvested and
resuspended in 600 µL of water. Plasmids DNA were extracted using the
PureYield Plasmid Miniprep System from Promega. Purified plasmid DNA of each
sample was resuspended in ultrapure nuclease free water. The DNA
concentration was determined by the absorbance at 260 nm using a Nanodrop.
For each sample, 250 ng of DNA was resuspended in 1x GED Buffer (glycerol,
EDTA and bromophenol blue) and loaded onto a 0.8% TAE agarose gel. After
electrophoresis, and staining with ethidium bromide or SYBR Gold, gels were
imaged using a Typhoon-FLA imager (GE Healthcare).
6.4.13 Electron microscopy
Samples for electron microscopy (EM) were obtained by spreading the reaction
mixtures with the cytochrome technique described previously [330]. The plasmid
DNA samples were first purified by minipreparation extraction followed by a
phenol-chloroform extraction and ethanol precipitation to ensure the high purity
of the sample. Samples were dialyzed against 20 mM NaCl and 4 mM EDTA for
at least 16 h at 25 °C on Millipore type VM filters (0.05 µm). Imaging and
photography were carried out with a TECNAI G2 12 Twin Electron Microscope
(FEI Co.) equipped with a 4k × 4k Gatan Ultrascan CCD camera. Digital images
of the nucleoprotein filaments were taken at ×30,000 Magnification.
6.4.14 Plasmid loss assay
Cells deleted of the lac operon (EAW408, EAW1400 and EAW1401) were
transformed with the pEAW1232 or pRC7 plasmids and spread on LB plates
supplemented with amp, 0.5 mM IPTG, 80 µg/mL X-Gal in order to select cells
carrying the plasmids. Transformed cells were then grown overnight in presence
of the adequate antibiotics before starting the experiment. Cell cultures were
started in LB supplemented or not by 10% arabinose with 1:1000 ratio of the
saturated culture. The number of cells carrying the pRC7 or pEAW1232 plasmids
were determined at time zero and after 16 h of culture in the absence of
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antibiotics. Cells were serially diluted in PBS by factors of ten. The adequate
dilutions were spread on XGal IPTG plates and incubated overnight at 37 °C.
Finally, the blue and white colonies were counted to determine the plasmid loss
for each strain. Photographs of the blue/white colonies plates were kindly taken
by Robin Davies from the MediaLab of the Biochemistry department of UW
Madison.
6.4.15 Single-molecule rolling-circle assay
Flow cells were prepared as described previously [105]. Briefly, replication
reactions were carried out in microfluidic flow cells constructed from a PDMS flow
chamber placed on top of a PEG-biotin-functionalized coverslip. Once,
assembled with inlet and outlet tubing the flow cell was blocked against all nonspecific binding by introducing blocking buffer (50 mM Tris-HCl pH 7.6, 50 mM
KCl, 2% (V/V) Tween-20).
In vitro single-molecule microscopy was carried out on an Eclipse Ti-E
inverted microscope (Nikon, Japan) with a CFI Apo TIRF 100x oil-immersion
TIRF objective (NA 1.49, Nikon, Japan). The temperature was maintained at
33 °C by an electronically heated flow-cell chamber coupled to an objective
heating jacket (Okolab, USA). NIS-elements was used to operate the microscope
and the focus was locked through Perfect Focus System (Nikon, Japan). Images
were captured using an Evolve 512 Delta EMCCD camera (Photometics, USA)
with an effective pixel size of 0.16 µm. DNA molecules stained with SYTOX
Orange were imaged with a CW 568-nm Sapphire LP laser (200mW max. output),
and ET600/50 emission filter (Chroma, USA) at 0.76 W/cm 2.
Reactions were carried out in replication buffer containing 25 mM Tris-HCl, pH
7.6, 10 mM magnesium acetate, 50 mM potassium glutamate, 40 µg/mL BSA,
0.1 mM EDTA, 5 mM dithiothreitol, and 0.0025% (V/V) Tween-20. Conditions for
the pre-assembly replication reactions were adapted from published methods
[250, 345, 346].Solution 1 was prepared as 30 nM DnaB6(DnaC)6, 1.5 nM
biotinylated circular 2 kb dsDNA substrate and 1 mM ATP in replication buffer.
This was incubated at 37 °C for 3 min. Solution 2 contained 50 µM dCTP and
dGTP, 6 nM τ3δδʹχψ, 20 nM Pol III core (αεθ) and 40 nM β2 in replication buffer
(without dATP and dTTP). Solution 2 was added to an equal volume of solution
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1 and incubated for 5 min at 37 °C. This was then loaded onto the flow cell at 100
µl/min for 1 min and then 10 µl/min for 10 min. The flow cell was washed with
replication buffer containing 60 µM dCTP and dGTP. Replication was initiated by
flowing in the replication buffer with addition of 1 mM ATP, 250 µM NTPs, 50 µM
dNTPs, 40 nM β2, 75 nM DnaG, 100 nM SSB4, and 150 nM SYTOX Orange.
Where indicated 20 nM RecR, 10 or 100 nM RecF and 10 nM RecF K36R were
used. All in vitro single-molecule experiments were carried out at least three
times. Image analysis was performed in FIJI, using the Single Molecule
Biophysics plugins (available at https://github.com/SingleMolecule/smb-plugins).
6.4.16 Yeast two hybrid assay
Interaction between RecF and partners was tested by Yeast-two hybrid.
First, yeast CFy7 cells were transformed as described earlier [347] with
adequate plasmids to test the interaction between RecF fused to one domain
(activator AD or binding BD) and the indicated partner fused to the other
encoded to the complementary plasmid pGAD or pGBD. Yeast transformants
were selected on Leu-/Trp- selective drop out medium plates at 30˚C. Then 4 to
5 yeast transformants were grown overnight at 30˚C in liquid selective drop out
medium. The optical density of overnight yeast culture was measured, and 1 mL
of cells was harvested. Yeast cells were broken down by 3 cycles of
freeze/thaw consisting of 3 min in liquid nitrogen and 3 min at 42˚C. Cells
pellets were resuspended in 1 mL of Z buffer ( 60mM Na2HPO4, 40mM
NaH2PO4, 10mM KCl, 1mM MgSO4) and ß-galactosidase assay was carried out
as described [348, 349]. Biological replicates of 4 or 5 experiments were
collected and significant differences relative to the negative control were tested
by Mann-Whitney.
6.4.17 Primer extension assays
Primer extension experiments were performed as described earlier [104],
with the following modifications. Reactions were carried out in 40 mM TrisHCl pH
7.2, 20 mM magnesium chloride buffer in which fresh dithiothreitol was added at
the final concentration of 10 mM. When mentioned, RecF (or RecFK36R) and RecR
proteins were respectively added last at 40 and 80 nM before starting the
reaction. Otherwise, reactions were made up by mixing 1 mM ATP, 500 µM
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dNTPs, 30 nM clamp loader (τ3δδʹχψ), 90nMPol III cores (αεθ), 200 nM β2, and
750 nM SSB4. For the leading lagging replication reactions 75 nM DnaG, 250 µM
NTPs were also added. Reaction mixtures were kept on ice before starting the
reaction. The addition of 6 ng of primed DNA was used to start the replication
reactions, which were then incubated at 30°C. Aliquots of 10 µL were harvested
at 0, 5 and 40 min. The reaction was stopped by the addition of the equal volume
of the SDS, EDTA loading buffer prewarmed at 42°C. Finally, samples were
loaded onto 0.66 % Agarose TAE gel, submitted to electrophoresis and SYBR
Gold stained.
6.4.18 Software
ImageJ/FIJI (Microscopy) and Adobe Photoshop (Plates and gel) were
used to edit the images. If not further mentioned, if required, edits affect the
rotation and the brightness/contrast of the entire initial image only. Brightness
and contrast were uniformly adjusted for all images compared. Cells were
manually outlined, to select single cells in focus with the MicrobeTracker tool in
MATLAB 2013. MicrobeJ was used to automatically outline and classify Live and
Dead cells [350]. Excel, Origin, PRISM and MATLAB software were used to edits
and analyzed the data. Figures were created in Adobe Illustrator.
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6.6 Figures

Figure 6.1 |Over-expression toxicity of untagged and tagged RecF is ATPase dependent
A strain deleted of recF (EAW629) was transformed with plasmids encoding the different versions
of RecF. The parental and EAW629 strains were also transformed with the empty vector and used
as controls. A. Description of the over-expression system. On the left, a representation of the recF
locus. On the right, the representation of the pBAD vectors encoding the different RecF variants,
untagged or mKate2 tagged RecF and RecFK36R. B. The functionality of RecF-mKate2 was
determined by complementation assay supported by the leaky expression of recF permitted in
absence of arabinose. Cell cultures were serially diluted by a factor 10 down to 10-6 and serial
dilutions were spotted in replicate on a LB amp plate. Replicates were then exposed to increased
UV doses as indicated. Values on the top of the plates represent the order of the dilution. C. RecF
over-expression toxicity assay. RecF over-expression was initiated by the addition of 0.2%
arabinose. Cells were serially diluted and spotted on LB amp plates at time 0, 30 and 60 min after
induction.
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Figure 6.2 | Toxicity of RecF over-expression from the chromosomal locus.
Wild type RecF over-expression was realized from a chromosomal construct in which the wild
type promoter at the normal recF locus was substituted by the araBAD promoter. A. Schematic
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description of the chromosomal over-expression strains. The regulation of recF (EAW1130) or
recFK36R (EAW1148) genes is placed under the control of the araBAD promoter as a termination
sequence was added after dnaN, the 3ʹ end of recF encoding gyrB promoter has been duplicated
downstream of the Kan cassette. The parental strain carrying the native promoter was used as
control. B. Expression of RecF and GyrB following 6h incubation with increased concentration of
arabinose was determined by Western-Blot anti-RecF and anti-GyrB. Similar samples were
loaded but the immunoblots are from different membranes. Representative membranes of
biological triplicate were used. C. Determination of the arabinose concentration required to detect
RecF over-expression toxicity. Cells were serially diluted and spotted on LB plates after culturing
cells for 16 h in presence of the indicated concentration of arabinose. The addition of 10%
arabinose caused a dramatic toxicity for those strains over-expressing RecF, whereas no toxicity
was observed for the parental or the inducible RecFK36R. D. SOS response was monitored over
time after RecF over-expression using a PrecN-sfgfp reporter. The fluorescence signal was
plotted relative to absorbance at 600 nm under over-expression. Signal started to be recorded 2
h after the inoculation at the 1:1000 ratio in presence of absence of arabinose. RecF overexpression led to a significant increase in the SOS response. Values represented are the mean
± SD of biological triplicates.
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Figure 6.3 | RecF-mKate2 over-expression increases replisome dissociation.
The effect of RecF-mKate2 over-expression on replisome stability was determined by two-color
single cell imaging. Strains used are deleted the recF gene, expressed a fluorescently tagged
version of the clamp loader (DnaX-YPet), and carried a vector encoding the mKate2 tagged
versions of RecF. Cells were loaded into home-built flow chamber incubated at 37 °C and imaged
as described in the method section. A. Colocalization imaging between mKate2 (RecF or
RecFK36R) and the replisome (DnaX-YPet). Images were obtained in the single channels 568 nm
(mKate2) and 514 nm (DnaX-YPet), then merged. Imaging of single cells before and 30 min after
arabinose addition. B. Evolution of the mKate2 fluorescence signal per cell over the 30 min of
over-expression. The values represented are the mean ± SEM, at time 0, 10, 20 and 30 min after
induction, with n> 500 cells for each strain. C. Number of replisome and mKate2 (RecF) foci
detected during the 30 min following the over-expression. D. Colocalization percentage during
the 30 min of over-expression of one fluorophore foci relative to the other and vice versa. The
values represented are the mean value ± SEM.

171

Figure 6.4 | Over-expression of untagged (wild type) RecF also increases replisome
dissociation
The integrity of the replisome upon RecF over-expression was determined over a period of 60
min using single-color single cell imaging. Cells expressing the tagged clamp loader (DnaX-YPet),
deleted of the chromosomal recF, and carrying the pBAD vector encoding untagged versions of
RecF were imaged, n> 700 cells. A. Single cell time-lapse image of the E. coli replisome upon
RecF over-expression. A discoidal filter has been applied on the image with FIJI. B. Analysis of
the YPet fluorophore in the cell. The upper panel represents the mean YPet fluorescence per cell
over the 60 min of over-expression, the mean fluorescence was similar for both strains. The lower
panel represents the number of replisome foci over time. The number of replisome foci decreased
over time with a stronger effect for RecF over-expression. The values represented are the mean
± SEM.
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Figure 6.5 | RecF-mKate2 over-expression increases the size and intensity of SSB-mtur2
features.
Imaging of the single-stranded DNA regions in the cell carrying a labelled SSB-mTur2 were
realized upon RecF-mKate2 over-expression. Cells deleted of wild type recF, expressing a
chromosomal SSB-mTur2, and carrying the pBAD vector encoding the mKate2 versions of RecF
were imaged. A. Colocalization imaging of the ssDNA regions upon RecF-mKate2 overexpression. Images were taken in the 568 (mKate2) and 458 (mTur2) channels and then merged.
B. SSB foci are represented in blue and the mKate2 foci are represented in pink, strain expressing
RecF-mKate2 is represented by circles on a continuous line and the strain expressing RecF K36RmKate2 is represented by squares and a dashed line. The values represented are the mean ±
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SEM. Representations over time of the number of foci per cell (upper panel). Colocalization
analysis of SSB-mTur2 and mKate2 (bottom panel). SSB-mTur2 was more often found
colocalized with RecF-mKate2 than RecFK36R-mKate2. The colocalization increases after 30 min
with a greater effect for RecF-mKate2. C and D Analysis of the SSB particles (particle=
continuous region of individual or overlapping SSB foci). The area C, and the intensity D, of more
than 700 particles were determined at time 0, 30 and 60 min and are represented as a scatter
plot.

Figure 6.6 | RecF over-expression stimulates Tet recombination events through its
ATPase activity and recF deletion decreases their occurence.
The effect of RecF ATPase over-expression on Tet repeat recombination events (Tet R) was
examined using a plasmid-based assay. Strains carrying the indicated plasmid were grown 16 h
in the presence of the indicated concentration of arabinose (or 10% if not specified) and plated
on Amp and Tet/Amp plates to determine the recombination frequency. The percentage of Tet R
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recombination events relative to the total c.f.u. of at least 6 biological replicates is represented as
a dot plot, for each strain. The mean and the median are respectively represented by a square or
a line, respectively. A. Tet deletions events was tested upon increased concentration of
arabinose. Wild type (Pwt-recF), EAW1130 (PBAD-recF) and EAW1148 (PBAD-recFK36R) strains
were transformed with the pSTL78 (upper panel), pSTL74 (medium panel) or pMB302 (lower
panel). B. The requirement for RecF ATPase for the Tet repeats recombination events was tested
for deletion and point mutation strains using a plasmid-based assay. The wt, EAW629 (recF),
EAW1190 (recFK36R), EAW114 (recO), ZJR04 (radD

uup), EAW1063 (radD uup recF),

CJH0115 (radD uup recFK36R), and EAW1064 (radD uup recO), strains were transformed
with the pSTL78 (upper panel) or pMB302 (lower panel). Significant difference compare to the
parental strain (wt) was tested by Mann-Whitney and are indicated in black (* for p=0.05, ** for
p=0.005 or *** for p=0.0005), an additional Kruskal-Wallis test was used to compare the effect of
increased concentration of arabinose for each strains and significance is indicated in grey.
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Figure 6.7 | RecF over-expression increases damage and ssDNA formation on plasmid
DNA.
The effect of RecF ATPase over-expression on plasmid integrity was determined by quantitative
electrophoresis and electron microscopy. Cells were grown for 16 h in presence or absence of
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10% arabinose. A. Plasmids isolated from cells as mentioned. Purified plasmid DNA (250 ng)
was loaded onto two identical 1% agarose gels. After electrophoresis DNA was EtBr or SYBR
Gold stained. The upper panel represent the gel images of representative experiments and lower
panel represent the average of the raw intensity signal detected for the major band for a biological
triplicate +/- SD. The p values of significant differences between staining methods are indicated
in grey and differences relative to the wt strain in the same conditions are indicated respectively
in orange and pink for EtBr and SYBR Gold. B. Electron microscopy images of pBR322 purified
DNA using the cytochrome C spreading method. The cytochrome C spreading allowed the
differentiation between the ssDNA (thinner – black arrow) and the dsDNA (wider – white arrow).
RecF over-expression led to an apparent increase in observed ssDNA, concomitant to an almost
complete loss of the circular dsDNA in the plasmid preps.
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Figure 6.8 | RecF weakly interacts with ß-clamp and DnaG
The interaction between RecF and partners was tested in vivo by yeast-two hybrid. Combination
of yeast transformed with RecF fused to either domain activator (AD) upper panel or binding
domains (BD) lower panel and the control C3 or the indicated protein, involved either in DNA
repair (RecF, RecFK36R, RecR, RecO, RecA, RadD, RecG, TopB, RecQ) or DNA replication
(DnaC, DnaE, DnaN, DnaG), fused to the other domain were used. The strength of the
interactions was tested by beta-galactosidase activity. A serie of 4 or 5 biological replicates were
carried out for each combination.
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Figure 6.9 | Gap formation during in vitro replication at physiological concentrations of
RecF ATPase protein.
The capacity of physiological concentrations of RecF ATPase protein to create DNA gaps during
replication was tested in vitro. A. Schematic representation of the experimental design. Circular
5ʹ-biotinylated DNA is coupled to the functionalized surface of a microfluidic flow cell through a
streptavidin linkage. Addition of E. coli replication proteins and nucleotides results in the initiation
of DNA synthesis. Newly synthetized DNA products are extended by flow, labelled with DNA stain
and visualized in real time using fluorescence microscopy. B. Example of individual DNA
molecules produced during pre-assembled rolling-circle replication in the absence of RecF, or in
presence of 10 nM RecF or RecFK36R proteins. The gray scale indicates the fluorescence intensity
of stained DNA. C. Kymographs showing the progression of DNA synthesis during rolling-circle
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replication without or with the addition of 10 nM RecF. A gap is identified by discontinuity of
fluorescence intensity in a DNA molecule D. Replication assay performed in bulk on primed m13
circular DNA in the absence of the primase and the ribonucleotides, allowing only the replication
of the leading strand. Samples of the ongoing replication were stopped at the indicated time. As
mentioned, 20 nM of RecF or RecFK36R or 40 nM RecR protein are added. E. Replication assays
performed in bulk on primed M13 circular DNA including primase and the ribonucleotides, allowing
the replication of both leading and lagging strands. Proteins are added at the same concentration
as the batch replication of the leading strand only.
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Figure 6.10 | Model of RecF ATPase function near the replisome
Schematic representation of RecF ATPase activity triggering the localization of RecF near the
replisome. The light green circle represents the stable replisome. In the front of the replication
fork the DnaB helicase (dark blue) unwinds the dsDNA and interacts with DnaG (orange). DnaG
promotes RNA priming on the lagging strand. On the lagging strand, the ssDNA region
intermittently formed during replication is coated by the SSB protein (turquoise). The clamp loader
(dark green) interacts with the two polymerase cores of the leading and lagging strand, the clamp
loader also interacts with a third PolIII core that would be loaded on the next RNA primed site.
Those interactions allow the integrity of the replisome. The β-clamp (yellow) increases the
processivity of PolIII is represented in yellow. Gap formation occurs upon encounter with a lesion.
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RecF (pink), initially associated with the replisome, is deposited at the 3ʹ end of the interrupted
DNA strand. Stability of the bound RecF is increased by binding to RecR (purple). Gaps formed
on the lagging strand have RecFR at one end of the gap. Gaps formed in the leading strand may
have RecFR positioned at one or both ends of the gap. Finally, RecA is loaded onto the SSB
coated DNA by the RecO (marine green) and RecR proteins at a site within the gap, potentially
facilitated by RecR handoff from RecFR.

6.6.1 Supplementary figures

Figure 6.1.1 | RecF expression level from plasmid.
A and B Cells carrying pBAD derivatives vectors were grown in EZ-glycerol amp at 37 °C to mid
log phase (OD600 = 0.2-0.5). A. RecF expression levels 1h hour after arabinose addition was
evaluated by SDS-PAGE Coomassie stained. B. The expression level of the mKate2 versions of
RecF was assayed at time 0, 30 and 60 min of the over-expression by western-blot anti-RFP
(mKate2).
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Figure 6.2.1 | Chromosomal construct validation and arabinose titration.
RecF expression from the chromosomal construct upon increased concentration of arabinose, its
toxicity, and its effect on GyrB expression were tested. A. RecF expression in the parental and
chromosomal over-expression strains (EAW1130 and EAW1148) was determined by Westernblot with anti-RecF at 3, 6 and 16 h after arabinose addition. B. The mean optical density of strains
incubated for 6h with the increased concentration of arabinose previously used for the RecF and
GyrB immunoblot is reported. C, D and E The RecF concentration in EAW1130 expressed in
molecules per cell was estimated by immunoblot 16h after addition of the indicated concentration
of arabinose. C. Immunoblot anti-RecF, pure diluted cultures were loaded alongside known
concentrations of purified RecF to evaluate RecF concentation. D. Cell survival was evaluated by
both optical density and c.f.u. obtained by spreading 100 µL of the adequate dilution on LB plates
incubated 16h at 37 °C. E. The concentration of the number of RecF molecules per cell was
estimated using either c.f.u. or OD600. For each experiment, a biological triplicate was carried
out, a representative membrane was selected for the immunoblot.
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Figure 6.2.2 | Imaging of the chromosomal construct Live and Dead single cell.
Live and Dead cell probe was used to determine the survival of cells and morphology after 16h
of incubation with 0, 1 or 10% arabinose for the wt and the chromosomal constructs (EAW1130
and EAW1148). For each condition, more than 400 cells were analyzed. A. Merged images of the
brightfield, alive (GFP channel with blue LUT) and dead (DsRed channel with yellow LUT). B.
Stacked histogram representing the proportion of live and dead cells. C. Violin plot of the cell
length.
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Figure 6.2.3 | Growth restart of the chromosomal construct following arabinose addition.
The ability of chromosomal constructs cell to resume growth following 16h of arabinose exposure
was determined by optical density. Transformed strains wt EAW1130 or EAW1148 carrying the
P-recN-gfp plasmid were used in LB amp culture, only the absorbance at 600 nM is reported. A.
The cells were first cultivated in LB amp supplemented with the indicated concentration of
arabinose (0, 1, 5 or 10%) for 16h. B. Fresh cultures carried out in LB amp only were inoculated
with cells of the previous culture (A.) and growth was recorded for 16 more hours.
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Figure 6.2.4 | SOS induction upon RecF over-expression combined or not with UV
exposure.
The effect on SOS induction of RecF over-expression and UV exposure alone or combined was
assayed using chromosomal constructs (wt, EAW1130 and EAW1148) transformed with the PrecN-gfp plasmid. In this case 3 mL of LB amp were first inoculated with a saturated culture 1:100
and gown until OD600 ~0.2. 1 mL of cell wash with 1 mL 1x PBS. 400 µL of washed cells were
transferred to a 24 microwells plate and exposed to 100 J/m2. Unexposed and exposed cells were
then diluted 10 times in fresh LB amp supplemented or not with 10% arabinose. Cells were grown
at 37 °C, the absorbance at 600 nM and the fluorescent signal of the gfp were recorded every 10
min for 16h. The fluorescence divided by the absorbance is reported for each strain. The fold
change observed for cells which experienced arabinose addition combined with UV relative to cell
that only experienced UV is reported for the first 2h for the wt and EAW1130 strains.
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Figure 6.2.5 | Toxicity, growth and SOS induction of chromosomal construct combined
with homologous recombination deletion mutant.
The effect of arabinose addition on the chromosomal constructs (wt, EAW1130 and EAW1148)
combined with single deletion mutants involved in the homologous recombination (∆recA, ∆recB,
∆recO or ∆recR) was tested on A. toxicity, and on B. growth and SOS induction for strains
transformed with the P-recN-gfp plasmid. Arabinose was introduced at 0 time at a level of 10%.
Data obtained prior to 1.5 hours of growth exhibited high degrees of error due to very low cell
densities and was not included.
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Figure 6.3.1 | Control of mKate2 interference signal under over-expression.
Fluorescence channel interference assay during RecF-mKate2 or RecFK36R-mKate2 overexpression, using strains harboring the mKate2 constructions as sole tagged protein. A. Single
cell imaging of EAW629 (∆recF) transformed by pEAW1128 (RecF-mKate2) or pEAW1202
(RecFK36R-mKate2). Cells were loaded in a flow chamber incubated at 37 °C and a continuous
flow of EZ-glycerol amp media supplemented with 0.2% arabinose was applied to allow cells to
grow in the presence of inducer. Images were captured in brightfield, 568 nm (mKate2), 514 nm
(YPet) and 458 nm (mTur2) channels at the indicated time. White arrows indicate mKate2 foci,
yellow arrows indicate the artifactual foci created by the mKate2 signal through the 514 nm
channel. B. Representation of the mean fluorescence per cell (upper panel) and the number of
foci detected (mKate2 or artifactual) in each channel.
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Figure6.3.2 | RecF ATPase activity is involved in foci formation.
The requirement of RecF ATPase activity on the focus behavior was determined before overexpression, by fluorescence microscopy. Cells were loaded on a home-built flow chamber for
imaging. A. Description of the rapid acquisition experimental design. Two-color imaging of cells
carrying a replisome marker along with RecF-mKate2 or RecFK36R-mKate2. A single capture of
the brightfield, followed by a single capture in the YPet channel allowed to determine replisome
(DnaX-Ypet) foci position in the cells. Then a succession of 300 captures in the mKate2 channel
allowed the study the behavior of the mKate2 (RecF) foci. The average Z-projection of the 10 first
images of the 568 nm channel was used to determine the behavior of the mKate2 foci for the first
500 ms. B. Captures of single cells with replisomes labelled (DnaX-YPet) and RecF-mKate2 or
RecFK36R-mKate2. C. Dot plot representing the mean fluorescence signal of the YPet or mKate2
fluorophore for each cell. D. Histogram representing the distribution of the DnaYPet foci number
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per cell relative to the total cell population. The values represent the mean ± SEM for n: 197 cells.
E. Histogram representing the distribution of the number of mKate2 foci per cell relative to the
total cell population observed in the 1st frame. F. Histogram representation of the average number
of mKate2 foci per cell detected on the initial frame still detected on the Z-projection of the first 10
frames.

Figure 6.3.3 | Distribution of the replisome foci per cells in the two-color strains.
A. Distribution of the number replisomes (DnaX-YPet) per cell relative to the total cell count.
Histogram representation of the cell distribution at time 0, 10, 20 and 30 min after arabinose
addition. Distribution of replisome foci of cells expressing RecF-mKate2 or RecFK36R-mKate2 are
respectively represented in dark green and light green dashed bars. B. Distribution of the total
colocalization counts between the YPet-mKate2 in function of the colocalization shell area, cells
expressing RecF-mKate2 or RecFK36R-mKate2 are respectively represented in green and or white
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dashed bars. A shell area value close to zero was obtained for foci in close proximity whereas
higher values was obtained for more distant colocalized foci.

Figure 6.4.1 | Distribution of the number of replisome foci per cells in the single-color
strains.
Distribution of the number of replisomes (DnaX-YPet) per cell expressed as percentage of the
total cell count. Histogram representation of the cell distribution at time 0, 10, 20, 30, 40, 50 and
60 min after arabinose addition. Distribution of the replisome numbers per cell. RecF or RecF K36R
were respectively represented by dark green and light green dashed bars.
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Figure 6.5.1 | Characteristics of RecF-mKate2 and RecFK36R-mKate2 particles.
The particles formed by RecF-mKate2 or RecFK36R-mKate2 during over-expression were
analyzed from the two-color imaging with SSB-mTur2 as indicated in the Method section. A.
Images of RecF-mKate2 or RecFK36R-mKate2 in single cells 60 min after arabinose addition. A
discoidal filter (1-4) has been applied with FIJI. B. Dot plot representation of the area of the
mKate2 particles at time 0, 30 and 60 min for RecF-mKate2 (red) and RecFK36R-mKate2 (orange).
C. Dot plot representation of the mean particle fluorescence signal at time 0, 30 and 60 min for
RecF-mKate2 (red) and RecFK36R-mKate2 (orange). D. Particle circularity analysis observed with
FIJI and plotted as dot plot on which a box of 95% confidence interval is represented at time 0,
30 and 60 min for RecF-mKate2 (red) and RecFK36R-mKate2 (orange). B, C and D For RecFmKate2 the number of particles were respectively n:187, 278 and 1841 for 0, 30 and 60 min, and
n:25, 99 and 993 for RecFK36R-mKate2. The median value is represented with a bar and the mean
by a grey square. Significant differences were analyzed by t-test, significant difference relative to
time 0 of the same strain and is represented under the parenthesis and significant difference
between strain for the same time is represented on the top of the parenthesis (***: p≦ 0.005).

192

Figure 6.7.1 | Toxicity, DNA damage and plasmid loss caused by RecF over-expression
on pBR322 derivatives and pRC7 replicons.
Cells were grown for 16 h in LB amp with or without addition of 10% arabinose. A. Cells carrying
the pBR322 plasmid were serially diluted and spotted on LB amp plates to assay survival after
over-expression. B. Electrophoresis of 250 ng of pSTL78 plasmid DNA purified from strains grown
in the presence (aerobiosis) or absence of oxygen (anaerobiosis). C. The effect of the replisome
dissociation on a small replicon was determined in vivo using a pBR322 plasmid loss assay.
Strains deleted of lacIZYA were transformed by the pEAW1232 (pBR322 carrying the lacIZYA).
The ability of cells to maintain the plasmid was determined at time 0 and after 16 h of culture
without Amp or Tet in presence of 10% arabinose. Adequate dilutions of the cultures were spread
on Xgal-IPTG plates. Cells able to retain the plasmid formed blue colonies. The histogram
represents the percentage of white and blue colonies for a biological triplicate at the indicated
time. The significance relative to the wt strain in the same condition was determined by t-test (***:
p≦ 0.005). D. pRC7 plasmid loss assay under RecF over-expression. The ΔlacIZYA strains
encoding the wild type chromosomal recF gene or the chromosomal over-expression constructs
were transformed with the pRC7 vector. The ability of each strain to maintain the plasmid was
determined by blue/white screen at time 0 and 16 h after the concomitant addition of arabinose
and the omission of the amp.

193

Figure 6.7.2 | Quantification of pBR322 ss and dsDNA molecules from the cytochrome C
electron microscopy imaging.
The indicated number of pBR322 molecules were counted from the wt, EAW1130 or EAW1148
grown 16h in no or 10% arabinose prior DNA purification. The molecules were classified as
circular or linear dsDNA, ds and ssDNA mixed or ssDNA. The repartition of molecules in those 6
categories are represented as a pie chart.

Figure 6.7.3 | Plasmid loss assay with pBR322 derivatives under RecF over-expression.
The ability of strains to maintain a pBR322 derivatives plasmid was assayed by blue/white screen.
Strains ΔlacIZYA encoding either the wild type chromosomal recF gene or the constructs
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ParaBAD (recF or recFK36R) were transformed with the pEAW1232 plasmid. Cells were grown in
LB in absence of antibiotic for 16 h in presence or in absence of 10% arabinose. For time 0 and
16 h without arabinose, 50 µL of the dilution 10-6 was spread, and for time 16 h + arabinose, 100
µL of the 10-5 or 10-3 were spread on IPTG-Xgal plates. Plates were incubated in the dark
overnight before imaging.

Figure 6.9.1 | Analysis of gaps formed during pre-assembled rolling-circle assays at the
single-molecule level.
Analysis of the gaps created during pre-assembled rolling-circle replication assays upon addition
of RecR (20 nM), RecF (10 or 100 nM) or RecFK36R (10 nM) proteins. When RecR and RecF were
combined, 10 nM RecF was used. A. Histogram representing the average frequency of gap per
µm of synthetized DNA ±s.e.m for each condition tested. The number of molecules analyzed is
n=260 (Buffer), n=212 (RecR), n= 212 (RecF), n= 157 (RecF and RecR), n=229 (RecF K36R) and
n= 300 (RecFK36R and RecR). B. Dot plot representing the size of each gap observed for the
indicated condition. Number of gaps n is respectively: n=135 (Buffer), n=230 (RecR), n= 373
(RecF), n= 318 (RecF and RecR), n=231 (RecF K36R), n= 410 (RecFK36R and RecR) and n=255.
Significant differences compare to the buffer condition were evaluated by Mann-Whitney test, ****:
p< 0.0001.
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Chapter 7 | Tunability of DNA Polymerase Stability
during Eukaryotic DNA Replication
Jacob S. Lewis, Lisanne M. Spenkelink, Grant D. Schauer, Olga Yurieva, Stefan
H. Mueller, Varsha Natarajan, Gurleen Kaur, Claire Maher, Callum Kay, Michael
E. O’Donnell, Antoine M. van Oijen
Structural and biochemical studies have revealed the basic principles of
how the replisome duplicates genomic DNA, but little is known about its
dynamics during DNA replication. We reconstitute the 34 proteins needed
to form the S. cerevisiae replisome and show how changing local
concentrations of the key DNA polymerases tunes the ability of the complex
to efficiently recycle these proteins or to dynamically exchange them.
Particularly, we demonstrate redundancy of the Pol α-primase DNA
polymerase activity in replication and show that Pol α-primase and the
lagging-strand Pol δ can be re-used within the replisome to support the
synthesis of large numbers of Okazaki fragments. This unexpected
malleability of the replisome might allow it to deal with barriers and
resource challenges during replication of large genomes.
Published in Molecular Cell, 2nd January 2020

I labelled and purified AF647-RPA for single-molecule assays used in
experiments shown in Fig 7.1 and 7.5.

The contents of this Chapter are published in collaboration with Prof Antoine van Oijen’s
laboratory at the University of Wollongong, Australia and Prof. Michael O’Donnell’s laboratory at
the Rockefeller University, New York, USA and are presented here with modifications.
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7.1 Introduction
To robustly synthesize genomic DNA, the eukaryotic replisome requires a
large number of interacting protein factors with different enzymatic activities. Key
components include the 11-subunit CMG helicase and three different multisubunit B-family DNA polymerases: the leading-strand Pol ε, lagging-strand Pol
δ, and Pol α-primase [351, 352]. CMG unwinds DNA by translocating along one
of the strands in a 3′ to 5′ direction while forming a complex with Pol ε [353, 354]
to support highly processive synthesis of DNA on the leading strand. On the
lagging strand, Pol α-primase generates ~25-nt RNA-DNA primers that Pol δ
extends to generate ~150-bp Okazaki fragments [352]. The commonly accepted
model of replication depicts Pol ε stably anchored to CMG but shows Pol δ not
physically tethered to the replisome and subsequently replaced for the synthesis
of each Okazaki fragment [352]. Biochemical and structural studies have
provided valuable insights into basic enzymatic activities and overall architecture
of the eukaryotic replisome. However, the dynamic behavior of the various
replisomal components is largely unexplored due to the challenges associated
with averaging over ensembles of molecules that is needed to gain structural and
functional insight.
We demonstrate here the reconstitution of the S. cerevisiae replisome by
purified protein factors and the visualization of processive DNA replication at the
single-molecule level. We show that all three replicative polymerases can remain
stably associated with the replisome for the synthesis of tens of kilobases (kb)
and that the DNA synthesis activity of Pol α-primase is dispensable under these
conditions. Pol α-primase and Pol δ are retained at the fork while synthesizing
large numbers of successive Okazaki fragments. This unexpected observation of
recycling of the lagging-strand polymerases without dissociation from the
replisome directly challenges textbook models and implies physical connectivity
between Pol δ and the replisome and the formation of loops in the lagging-strand
DNA. We demonstrate that this retention of Pol δ is facilitated through the Pol32
subunit of Pol δ [355, 356]. Interestingly, when challenged with competing
polymerases, all three polymerases are able to exchange from solution into a
moving replisome in a concentration-dependent manner. This exchange is in
contrast to the CMG helicase, which remains stably associated even when
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challenged with excess helicases in solution. We propose the balance between
replisome stability and plasticity enables the complex to provide access to other
binding partners during S phase while not compromising the stability and
robustness of the replisome.

7.2 Results
7.2.1 Single-molecule DNA replication
We visualized individual budding yeast replisomes using a real-time,
single-molecule fluorescence assay that allows us to monitor simultaneously
DNA synthesis and protein dynamics. We assembled linear, double-stranded
DNA (dsDNA) molecules (18.3 kb in length) in a microfluidic flow cell placed onto
a fluorescence microscope. The DNA is stretched and attached to the surface at
both ends. A pre-made synthetic replication fork at one end of the DNA enables
direct loading of the replisomal proteins onto the DNA (Figure 7.1A, left). DNA
synthesis is initiated by loading CMG and the Mcm10 initiation factor (CMGM)
onto the template followed by the introduction of Ctf4, Mcm10, Mrc1-Tof1-Csm3
(MTC), PCNA, RFC, RPA, DNA polymerases α, δ, ε, Mg2+, the four dNTPs, and
four rNTPs (Figure 7.1A, right) [204]. Real-time synthesis trajectories were
obtained from near-TIRF fluorescence imaging of SYTOX orange (S.O.) stained
dsDNA in the absence of buffer flow. As DNA synthesis proceeds, the leading
strand appears as a diffraction-limited spot that moves unidirectionally along the
template DNA. Initially weak in intensity, the spot increases in intensity as more
dsDNA is generated at the leading strand and accumulates into a collapsed
globular coil with dimensions smaller than the diffraction-limited resolution of the
imaging system (Figure 7.1B). The intensity per base pair of this coiled leadingstrand product is similar to the intensity per base pair as measured over the
stretched template. To establish that the observed events correspond to
simultaneous leading- and lagging-strand synthesis, we divided the DNA
template into three regions: the leading-strand spot (“lead”), the length of DNA
behind it (“lag”), and the length ahead of it (“parental”) (Figure 7.1B, right). For
every time point, the DNA content is calculated from the integrated fluorescence
intensity in each region [5]. During replication, the DNA content of the parental
region decreased, while DNA content of the leading- and lagging-strand regions
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increased simultaneously (Figures 7.1B, right). Importantly, in the absence of
either Mg2+, nucleotides, CMG, or DNA polymerases, replication events were
not observed.
To quantify the instantaneous rates of replication, we tracked the position
of the leading-strand spot [357]. The measured population-averaged rate of 19 ±
6 bp/s (mean ± SEM; n = 96 molecules) is consistent with previously reported
ensemble in vitro and in vivo measurements [222, 358-362]. Rates of DNA
synthesis varied within individual replisomes (Figures 7.1C), with the singlemolecule rate distribution having two distinct peaks at 8 ± 2 bp/s and 33 ± 2 bp/s
(mean ± SEM; n = 96 molecules, 315 segments). This bimodal rate distribution
was reported in our previous single-molecule studies of leading-strand synthesis
and is attributed to dynamic interaction of the MTC complex with the replisome
[346]. Observation of the same rate distribution here implies MTC acts in a similar
fashion during combined leading- and lagging-strand DNA synthesis.

7.2.2 Pre-assembled replisome replicate DNA as a highly stable entity
To measure the stability of synthesizing replisomes on DNA, we carried
out single-molecule, pre-assembly replication assays. In these assays, the
replisome is first pre-assembled on surface-tethered DNA in the flow cell (Figure
7.1D, left). Next, the flow cell is washed and replication is initiated by introduction
of a replication solution that omits all three polymerases. This protocol ensures
only the initially assembled polymerases remain, eliminating the possibility of
other polymerases associating with the replisome (Figure 7.1D, right). We
hypothesized that the requirement for a new Pol δ for each Okazaki fragment
would prevent processive synthesis. Surprisingly, these conditions support
processive DNA replication, with synthesis rates and product lengths similar to
those measured with excess polymerases in solution (Figures 7.1E). To confirm
that the lagging strand does not contain single-stranded DNA (ssDNA) gaps, we
repeated the reaction in the presence of fluorescently labeled RPA. The labeled
RPA signal colocalizes with the leading-strand spot, and we do not see RPA
binding on the lagging strand in the wake of the replication fork (Figure 7.1F). In
contrast, when we omit proteins needed for lagging-strand synthesis, we see
accumulation of RPA on the single-stranded lagging strand (Figure 7.1G).
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Together, these observations suggest Pol δ can remain stably associated to the
replisome, challenging the current view that a new Pol δ holoenzyme is recruited
to extend each Okazaki fragment [as reviewed in 352]. These results also reveal
that the Pol α-primase is stably associated to the replication machinery and
primes multiple Okazaki fragments.
7.2.3 Direct visualization confirms presence of single polymerases in a
processive replisome
To further explore the observation that Pol δ remains tethered to the
replisome, we repeated our single-molecule, pre-assembly assay in the presence
of fluorescently labeled polymerases (Figure 7.2A). Labeling did not affect the
average rates of DNA synthesis. The kymographs in Figure 7.2A show bright
fluorescent spots for each of the labeled polymerases during DNA synthesis. The
DNA polymerases colocalize with the leading-strand spot, consistent with the
polymerases being stably incorporated into reconstituted replisomes. To
determine the stoichiometry of Pol ε, we divided the intensity at the fork by the
intensity of a single polymerase. We observe the continuous presence of one Pol
ε, one Pol δ, and two Pol α-primases at actively synthesizing replication forks
(Figure 7.2B). To further confirm this analysis, we repeated the experiment under
conditions that allow for photobleaching of fluorophores covalently bound to Pol
ε. We calculated the number of photobleaching steps of Pol ε at the fork using an
unbiased fitting algorithm based on change-point theory [119, 363]. Consistent
with our previous analysis, we find one Pol ε at the fork. DNA synthesis on the
lagging strand is supported by both Pol δ and the DNA polymerase activity of the
multifunctional Pol α-primases. To investigate the influence of DNA synthesis
activity by Pol α-primase on the lagging strand, we repeated the pre-assembly
assay with a mutant of Pol α-primase that is able to produce RNA primers but is
unable to extend these into DNA. Remarkably, the DNA polymerase activity of
Pol α-primase is not required during processive leading- and lagging-strand
synthesis (Figures 7.2C). Taken together, these observations are consistent with
a model in which Pol δ supports lagging-strand synthesis [222, 358] and Pol αprimase is only required for its primase activity.
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7.2.4 Direct visualization of concentration –dependent exchange of Pol ε
Our observations and previous studies [346, 353, 364] suggest that Pol ε
is a stable component of the replisome. However, recent single-molecule
experiments have demonstrated that stable components of multi-protein
complexes can undergo dynamic exchange when challenged with competing
binding partners [365-368]. In particular, complexes held together by multiple
weak interactions support high stability in the absence of competing factors but
rapid exchange in the presence thereof [369]. We hypothesized that the multiple
contact points between Pol ε and the replisome may similarly allow it to exchange
dynamically in the presence of free polymerases in solution [370]. To visualize
such polymerase dynamics, we repeated the assay but now with labeled
polymerases in solution. The presence of excess polymerases in solution did not
result in changes to replication kinetics. In the presence of polymerases in
solution, we detect on average one Pol ε at the replication fork (Figure 7.3A).
Next, to identify whether exchange occurs, we carried out single-molecule FRAP
(fluorescence recovery after photobleaching) experiments [7, 112, 202]. Using
labeled Pol ε, we photobleached all labeled polymerases at the replication fork
using a pulse of high laser intensity after initiation of replication (Figure 7.3B, left).
After bleaching, we monitored fluorescence recovery to see if new unbleached
Pol ε from solution could exchange into the replisome (Figure 7.3B, right). Figure
7.3C shows a kymograph of the fluorescence recovery of Pol ε in the presence
of 20 nM Pol ε in solution. We obtained an average exchange rate of ~1 per 10
min for these conditions (i.e., (12.5 ± 0.1) × 10−4 s−1). This rate is equivalent to
exchange of one Pol ε over a length of ~15 kb. Decreasing the labeled Pol ε
concentration from 20 to 2 nM, the mean exchange rate decreased (Figure 7.3D).
These results demonstrate that Pol ε undergoes concentration-dependent
exchange at the replication fork.
As an internal control, we set out to characterize the exchange kinetics of the
CMG helicase (Figure 7.4A). A number of mechanisms are in place during the
cell cycle to achieve the precise loading of exactly one CMG per replication fork
[352, 364, 371]. Combined with structural data that point to a role of CMG as the
central organizer of the replisome, we hypothesized that CMG would remain
stably bound during elongation. Using fluorescently labeled CMG, we observe a
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single CMG remaining stably bound during DNA synthesis on timescales longer
than 30 min, even when challenged with excess CMG in solution (Figures 7.4B
and 7.4C).
7.2.5 Direct Visualization of Pol α-primase dynamics and stoichiometry
To test whether Pol α-primase displays exchange behavior similar to Pol
ε, we repeated the FRAP experiments using labeled Pol α-primases. Figure 7.5A
shows a kymograph of the fluorescence recovery of Pol α-primase in the
presence of 20 nM Pol α-primase in solution. We obtained an average exchange
rate of ~1 per 10 min (i.e., (1.7 ± 0.1) × 10−3 s−1) for these conditions. As with
Pol ε, decreasing the labeled Pol α-primase concentration from 20 to 2 nM
decreased the mean exchange rate (Figure 7.5B). Interestingly, at low
polymerase concentrations, only one Pol α-primase molecule was observed at
the fork (Figure 7.5C). This shows that the binding affinities for the two Pol αprimase molecules are different, suggesting a unique hierarchy of functional
interactions that keep each Pol α-primase attached to the replisome. To
understand how the Pol α-primase exchange rate compares to the Okazakifragment cycling time, we quantified the average length of Okazaki fragments
under our experimental conditions. We used fluorescently labeled RPA to assess
the amount of ssDNA as a measure of the Okazaki fragment size (Figure 7.5E,
left). As shown before (Figure 7.1F), RPA was always colocalized at the
replication fork. In agreement with biochemical studies [204], we observe that the
number of RPA molecules is dependent on the concentration of Pol α-primase
(Figure 7.5E, right). Given that the footprint of RPA is 30 ± 2 nt (Figure 7.5D) and
at 20 nM Pol α-primase we see 3.7 ± 0.5 (mean ± SEM; n = 64) RPA molecules
at the fork, we determine that the average Okazaki fragment length in our singlemolecule assays is 111 ± 16 bp (mean ± SEM), consistent with in vivo studies
(Bell and Labib, 2016). To further confirm that lagging-strand synthesis is
unaffected by the omission of Pol α-primase polymerase activity, we also
quantified the number of RPAs at preassembled replisomes containing Pol αCat.
Under these conditions, we see 9 ± 1 RPAs at the fork. This number is as
observed for conditions containing wild-type Pol α-primase (Figure 7.5E, right).
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7.2.6 Direct visualization of Pol δ dynamics
We next visualized labeled Pol δ in the presence of excess polymerases
in solution. Interestingly, in 86% ± 5% (mean ± SEM; n = 55) of events DNA
synthesis begins only after binding of Pol δ, consistent with a model where
assembly of Pol δ into the replisome stimulates processive simultaneous leadingand lagging-strand synthesis. We repeated the FRAP experiments with labeled
Pol δ (Figures 7.6A). We observe that the exchange rate of Pol δ is also
dependent on the concentration of Pol δ in solution (Figure 7.6C). Surprisingly,
even at the highest concentration of Pol δ that still allows visualization of single
molecules (20 nM), the Pol δ exchange rate is such that it would correspond to
the synthesis of many Okazaki fragments. At an average replication rate of 19 ±
6 bp/s, our observation suggests that Pol δ is retained within the replisome for
synthesis of 142 ± 78 Okazaki fragments and therefore must have stabilizing
contacts with other protein factors within the replisome.
We then set out to identify the mechanism through which Pol δ is retained
in replisomes. The Pol32 subunit of Pol δ is documented to interact with other
protein factors in the replisome, such as the Pol1 subunit of Pol α-primase [355,
356]. Thus, we predicted that elimination of contact between Pol 32 of Pol δ and
the replisome would result in a change in exchange rate of Pol δ into the
replisome. If the Pol32 subunit provides an important interaction between Pol δ
and the replisome, the exchange of Pol δ32− (Pol δ lacking the Pol32 subunit)
should be measurably faster than the exchange of the complete Pol δ
holoenzyme. To test this hypothesis, we fluorescently labeled Pol δ32− and
repeated the FRAP measurements (Figures 7.6B). Indeed, the exchange rate of
Pol δ32 is 2.5-fold faster than the exchange of the Pol δ holoenzyme ((27.0 ± 0.5)
× 10−4 s−1 compared to (12 ± 5) × 10−4 s−1) (Figure 7.6C). These data show
that Pol32 plays an important role in stabilizing Pol δ in the replisome.

7.3 Discussion
We report here the reconstitution and visualization at the single-molecule
level of DNA synthesis by budding yeast replisomes. Our real-time fluorescence
assay allows us to directly visualize replication kinetics and quantify protein
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dynamics in individual replisomes—observables that are not accessible via
classical biochemical approaches. The average observed replication rates are
similar to those previously reported in ensemble biochemical reactions [204, 222,
256, 358, 372] and are within the range of replication fork rates inside the cell
[359, 360, 373]. We show that the eukaryotic replisome acts as a stable
processive machine under dilute conditions. In the presence of excess
polymerases, however, the replisome is not fixed in composition but instead is a
highly dynamic complex continually exchanging major components. This model
is founded upon three observations: (1) in the absence of all three replicative
polymerases in solution, the replisome forms a stable complex able to support
processive, concerted leading- and lagging-strand synthesis (Figure 7.2); (2) Pol
δ can be retained at the replication fork for multiple Okazaki fragments, mediated
at least in part through an interaction with Pol32 (Figure 7.6); and (3) the leadingand lagging-strand polymerases exchange during DNA synthesis in a
concentration-dependent manner without affecting rates of replication (Figures
7.3 and 7.6).
In contrast to long-standing views that replisome architecture is static,
single-molecule fluorescence experiments have documented dynamic exchange
of components at physiologically relevant timescales in large multi-protein
complexes across all domains of life [111, 113]. Our work provides the first direct
evidence that all three polymerases (Pol α-primases, Pol ε, and Pol δ) are
similarly exchanged from solution in a concentration-dependent manner during
DNA synthesis. In the absence of polymerases in solution, the original
polymerases are retained, and the replisome forms a highly stable complex
resistant to dilution (Figure 7.7A). In the presence of excess polymerases, they
are exchanged into the replisome at a rate dependent on their concentration
(Figure 7.7B). Concentration-dependent exchange can be rationalized through
an interaction network consisting of multiple weak interactions. Under dilute
conditions, transient disruption of any one of these interactions would be followed
by its rapid reformation to prevent dissociation. If, however, there are exogenous
competitors in close proximity to the complex, one of these can bind at a
transiently vacated binding site and, consequently, be at a sufficiently high local
concentration to compete out the original protein.
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A concentration-dependent exchange mechanism likely plays an
important role in genomic integrity [1]. Through such a mechanism, the replisome
has access to a plurality of molecular pathways to achieve and ensure continuous
replisome progression under a variety of cellular stresses. Repriming of leadingstrand synthesis past DNA damage is highly inefficient [374]. As a result, the
replisome need to recruit specialized repair polymerases directly to the fork for
efficient bypass of damage. Concentration-dependent exchange of Pol ε on the
leading strand provides a simple molecular mechanism to grant repair
polymerases access to the replisome during the initial response to DNA damage.
While our biochemical and experimental knowledge of the eukaryotic replisome
is not as detailed as it is for the bacterial and viral systems, our report implies
bacterial and eukaryotic replication machinery utilize the same basic operating
principles; however, they differ in the way in which they assemble and coordinate
these processes [375].
Dynamic exchange of polymerases also provides the replisome with a
straightforward way to pass through cohesion rings that hold together replicated
sister chromatids. Cohesin can move over obstacles ~11 nm in size [190]. Since
the size of the replisome is much larger [354], it is difficult to envisage how it can
pass through cohesin rings. We speculate that CMG (~10 nm) may fit through the
pore and that dynamic exchange of other components allows the replisome to
pass as a minimal complex to be re-joined with its polymerases immediately after.
Our results show that both the exchange rate and the stoichiometry of Pol
α-primase at the fork are dependent on the concentration of Pol α-primase in
solution. At low concentrations, only one Pol α-primase is present at the fork,
likely bound to Ctf4 [376]. At high concentrations, however, we observe two Pol
α-primasess colocalizing with the replisome. Due to the diffraction-limited nature
of our experiments, we cannot directly comment on the exact binding site of both
Pol α-primasess. Furthermore, we also cannot determine if the second Pol αprimase participates in primer synthesis or if it is bound elsewhere near the fork.
The redundancy of the DNA polymerase activity of Pol α-primase suggests it may
perform other functions in the cell other than priming in DNA replication. Taken
together, these results highlight the importance of determining the functional
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significance of these observations and whether a second Pol α-primase allows
efficient bypass across obstacles.
It is generally assumed that Pol δ is not associated with CMG and that a
new Pol δ is recruited for the synthesis of each successive Okazaki fragment. In
contrast, our results show that Pol δ can be retained at the fork for synthesis of
multiple Okazaki fragments. This observation implies that there are one or more
interactions between Pol δ and a stable part of the replisome. We discover that
one important interaction is through the Pol32 domain of Pol δ—without this
domain, Pol δ exchange is ~2.5-fold faster (Figure 7.6). It has been shown that
Pol32 interacts with the Pol1 subunit of Pol α-primases. Pol α-primase has a
specific interaction with CMG [204] and can be tethered to CMG via interactions
with Ctf4 and Mcm10 [377, 378]. We, therefore, propose that Pol δ could be
tethered to CMG, at least in part mediated by an interaction with Pol α-primases.
Retention of Pol δ over the timescales presented here, combined with the RPA
stoichiometry, implies that lagging-strand replication loops can be formed at the
eukaryotic replication fork (Figure 7.7) [379].

7.4 Methods
7.4.1 Protein purification and labelling
Purification of Pol δ32-: Pol δ was purified as previously described [255], the final
step of which involves an elution from a sulphopropyl cation exchange column
(GE Healthcare) with a 100–500 mM NaCl gradient in a buffer containing 350 mM
potassium glutamate and 25 mM HEPES pH 7.5. Whereas, Pol δ (as a complete
holoenzyme) elutes around 350 mM NaCl, Pol δ32- elutes around 250 mM NaCl,
allowing complete separation. Thus, peak fractions at 250 mM NaCl were
aliquoted, flash frozen, and stored at −80°C.
Purification of Pol αCat: Pol αCat contains the DNA polymerase active site
mutations Pol 1–D996S, D998S and was purified as previously described in [204]
with few modifications. Briefly, we inserted a 2× strep tag at the N terminus of Pol
12 for elimination of N-terminally proteolyzed Pol 12. After batch purification from
anti-FLAG agarose (Sigma) the eluent was mixed with 300 μL of StrepTactin resin
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(IBA Lifesciences) equilibrated with PBS buffer supplemented with 10% (v/v)
glycerol and washed. Pol αCat was eluted in PBS buffer supplemented with 10%
(v/v) glycerol and 10 mM desthiobiotin. Fractions were pooled, frozen in liquid N2
and stored in aliquots at −80°C.

Production of SFP synthase reagents for protein labeling: SFP synthase was
purified by nickel-NTA chromatography as previously described [380]. Alexa
Fluor 488 (AF488) was functionalized by Co-enzyme A (CoA) and purified by
HPLC as previously described [380] and an LD650–CoA (a CoA-derivatized
photostable version of Cy5) was purchased from Lumidyne Technologies (USA).
Preparation of LD650–Pol ε and AF488–Pol ε: To obtain Pol ε labeled with a
single LD650 (Lumidyne Technologies) or Alexa Fluor 488 (Invitrogen) dye, we
inserted the “S6” peptide (GDSLSWLLELLN) [381] between the N terminus of Pol
2 and its 3 × FLAG tag. The resultant Pol ε–S6 plasmid was overexpressed and
purified in S. cerevisiae as previously described [255]. For labeling Pol ε–S6, SFP
enzyme, and either LD650–CoA or AF488–CoA were then incubated at a 1:2:5
molar ratio for 1 h at room temperature in the presence of 10 mM MgCl2. Excess
dye and SFP enzyme were removed by purification on a Superose 6 column (GE
Healthcare) with a buffer containing 25 mM Tris-HCl pH 7.5, 150 mM NaCl, 1 mM
dithiothreitol, 5% (v/v) glycerol. Fractions were frozen in liquid N2 and stored in
aliquots at −80°C. The degree of labeling was determined to be ~100% for both
LD650–Pol ε and A488–Pol ε by UV/vis spectrophotometry.

Preparation

of

LD650–CMG:

CMG

labeled

with

LD650

(Lumindyne

Technologies) was produced as previously described in [8].
Preparation of Cy5–Pol δ: Pol δ was prepared in S. cerevisiae as previously
described [255] and subsequently dialyzed into 250 mM NaCl, 5% (v/v) glycerol,
50 mM potassium glutamate, 25 mM HEPES pH 7.5, and 2 mM dithiothreitol.
Following dialysis Pol δ was labeled with a 5-fold molar excess of Cy5–NHS (GE
Healthcare) for 5 min at 4°C. Excess dye was removed by five buffer exchange
steps through a centrifugal filter (50K MWCO; Millipore) following the
manufacturer’s instructions. Labeled Cy5–Pol δ was frozen in liquid N2 and
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stored in aliquots at −80°C. The degree of labeling was measured to be 5
fluorophores per Pol δ holoenzyme by UV/vis spectrophotometry.
Preparation of AF647–Pol δ32-: Alexa Fluor 647 (Invitrogen), was used to label
Pol δ32-. Labeling reactions were carried out using 3-fold molar excess of dye with
58.5 μM Pol δ32- in 320 μL of Pol δ32- labeling buffer (30 mM Tris-HCl pH 7.6, 2
mM dithiothreitol, 300 mM NaCl, 50 mM potassium glutamate, 10% (v/v) glycerol)
for 10 min at 4°C with gentle rotation. Immediately following the coupling reaction,
excess dye was removed by sequential elutions from two 0.5 mL Zeba spin
desalting columns (7K MWCO; Thermofisher) following the manufacturer’s
instructions equilibrated in buffer containing 30 mM Tris-HCl pH 7.6, 2 mM
dithiothreitol, 300 mM NaCl, 50 mM potassium glutamate, 10% (v/v) glycerol.
Labeled AF647–Pol δ32- was frozen in liquid N2 and stored in aliquots at −80°C.
The degree of labeling was measured to be 1 fluorophore per Pol δ32holoenzyme by UV/vis spectrophotometry.
Preparation of AF647–Pol α-primases: Alexa Fluor 647 (Invitrogen), was used to
label Pol α-primases. Labeling reactions were carried out using 5-fold molar
excess of dye with 3.38 μM Pol α-primase in 120 μL of Pol α-primase labeling
buffer (50 mM HEPES pH 7.5, 2 mM dithiothreitol, 200 mM NaCl, 50 mM
potassium glutamate, 10% (v/v) glycerol) overnight at 4°C with gentle rotation.
Immediately following the coupling reaction, excess dye was removed by
sequential elutions from three 0.5 mL Zeba spin desalting columns (7K MWCO;
Thermofisher) following the manufacturer’s instructions equilibrated in buffer
containing 30 mM Tris-HCl pH 7.6, 2 mM dithiothreitol, 300 mM NaCl, 50 mM
potassium glutamate, 10% (v/v) glycerol. Labeled AF647– Pol α-primase was
frozen in liquid N2 and stored in aliquots at −80°C. The degree of labeling was
measured to be 1 fluorophore per Pol α-primase holoenzyme by UV/vis
spectrophotometry.

Preparation of AF647–RPA: Alexa Fluor 647 (Invitrogen) was used to label RPA.
Labeling reactions were carried out using 5-fold molar excess of dye with 45 μM
RPA in 550 μL of RPA labeling buffer (50 mM Tris-HCl pH 7.6, 3 mM dithiothreitol,
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1mM EDTA, 200 mM NaCl, 10% (v/v) glycerol) for 2 h at 23°C with gentle rotation.
Immediately following the coupling, excess dye was removed by gel filtration at 1
mL/min through a column (1.5 × 10 cm) of Sephadex G-25 (GE Healthcare),
equilibrated in gel filtration buffer (50 mM Tris-HCl pH 7.6, 3 mM dithiothreitol,
1mM EDTA, 200 mM NaCl, 20% (v/v) glycerol). Labeled AF647–RPA was frozen
in liquid N2 and stored as single use aliquots at −80°C. The degree of labeling
was measured to be 1 fluorophore per RPA trimer by UV/vis spectrophotometry.
7.4.2 DNA Substrate Preparation
Oligonucleotides and DNA: Oligonucleotides were purchased from Integrated
DNA technologies (USA). Plasmid pSuperCos1 DNA was purified by Aldevron
(USA).
Linear forked doubly-tethered DNA substrates: To make the doubly tethered
linear fork DNA substrate, plasmid pSupercos1 DNA [11] was linearized
overnight at 37°C with 100 U of BstXI in 1 × Buffer 3.1 (New England Biolabs).
The 18,284 bp fragment was purified with a Wizard SV gel and PCR clean up kit
(Promega) and the concentration was measured. The fork junction was
constructed by annealing 15.3 pmol of 160Ld, 91.8 pmol 99Lg, 1530 pmol of fork
primer by heating at 94°C for 5 min before slowly cooling. Similarly, the
biotinylated blocking duplex was generated by annealing 5.3 pmol of blockingLd
and blockingLg by heating at 94°C for 5 min before slowly cooling. 1.5 pmol of
the 18,284 bp linear DNA template was ligated to the pre-annealed fork junction
and biotinylated blocking duplex in 1 × T4 ligase buffer (New England Biolabs)
and 2000 U of T4 ligase (New England Biolabs) overnight at 16°C. The ligated
linear forked DNA substrates were purified from excess DNA oligonucleotides by
adjusting NaCl to 300 mM and loaded by gravity onto a Sepharose 4B (Sigma; 1
× 25 cm) column, equilibrated in gel filtration buffer (10 mM Tris-HCl pH 8.0, 1
mM EDTA, and 300 mM NaCl). Ligated biotinylated linear DNA substrates eluted
as a single peak in the column void volume, fractions under the peak were
analyzed by agarose gel electrophoresis. Fractions were pooled and dialysed
overnight in 2 L of sterilized TE buffer, concentrated 2-fold in a vacuum
concentrator and the concentration measured. Aliquots were stored at −80°C.
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Primed linear DNA substrate: The primed linear substrate used to test the
polymerase activity of Pol αCat was constructed as follows. To create the 243 nt
template, Near 143-mer and Far 100-mer were ligated together by first mixing
with Near Far bridge in a 1:1:3 molar ratio in the presence of 50 mM NaCl and 5
mM Trisodium Citrate pH 7.0. Next, the duplex was annealed by heating to 94°C
for 5 min before slowly cooling. Following this 1 mM ATP and 4,000 Units of T4
Ligase (New England Biolabs) were added and the reaction was incubated for 16
h at 15°C. The ligated product was purified on an 8% polyacrylamide, 8M Urea
denaturing gel using SYBR Safe stain (Invitrogen) to visualize the single-stranded
product. The DNA was recovered by crushing the gel and soaking in buffer TE
pH 8.0 for 16 h at room temperature. Followed by spinning at 15,000 rpm for 5
min, to recover the supernatant. 30-mer Primer was 5′-end labeled with γ−32PATP by T4 PNK (New England Biolabs) according to manufacturer instructions
and purified on an S-200 HR microspin column (GE Healthcare). The
radiolabeled primer was annealed to the 243 nt template in a 2:3 ratio.
7.4.3 Ensemble DNA replication assay
To test the polymerase activity of Pol αCat , 2 nM of the linear DNA substrate
primed with a 5′−32P-primer (see Primed Linear DNA Substrate, Method Details)
was incubated with the indicated polymerase complex in the presence of 25 mM
Tris-OAc pH 7.5, 5% (v/v) glycerol, 100 μg/mL BSA, 5 mM TCEP, 10 mM
Magnesium Acetate, 50 mM Potassium glutamate, and 0.1 mM EDTA.
Replication reaction was initiated with 80 μM each of dTTP, dATP, dCTP, and
dGTP and proceeded for 20 min at 30°C. Reaction volumes were 20 μL.
Reactions were stopped by mixing with an equal volume of 23 stop buffer
containing 80% (w/v) formamide, 8 mM EDTA, and 1% (w/v) SDS and were
subsequently run on a 10% polyacrylamide, 8 M Urea denaturing gel for 1 h and
30 min at 125 V. The gel was exposed to a phosphorimaging screen for 16 h and
visualized with a Typhoon FLA 9500 scanner (GE Healthcare).
To confirm the absence of DNA polymerase activity in Pol αCat, 2 nM of the linear
DNA substrate primed with a 5′−32P-primer (see Primed linear substrate) was
incubated with either Pol α or Pol αCat in the presence of 25 mM Tris-OAc pH
7.5, 5% (v/v) glycerol, 100 μg/mL BSA, 5 mM TCEP, 10 mM Mg-OAc, 50 mM
potassium glutamate, and 0.1 mM EDTA. Replication reactions were initiated by
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the addition of 80 μM each of dTTP, dATP, dCTP, and dGTP and allowed to
proceed for 20 min at 30°C. Reaction volumes were 20 μL. Reactions were
quenched by mixing with an equal volume of 2× stop buffer containing 80% (w/v)
formamide, 8 mM EDTA, and 1% (w/v) SDS and were subsequently run on a
10% polyacrylamide, 8 M Urea denaturing gel for 1.5 h at 125 V. The gel was
exposed to a phosphorimaging screen for 16 h and visualized with a Typhoon
FLA 9500 scanner (GE Healthcare).
7.4.4 Single-molecule DNA replication assays
Flow cell preparation: Flow cells were prepared as described previously [7, 105].
Briefly, a polydimethylsiloxane (Sylgard) lid was placed on top of a PEG-biotinfunctionalized microscope slide (24 × 24 mm, Marienfeld) to create a 1-mm-wide
and 100-μm-high flow channel (volume 1 μL). Polyethylene tubes (PE-60: 0.76mm inlet diameter and 1.22-mm outer diameter, Walker Scientific) were inserted
to allow for a buffer flow. To help prevent nonspecific interactions of proteins and
DNA with the surface, the chamber was blocked with blocking buffer (50 mM TrisHCl pH 7.6, 50 mM KCl, 2% (v/v) Tween-20). The forked DNA substrates (20 pM)
were flowed through the chamber for 20 min at 17 μL/min in the presence of 200
μM Chloroquine (Sigma). The DNA was visualized by flowing in replication buffer
(25 mM Tris-HCl, pH 7.6, 10 mM magnesium acetate, 50 mM potassium
glutamate, 40 μg/mL BSA, 0.1 mM EDTA, 5 mM dithiothreitol, and 0.0025% (v/v)
Tween-20) with 150 nM Sytox Orange (S.O.; Life Technologies).

Replication reaction conditions: Conditions for the pre-assembly replication
reactions were carried out in three steps. First, 30 nM CMG was loaded at 10
μL/min in CMG loading buffer (25 mM Tris-HCl, pH 7.6, 10 mM magnesium
acetate, 250 mM potassium glutamate, 40 μg/mL BSA, 0.1 mM EDTA, 5 mM
dithiothreitol, and 0.0025% (v/v) Tween-20) with 60 nM Mcm10 and 400 μM ATP.
Following this, the replisome was assembled by introducing 20 nM Pol ε, 20 nM
Pol δ, 20 nM Pol α, 20 nM Ctf4, 20 nM PCNA, 20 nM RFC, and 30 nM MTC
(Mrc1-Tof1-Csm3) in replication buffer supplemented with 400 μM ATP, and 60
μM dCTP/dGTP at 10 μL/min for 5 min. Replication was initiated by washing the
flow cell with 100 μL (100 flow cell volumes) at 50 μL/min with a solution
containing 60 nM Mcm10, 20 nM PCNA, 20 nM RFC, 200 nM RPA (20 nM when
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using labeled RPA), and 30 nM MTC in replication buffer supplemented with 5
mM ATP, 125 μM dCTP, dGTP, dATP, and dTTP, and 250 μM CTP, GTP, ATP,
and UTP, and 150 nM S.O.
Conditions for replication under the continuous presence of all proteins were
performed in multiple stages. First, 30 nM CMG (or LD650–CMG) was loaded at
10 μL/min in CMG loading buffer, with 60 nM Mcm10 and 400 μM ATP. When
LD650–CMG was used, the flowcell was subsequently washed under a
continuous flow of CMG loading buffer supplemented with 500 mM NaCl at 10
μL/min for 10 min. Then, replication reactions were initiated by introducing 60 nM
Mcm10, 20 nM Pol ε (unless specified otherwise), 20 nM Pol δ (unless specified
otherwise), 20 nM Pol α (unless specified otherwise), 20 nM Ctf4, 20 nM PCNA,
20 nM or 2nM RFC, 200 nM RPA, and 30 nM MTC in replication buffer
supplemented with 5 mM ATP, 125 μM dCTP, dGTP, dATP, and dTTP, and 250
μM CTP, GTP, ATP, and UTP, and 150 nM S.O. In CMG challenge experiments
10 nM CMG was added to the replication reaction.

Imaging conditions: All single-molecule assays were carried out on an inverted
microscope (Nikon Eclipse Ti-E) fitted with a CFI Apo TIRF 100 × oil-immersion
objective (NA 1.49, Nikon). The temperature was maintained at 31.2°C by an
electrically heated chamber (Okolab). dsDNA was visualized every 10 s for 30
min by exciting the S.O. with a 568-nm laser (Coherent, Sapphire 568–200 CW)
at 80 mW/cm2. The red fluorescently labeled proteins were excited at 80
mW/cm2 (800 W/cm2 during a FRAP pulse) with a 647-nm laser (Coherent, Obis
647–100 CW). The AF488–Pol ε was visualized with a 488-nm laser (Coherent,
Sapphire 488–200 CW) at 140 mW/cm2. The signals were spectrally separated
using appropriate filter sets (Chroma) and fluorescence signals collected on an
Evolve 512 Delta EMCCD (Photometics). Typically, nine fields of view (five for
the FRAP experiments) were selected for imaging. Single-molecule experimental
results were derived from at least three or four technical replicates for each
experimental condition.

Determination of RPA binding footprint—Flow cells were prepared as described
above. Oligonucleotides 57-mer or 99Lg were incubated with AF647–RPA in
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replication buffer for 10 min at 25°C. DNA–RPA complexes were introduced on
the surface of the flow cell and washed with 100 μL of replication buffer. The
AF647–RPA were excited at 80 mW/cm2 with a 647-nm laser (Coherent, Obis
647–100 CW). Imaging was carried out as described in ‘Single-molecule DNA
replication assays’.

Measurement of the stoichiometry of fluorescently labeled proteins at the
replisome—The average intensity of labeled proteins (Pol α-primases, Pol ε, Pol
δ, CMG, or RPA) were quantified by immobilization on the surface of a cleaned
microscope coverslip in replication buffer at 6 pM. Imaging was carried out under
the same conditions used during the single-molecule replication experiments. We
calculated the integrated intensity for every fluorescent protein in a field of view
after applying a local background subtraction [346]. The histograms obtained
were fit with a Gaussian distribution function using MATLAB 2016b, to give a
mean intensity. We calculated the total number of molecules at every time point
during DNA replication by dividing their intensities by the intensity of a single
molecule. Subsequent histograms were fit to Gaussian distribution using
MATLAB 2016b. For Pol ε the stoichiometry was also determined through
photobleaching analysis. LD650–Pol ε was excited at 8 W/cm2 (100 fold higher
than before) to allow for photobleaching during our experiment time.
Photobleaching steps were fit using change-point analysis [119, 363].
Subsequent histogram was fit to Gaussian distribution using MATLAB 2016b.

Analysis of single-molecule replication kinetics and protein dynamics—All
analyses were carried out using ImageJ/FIJI (1.51w) and MATLAB 2016b, and
in-house built plugins. The rate of replication of a single molecule was obtained
by first tracking the position of the leading-strand spot using the Linear-motion
LAP tracker in TrackMate v3.6.0 [357]. Individual rate segments were identified
using kinetic change-point analysis [119, 346, 363]. The rates obtained from this
algorithm were weighted by the DNA segment length, to reflect the number of
nucleotides that were synthesized at this rate. This places more significance on
the longer rate segments, as they have a higher signal-to-noise ratio compared
with shorter segments [346].
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To measure the intensity of the leading-strand spot at the replication fork, we
tracked the position of the leading-strand spot and integrated the intensity for all
colors simultaneously over time. To obtain the characteristic exchange time τ
from the FRAP experiments, the data were fit with a FRAP recovery function
correcting for photobleaching [7, 112, 202] (Equation 1, where a is the amplitude
of photobleaching, tb is the photobleaching time, and I 0 is the number of
polymerases at the fork at steady state).
𝑡

𝑡

𝐼 = 𝑎𝑒 𝑡𝑏 + 𝑙0 (1 − 𝑒 𝜏 )
The maximum exchange rate was obtained by fitting the data with a hyperbolic
equation (Equation 2, where R is the exchange rate, Rmax is the maximum
exchange rate, [Pol] is the polymerase concentration, and Kb is the characteristic
binding constant).

𝑅=

𝑅𝑚𝑎𝑥 [𝑃𝑜𝑙]
𝐾𝑏 + [𝑃𝑜𝑙]
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Figure 7.1 | Single-Molecule Visualization of DNA Synthesis
A. Schematic representation of DNA-replication assay (see Method Details). B. Left: kymograph
showing DNA replication on a single DNA substrate. The leading-strand tail appears as a bright
spot that moves in a unidirectional manner while simultaneously increasing in intensity. Right:
length of the lagging strand (“lag”), leading strand (“lead”), and parental DNA (“parental”) as a
function of time, measured by the integrated intensity of the dsDNA. C. Single-molecule rate
distribution. The bimodal distribution was fit with the sum of two Gaussians (black line) with rates
of 8 ± 2 bp/s and 33 ± 2 bp/s (n = 96 molecules). Errors represent SEM. D. Schematic
representation of the pre-assembly DNA replication assay (see Method Details). E. Left:
kymograph showing activity of a pre-assembled replisome on a single DNA substrate in the
absence of polymerases in solution. Right: length of the lagging strand (yellow), leading strand
(blue), and parental DNA (gray) as a function of time. F. Example kymograph showing the DNA
(gray) and labeled RPA (pink). RPA colocalizes with the leading-strand DNA spot. G. Example
kymograph showing DNA (gray) and labeled RPA (pink) during leading-strand DNA synthesis.
RPA accumulates on the single-stranded lagging-strand product.
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Figure 7.2 | Direct Visualization of Polymerase Stability and Stoichiometry during
Processive DNA Synthesis
A. Example kymographs showing activity of pre-assembled replisomes on single DNA substrates
in the absence of excess polymerases in solution. The DNA(left), labeled Pol ε, Pol δ, and Pol αprimase (middle), the polymerase intensities as a function of time (right). All polymerases
colocalize with the leading-strand spot. B. Distribution of the number of Pol ε (blue), Pol δ (yellow),
and Pol α-primase (turquoise) at the fork. A Gaussian fit (black line) gives 1.0 ± 0.2 (mean ± SEM;
n = 70), 1.0 ± 0.2 (mean ± SEM; n = 70), and 1.8 ± 0.4 (mean ± SEM; n = 42), respectively. C.
Left: kymograph showing DNA replication of pre-assembled replisomes containing Pol αCat.
Right: length of the lagging strand (yellow), leading strand (blue), and parental DNA (gray) as a
function of time.
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Figure 7.3 | Visualization of Pol ε Dynamics
A. Number of Pol ε at the fork as a function of excess polymerases in solution. Errors represent
SEM. B. Schematic representation of the FRAP assay. C. Example kymograph showing
exchange of Pol ε at the fork with DNA (left), labeled Pol ε (middle), and the labeled Pol ε intensity
(right). D. Exchange rate as a function of Pol ε concentration. The line represents a hyperbolic fit,
giving a maximum exchange rate of (1.4 ± 0.5) × 10−3 s−1 (mean ± error of the fit).
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Figure 7.4 | CMG Is a Stable Component of the Replisome during Replication
A. Schematic representation of the assay. B. Example kymograph showing the DNA (left), labeled
CMG (middle), and the CMG intensity as a function of time (right). CMG colocalizes with the
leading-strand DNA spot. C. Average number of CMG molecules at elongating replication forks
over time, giving 1.0 ± 0.7 (mean ± SEM; n = 89).
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Figure 7.5 | Visualization of Pol α-primase Dynamics
A. Example kymograph showing the DNA (left) and labeled Pol α-primase (middle) and
corresponding labeled Pol α-primase intensity at the fork (right). B. Exchange rate as a function
of Pol α-primase concentration. The line represents a hyperbolic fit, giving a maximum exchange
rate of (2.3 ± 0.2) × 10−3 s−1 (mean ± error of the fit). C. Number of Pol α-primase at the fork at
as a function of excess polymerases in solution. Errors represent SEM. D. Histograms of the
number of RPA molecules binding to either a 57-mer (purple, n = 1299) and 99-mer oligo (pink,
n = 939). The average ssDNA-RPA footprint is30 ± 2 nt. Error represents SEM. E. Left: schematic
representation showing the relationship between the number of RPA molecules and Okazakifragment length. Right: scatterplots of the number of RPA for preassembled Pol αCat (9 ± 1; n =
68), preassembled Pol α-primase (9. ± 1; n = 64), 2 nM (7.0 ± 0.9; n = 51), 20 nM (3.7 ± 0.5; n =
64), and 70 nM (1.5 ± 0.3; n = 60) Pol α-primase in solution. The black line and gray box represent
the mean and SEM.

Figure 7.6 | Visualization of Pol δ Dynamics
A. Example kymograph showing the DNA (left) and labeled Pol δ (middle) and corresponding
labeled Pol δ intensity at the fork (right). B. Example kymograph showing the DNA (left) and
labeled Pol δ32−(middle) and corresponding labeled Pol δ32− intensity at the fork (right). C.
Exchange rate as a function of polymerase concentration with Pol δ (yellow) and Pol δ 32−
(magenta). The lines represent hyperbolic fits, giving a maximum exchange rate of (1 ± 3) × 10−3
(mean ± error of the fit) for Pol δ (yellow) and (4 ± 8) × 10−3 (mean ± error of the fit) Pol δ32−
(magenta).
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Figure 7.7 | Compositional Plasticity at the Eukaryotic Replication Fork
A. All three replicative polymerases can form a stable complex in the absence of free polymerases
in solution, indicating that the lagging-strand Pol α-primase and Pol δ can recycle for synthesis of
many Okazaki fragments (Pol ε, blue; Pol α-primases, turquoise; Pol δ, yellow; CMG, green;
PCNA, red; RPA, pink). The Pol δ linkage is unclear, but its Pol 32 subunit is involved. The Ctf4
and MTC components of the replisome are not shown for clarity. B. In the presence of excess
polymerase, all three Pols undergo exchange in a concentration-dependent manner. However,
CMG remains stably bound and does not undergo exchange.

Additional supplementary data and figures published in relevance to this paper are not
included in this chapter and can be found at Mol Cell. 2020 January 02; 77(1): 17–25.e5.
doi:10.1016/j.molcel.2019.10.005.

220

Chapter 8 | Summary and Discussion
Investigating biological questions at the single-molecule level has
expanded our ability to understanding dynamic processes occurring in complex
biological systems, one molecule at a time. This inevitable trend in the application
of molecular biophysics to visualize real-time traces of single molecules within a
reaction has transformed our perception of the processes that occur within a cell.
A multitude of proteins participates across the genome to maintain processes of
replication, transcription, translation, and repair and recombination. The
continuous interplay of these various proteins on the DNA results in unavoidable
conflicts between the different functions occurring to preserve genomic stability.
On top of the several different processes that DNA participates in, it is constantly
exposed to DNA damaging agents. Damage to the DNA is caused by both
external and internal factors (e.g. replication errors, oxidative damage, chemicals
and radiation, and cellular metabolism) which can alter the structure of DNA
affecting the processes that occur on it. The accurate and reliable duplication of
the genetic information encoded in DNA from one generation to another is
essential but could be affected by DNA damage.
The diverse methodological toolkit of single-molecule techniques has been
used to address a broad range of questions. Specifically, this thesis has
highlighted the application of single-molecule fluorescence methods to visualize
and characterize DNA and the proteins that interact with it (chapter one). In
addition, the methodological advances are described in this thesis to utilize linear
DNA substrates to uncover protein dynamics (chapter two).
The overall goal of this thesis was to design a protocol for linear DNA
substrate development which was (1) easily customizable to adjust for different
experimental parameters and (2) which could be utilized to address a diverse
range of biological questions (chapter three). This protocol was employed in an
attempt to answer a specific question: How do polymerase exchange dynamics
affect lesion bypass mechanisms? (chapter four). For the first time, we observe
direct replisome collisions with site-specific cyclobutane pyrimidine dimer (CPD)
lesions on linear substrates at the single-molecule level. Although the results
presented are not conclusive, this assay presents an exciting avenue to further
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unveil details into understanding replication stalling and restart. Furthermore, this
assay can be adapted to introduce a diverse range of roadblocks (chapter five),
to study dynamics of repair proteins at replication forks (chapter six) and observe
the behavior of other replisome complexes (chapter seven).

8.1 Improving protocols to development linear DNA substrates
The need and use of linear DNA substrates for single-molecule studies has been
outlined in chapter two. The key advantage of utilizing linear DNA substrates is
the ability to observe the movement and behavior of DNA-translocating proteins
over long distances. Recent technological advances have enabled the
establishment of high-throughput assays using linear DNA substrates for efficient
characterization of rare and short-lived events. These assays have revealed that
proteins and protein complexes behave much more dynamically than previously
anticipated. In the cellular environment, DNA contains numerous obstacles to
protein function such as nucleosomes, DNA damage, and other DNA-binding
proteins.
Several recent studies have utilized plasmid DNA as a starting point in creating
linear DNA substrates. Nucleosomes are involved in several DNA processes
DNA transcription, replication and repair. The plasmid-based protocol can be
adapted to create chromatinized substrates to study the dynamic equilibrium of
nucleosomes in the context of DNA damage. Single-molecule techniques are
ideal to observe the mechanisms by which nucleosomes can influence, or be
altered by, DNA-binding proteins involved in different DNA transactions.
Challenges remain in developing longer DNA substrates in handling of these
substrates, consistent quality of production and the practical use in singlemolecule assays.
Several highly conserved DNA repair pathways exists in cells that operate to
overcome specific DNA lesions. Nucleotide excision repair resolves lesions
caused from chemical or radiation (e.g. CPDs, 6–4 photoproducts) whereas base
excision repair is for modifications induced by alkylation, oxidation (e.g. 8Oxoguanine), and deamination (e.g. uracil). Mismatched base pairing errors
formed during replication are corrected through DNA mismatch repair. The
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protocol for constructing linear DNA substrates (chapter three) is designed to
test each of these lesions simply through replacing the lesion oligonucleotide.

8.2 Lesion collision dynamics during replication
Using single-molecule techniques and long, linear DNA substrates, we
demonstrate that site-specific cyclobutane pyrimidine dimers in the leadingstrand template are efficient at blocking the E. coli replisome (chapter four). To
highlight the strength of this assay, we characterize the behavior of fluorescentlylabeled DNA polymerases during replisome stalling. Interestingly, we see that the
replisome appears to remain stably associated at the stalling site after colliding
with the lesion while polymerases are dynamically exchanging. Despite strong
suggestions in literature of efficient replication re-initiation, under the conditions
used we do not observe any replication bypass of the lesion.
Further work is required with the goal to understand the mechanistic details of
replisome stalling and dynamics during replication rescue and restart. The results
presented hint to the possibility that protein behavior during lesion bypass may
involve factors previously not considered. Our single-molecule linear-substrate
assay is uniquely set up to explore any unpredicted behaviors that occur during
lesion bypass. Any concerns of limited spatial resolution in this assay could be
resolved by combining smFRET or super-resolution techniques for improvements
in measurements.
Encounters of the replisome with DNA damage can lead to replication stalling or
replication fork collapse. In some cases, the replisome bypasses the lesion,
leading to gaps which can be repaired post-replication. Chapter six explores the
function of the RecF protein at replication forks. The single-molecule DNA
replication assays observe that the addition of low concentrations of RecF protein
triggering gap formation, alluding to interactions of RecF with proteins at in the
replisome. Although RecF affects replisome stability, this may or may not reflect
a role in facilitating replisome lesion skipping. Future investigation using the
linear-substrate assay can provide insight into the role and function of RecF at
the replication fork and the interactions that occur to trigger gap formation.
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DNA replication and the several proteins involved take place in heterogeneous
and crowded environments where other biological processed that concurrently
occur can considerably influence the reactivity and distribution of participating
proteins. An interesting in vitro experimental condition to further probe protein
dynamics on linear templates is the use of macromolecular crowding agents to
mimic the biochemical reactions that occur in a cell.

8.3 Transcription–replication conflicts
Due to the parallel occurrence of transcription and replication, encounters
between the transcription and replication machineries are unavoidable. Conflicts
from these two processes colliding can institute major genome instability. How
the replisome progresses along the DNA template simultaneously occupied by
an RNA polymerase is a long-standing biological question. This presents an
interesting avenue to employ linear DNA substrates to explore transcription–
replication conflicts that appear to be more destabilizing to the genome than DNA
template lesions.
Transcription–replication conflicts occur in two different orientations. Codirectional where the replication fork moves in the same direction as the
transcription machinery, and head-on, where the two converge. In bacteria, headon collisions cause genomic alterations, leading to deletions, recombination, and
cell death. Studies have demonstrated the central role of RNA–DNA hybrid
formation (r-loops) in destabilizing the genome during head-on replication–
transcription collisions. The progression of the replication fork can promote as
well as resolve R-loops.
The linear DNA substrate assay (chapter three) established here in combination
with the dCas9 roadblock (chapter five) is ideal to investigate mechanisms that
underlie the protein dynamics that govern replication fork rescue at sites of r-loop
formation on template DNA undergoing replication. This assay may prove useful
in understanding fine mechanistic details of the proteins involved in resolving
transcription–replication conflicts.
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8.4 Concluding remarks
The rescue of stalled DNA replication forks to allow for the re-initiation of DNA
replication is essential to cell survival. Classical biochemical and single-molecule
techniques have provided insight into the proteins and macromolecular
complexes responsible for fork rescue. While the majority of studies have
employed a reductionist approach in focusing on functions of isolated enzymes,
recent studies have started to explore reconstitution of multiple-protein
complexes of replication and repair pathways on single molecules of DNA.
Studying these pathways in cells reveals pyshologically relevant details in
understanding how these processes interconnect with one another. However a
key challenge in studying replication and repair proteins in vivo is that their activity
can be essential for cell viability. This means deletion or mutation of a protein can
often result in cell death or give rise to phenotypes that are difficult to interpret. In
vitro experiments where purified proteins are observed and measured under
specified conditions or controlled environments bypass this issue and provide a
foundation for further investigation. The combination of both has been powerful
to allow researchers to build on knowledge and discover mechanistic details. As
we gain more knowledge of the dynamics and mechanisms observed at the
single-molecule level, we will see studies exploring a more detailed picture, of the
steps that transpire to rescue stalled forks.
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